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Abstract 

 

Cell migration is a multistep process that is critical for the control and 

maintenance of tissue homeostasis, and its dysregulation can lead to cancer 

development and progression. Understanding the mechanisms underlying 

cancer cell migration is fundamental to developing new diagnostic and 

therapeutic approaches to combat this disease.  

Mechanical and topographical features determine the ability of cancer cells to 

migrate through the extracellular matrix and increase their metastatic potential.  

In this work, a novel nanomechanical sensor was developed with a special 

configuration: a micrometer gap around a suspended cantilever enables to 

operate the sensor at the liquid-air interface while keeping one face dry and the 

other in contact with a liquid solution. 

This design improves the mechanical performance of the sensor in liquid and 

allows to discriminate the metastatic potential of different cancer cell lines, such 

as MDA-MB -231 and MCF -7, by determining the forces exerted by the 

migrating cells on the sensor. 

The same configuration was used to develop a 2D assay based on substrates in 

which micro-gaps were patterned on a silicon nitride membrane. The special 

adaptation at the liquid-air interface allows the creation of 3D features useful 

for studying the effects of topography on cancer cell migration. 
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Introduction 
 

Cell motility and migration are highly integrated, multistep processes crucial 

for creating and maintaining the proper organization of multicellular organisms. 

They are key phenomena of embryonic morphogenesis, tissue regeneration, 

wound healing, and immune response.   

This process plays a key role in cancer development and progression.  

In fact, metastasis, a hallmark of cancer, the second leading cause of death 

worldwide, is the result of uncontrolled cell migration. During metastasis cancer 

cells migrate from the primary tumor to reach target organs where they continue 

to grow, a process known as tumor invasion. For cancer cells to metastasize, 

they must have the unique ability to adapt to different environmental conditions 

by adopting different morphologies and migratory characteristics to promote 

their motility.   

The study of cancer cell migration requires the investigation of various physical 

and topographic features that determine the modes of migration and 

invasiveness of cancer cells through the microenvironment. Indeed, during 

invasion cells must squeeze through extracellular matrix exerting forces and 

experiencing different physical confinements.   

Understanding the mechanisms underlying cell migration is important to define 

new diagnostic markers and therapeutic approaches for cancer.  

Despite recent advances in the field of mechanobiology, many dynamics 

underlying cancer migration and metastasis development remain unclear to 

date, and many questions remain unanswered: What is the role of mechanics in 

migration processes, cancer development and tumor metastasis, and what 

topographical aspects characterize tumor development and progression. In this 

work, the mechanisms of cell migration are analyzed from a physical 

perspective, together with some innovative approaches to study the forces 

exerted by cells during migration and the effects of topographic features on the 

behavior of migrating cells. These tools may be useful both to better understand 
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the dynamics of mechanobiology and to complement computational modeling 

techniques that address the simulation of these dynamics. In addition, the ability 

to distinguish tumor cell types with different invasive capabilities based on 

forces and responses to topographic features could be an important tool for 

developing diagnostic techniques.  

Chapter 1 of this thesis provides an overview of cell migration and how the 

aspects related to the interaction of cells with the surrounding 

microenvironment can determine the migration mode: from the forces that cells 

perceive and exert to move and migrate, to the dimensionality and topography 

of the extracellular matrix, both in physiological and pathological contents, such 

as cancer.  

Chapter 2 highlights features and limitations of current 2D and 3D assays used 

to study different aspects of cell migration, from phenotypical to quantitative 

assays for the investigation of forces exerted by the cells and microstructured 

surfaces to analyze the effects of topography. Chapter 3 provides a detailed 

overview of micro- and nanomechanical sensors and their use as biosensors and 

the challenges for the investigation of biological phenomena.   

Chapter 4 describes the advantages of using nanomechanical sensors as 

platform for investigation of forces exerted by cancer cell during migration. 

This platform has enabled to distinguish the metastatic potential of two different 

cancer cell lines by detecting the forces exerted by moving cell on the sensor. 

Chapter 5 analyzes the use of micro- and nanostructures to study the effects of 

topography on cell behavior and present an innovative platform that uses the 

meniscus created at the liquid-air interface of micro- structured gaps to study 

the behavior of migrating cells as a function of topography and confined space 

perception.  

In the Appendix, the results of a work carried out in collaboration with the 

Karolinska Institute are reported. Wherein this case a novel platform for 

immobilizing proteins was designed and developed for use as a bioassay 

platform.  
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Chapter 1  

Cell migration and cancer: a physical perspective  

 

1.1. Cell migration  

 

In humans, as well as within most living forms, the role played by cell migration 

begins shortly after conception, follows us throughout our adult lives, and may 

even contribute to our death1. Indeed, cell migration regulates morphogenesis 

throughout embryonic development and during gastrulation large group of cells 

migrate together in the form of sheets to create the three-layered embryo. Then, 

cells migrate from the various epithelial layers to their target sites where they 

differentiate into the specialized cells of the various tissues and organs1. 

In the adult, migration contributes to several physiological and pathological 

processes from vascular disease, chronic inflammatory disease, and cancer. 

Therefore, understanding the mechanisms of cell migration promises effective 

therapeutic approaches for the treatment of disease and the production of 

artificial tissue1.  

Cell migration is defined as the actual movement of individual cells, cell sheets, 

and clusters from one location to another. The term “cell motility” is often used 

interchangeably, but may technically imply a less coordinated and purposeful 

movement of cells2,3. Cell migration through the tissue is the result of a 

continuous cycle of interdependent steps. During the first step, the moving cell 

becomes polarized and expands (Fig. 1.1A). Then, the expansion of the leading 

edge of the cell, which adheres to the extracellular matrix (ECM) substrate, 

forms cell protrusions such as lamellipodia, filopodia, pseudopodia, or 

invadopodia. These protrusions are usually driven by actin polymerization and 

stabilized by adhesion to the ECM or to neighboring cells via transmembrane 

receptors associated with the actomyosin cytoskeleton (Fig. 1.1B). Although 

many different receptors are involved in the migration of different cell types, 
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integrins represent the most important family of migration-promoting receptors. 

These receptors act as the "feet" of a migrating cell by assisting adhesion to the 

ECM and by connecting to actin filaments within the cell via adapters. In the 

third step, these adhesions serve as traction for migration as the cell moves 

forward over them (Fig. 1.1C), and they are broken down on the backside of the 

cell, allowing it to detach (Fig. 1.1D). Thus integrins connect the ECM to the 

cytoskeleton and serve also as mechano-sensors modulating the dynamics of 

the cytoskeleton1,4,5.  

 

 

 

Figure 1.1: The first step of cell migration involves the polarization and the formation of protrusion in the direction 

of migration; in the second step, these protrusions adhere to the extracellular matrix via transmembrane receptors. 

In the third step, the cell body shrinks, and the previously formed adhesions serve as traction sites for migration as 

the cell moves forward over them. In the last step, the cell degrades the adhesions at the back of the cell, allowing 

it to detach and then proceed to the next cycle.  
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1.2. The role of forces in cell migration 

 

The role of forces in biological processes has been subject of a great interest in 

the last decades, as mechanics plays an important role in many biological 

processes from physiological to pathological states6.  

Mechanobiology is concerned with how physical forces affect the shape, fate, 

and behavior of cells. Although mechanobiology is widely considered as an 

emerging discipline, its concept was proposed more than a hundred years ago 

by mathematical biologist D'Arcy Wentworth Thompson. In his 1917 book “On 

Growth and Form7”, he imagined that life forms reflected physics and 

mathematical principles8. Since then, mechanobiologists have attempted to 

transform cell and developmental biology into a field of quantitative science 

and technology9.  

Cells perceive mechanical stimuli through localized mechanoreceptors and 

translate the force by modulating their behavior through a process called 

"mechanotransduction."  

Cells are not only passive force receivers, but also dynamically adapt to 

externally applied forces or stiff matrices generating a proportional force.  

Cells adjust their tension force when exposed to a continuous force by initiating 

cellular machinery that modulates a reciprocal actomyosin-cytoskeleton-

dependent tension in a process called "mechanoreciprocity."  

This process in turn stimulates matrix remodeling and stiffening and alters cell-

cell adhesion until cells reach a state of tension homeostasis.  

This reciprocal force response can strongly influence cell behavior by 

promoting cell spreading, growth, survival, and motility7,9. 
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In order to migrate, the cell body must change shape and acquire a spatial 

asymmetry that allows it to convert intracellular generated forces into a net 

displacement of the cell body and increase stiffness to interact with surrounding 

tissue structures4.   

During the first steps of cell migration, a protrusive force is required to extend 

membrane protrusions. Subsequently, areas of the leading edge or the entire cell 

body contract, creating a contractile or traction force that leads to a gradual 

forward sliding of the cell body and its trailing edge structures4,5(Fig. 1.2). 

Moreover, the integrin receptors, which assists cell during the process, connect 

the ECM to the intracellular cytoskeleton and serve both as traction sites over 

which the cell moves and as mechanosensors that can alter the dynamics of the 

cytoskeleton.  

The force transmitted to the adhesion sites from the interaction of myosin II 

with actin filaments that adhere to these sites. Adhesion transmit driving force 

and serve as traction points which the cell moves1. The migration cycle is 

complete when the adhesions dissolve and the backside retracts1. 

 

 

Figure 1.2: Single cells move by exerting traction forces driven by actomyosin contractility on the extracellular 

matrix (ECM) at integrin-based adhesions on both the front and the back. The protrusive activity at the front is 

driven by actin polymerization and retrograde actin flows (Ladoux et al.,2017). 
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Depending on group morphology and tissue context, different types and patterns 

of migration are involved. Cells move as sheets adhering to the extracellular 

matrix during epithelial morphogenesis and wound healing, but cells often can 

migrate as 3D strands or clusters within the tissue network during development 

and cancer invasion. Because of the complicated interplay between mechanical 

and molecular signals involved in this process, the mechanism underlying 3D 

cell migration within a tissue is still largely unknown.  

Over the past decade there have been significant advances in the understanding 

of 2D sheet migration8 thanks to the development of biophysical tools, such as 

traction force microscopy, which has allowed to create a spatiotemporal force 

cartography of the epithelium8.  
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1.3. Cancer cell migration and invasion  

 

Cancer is a disease that results from uncontrolled cell growth. The capability of 

cancer cells to activate invasion and metastasis as dysregulation of the migration 

process is one of the hallmarks of cancer and it is indicative for poor prognosis 

of patients (Fig. 1.3) 10,11.  

 

Figure 1.3: The hallmarks of cancer include six biological skills that are acquired during the development of 

cancer in humans. Among them, the activation of invasion and metastasis is associated with uncontrolled cell 

migration and involves alteration of molecular and biophysical properties that allow cells to remodel the 

microenvironment and invade tissues11 (Hanahan e Weinberg, 2011). 

Migration is often used in biology as a generic term for any directed cell 

movement within the body. Migration and invasion are clearly separate 

concepts in experimental biology. Migration is defined as the directional 

movements of cells on a substrate such as basal membranes, ECM fibers, or 

plastic plates. Invasion is defined as cell movement through a 3D matrix and its 

continuously remodeling. In order to move through the matrix, a cell must 

change its shape and interact with the ECM, which on one hand provides a 

barrier for the moving cell body. Invasion involves adhesion, degradation of 

ECM, and migration. For cells that migrate in 3D without remodeling of 3D 

matrix, as leukocytes, it is used the term 3D migration. The ability to migrate is 

a prerequisite for invasion, but a cell can migrate without invasion10.  
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Metastasis is caused by the invasion of the primary tumor cells and involves 

several processes such as infiltrative growth through the ECM, cell migration 

through blood or lymphatic vessels, and the formation of distant colonies10. 

Several models of tumor invasion and metastasis have been proposed. In 

general, epithelial cell transition from a mesenchymal state to adopt a migratory 

phenotype, a process referred to as epithelial-mesenchymal transition. The 

migratory mechanism adopted by cells after this transition can be divided into 

two broad categories: single cell and collective migration12. Single cell 

migration allows cells to position themselves in tissue or secondary growths or 

to migrate through tissues, as is the case in morphogenesis and cancer13. 

Collective migration is defined as the coordinated movement of a group of cells 

that are physically connected and maintain their intercellular connections and 

collective polarity2.    

Single cells use two main modes of migration, amoeboid and mesenchymal. 

Amoeboid migration is characterized by blebbing, weak adhesions, and rapid 

motility, while mesenchymal migration is characterized by strong stress fibers, 

cellular polarization, and a leading and trailing edge. It is noteworthy that 

certain cell types can switch between different migration modes at different 

times as they move through different microenvironments. The migration mode 

used by a cell is mediated in part by its adhesion to the matrix, which in turn is 

controlled by the chemical and mechanical properties of the ECM. For example, 

cellular actomyosin activity is responsible for generating mechanical signals 

from the ECM to the cell. It leads to the generation of a contractile force within 

the cytoskeleton, which is transmitted to adhesion complexes that connect cells 

to their environment to facilitate movement through the matrix. These adhesion 

complexes are critical for mesenchymal migration12. There is great interest in 

understanding the basic principles underlying the steps of metastatic spread for 

potential therapeutic treatment.  
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1.4. The role of forces in cancer cell migration 

 

In normal tissues, such as epithelium, cells can perceive forces from their 

neighbors and extracellular matrix through specific mechanoreceptor.  

Cells may also be subjected to nonspecific forces that affect the entire tissue, 

such as interstitial pressure, compression, and shear flow, and it works 

continuously to achieve the balance to maintain the homeostasis (Fig. 1.4a). 

Dysregulation of forces at the cellular and tissue levels can trigger mechano-

signals that compromise tissue integrity and function and promote disease 

progression6. Cancer cells exist in a mechanically and chemically 

heterogeneous microenvironment which undergoes dynamic changes 

throughout neoplastic progression14. These cells have the unique ability to adapt 

to different environmental conditions by adopting different morphologies and 

migratory features to promote their motility15. During invasion a tumor cell 

continues to experience mechanical forces, including traction forces associated 

with locomotion and protrusive forces from the cell’s leading edge. The 

metastatic cascade begins with a change in motility within a subpopulation of 

cancer cells in a solid primary tumor, a process known as tumor invasion (Fig. 

1.4b). Single or collective cancer cells migrate through the barrier of the primary 

solid tumor mass (Fig. 1.4c). After they are passively transported by vascular 

flow throughout the body to target sites suitable for metastasis. Shear forces 

have been shown to activate gene programs associated with cytoskeletal 

remodeling and altered cell-cell adhesion. When they reach these target regions, 

the cancer cells have become even more motile after transmigration through 

confluent endothelial monolayers (Fig. 1.4d). In addition, the mechanical 

properties of motile and invasive cells have been shown to be altered. 

Transformed cells also show impaired mechano-reciprocity, so they often exert 

abnormally high forces in response to compliant matrix. These increased cell-

generated forces disrupt the integrity of cell-cell- junction, compromise tissue 

polarity, promote survival independent of anchorage, and enhance invasion. All 
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of these steps in the metastatic pathway appear to involve mechanical 

interactions between cancer cells and their microenvironment16,17.  

 

 

Figure 1.4: a) In normal tissue, cells sense and exert mechanical forces from their neighbors and the extracellular 

matrix, as well as interstitial pressure and shear flow; b) When a tumor cell detaches from the primary tumor, there 

continues to be an exchange of forces, such as traction forces associated with locomotion and protrusion; c) When 

a tumor cell escapes the primary tissue shear forces have been shown to activate gene programs associated with 

cytoskeletal remodeling; d) To metastasize, the cell must mechanically interact with other cells to invade the tissue 

(Kumar and Weaver, 2009).  
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Breast cancer, for example, is characterized by changes in cellular rheology and 

tissue-level forces, tissue stiffening, and progressive loss of stress homeostasis, 

which has been used to identify tumors9.   

The developing breast is subjected to a number of forces that support its normal 

function. During lactation, for example, the normal breast is subjected to 

compressive stress on the luminal epithelial cells and basement membrane due 

to milk accumulation and alveolar expansion. After suckling and stimulation by 

oxytocin, contraction of the myoepithelium puts the epithelial cells under tensile 

stress to push the milk out of the alveoli (Fig. 1.5a). In the absence of this 

stimulus, the milk accumulates in the acinus and eventually exerts an outward 

compressive force on the surrounding epithelium. This compressive force is 

balanced by a compensatory, inwardly directed resistive force. The combination 

of these two forces eventually compromises the integrity of the tight junctions 

between alveolar cells. The transformation of breast cells (Fig. 1.5b) leads to 

uncontrolled proliferation and increased survival of luminal epithelial cells 

within the ductal tree and compromises normal ductal architecture. With 

continued growth and abnormal survival, the abnormal pre-neoplastic luminal 

mammary epithelial cells eventually expand and fill the mammary ducts. The 

expanding luminal epithelial mass exerts outwardly increasing compressive 

forces on the basement membrane and adjacent myoepithelium. These forces 

are opposed by an inwardly directed resisting force.  

The desmoplastic stroma, characterized by dramatic changes in extracellular 

matrix (ECM) topology and stiffens over time. This rigid parenchyma exerts an 

increasingly strong inward resistance force on the expanding pre-neoplastic 

duct. Over time, the number of myoepithelial cells surrounding the 

preneoplastic mass decreases and the basement membrane becomes thinner, and 

the interstitial fluid pressure increases, reflecting a leaky vasculature and 

impaired lymphatic drainage. In response to their genetic alterations and the 

altered material properties of the matrix, the pre-neoplastic luminal epithelial 
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cells exhibit altered stress tension homeostasis and respond to the combination 

of forces and stromal cues by invading the mammary parenchyma9.  

 

 

 

Figure 1.5: Example of how normal tissue, in this case epithelial breast tissue, can turn into cancer due to 

dysregulation of forces within the normal tissue and the ability of breast cells to expand. A) The normal breast 

tissue that transforms into homeostasis during lactation. B) The steps that lead to the transformation and invasion 

of cells into the tissue due to transformed forces (Butcher et al., 2009).  

 

 

 

 

 

 



 

18 

 

1.5. Dimensionality in cell migration  

 

Three classes of dimensionality are involved in cell migration: the 1D aligned 

fibers, the 2D planar substrates classically used in cell culture, and the 3D matrix 

(Fig. 1.6). The shape and migration mode of a cell are determined by three main 

parameters: adhesion to a substrate, actin protrusion, and actomyosin 

contraction. These parameters depend on cellular factors such as gene 

expression and environmental cues, which can be divided into chemical, 

mechanical, such as the forces experienced by the cell derived by the 

mechanical properties and geometric factors (topology and pore size) of the 

ECM18.  

The studies about cell migration on two-dimensional standard flat tissue 

cultures have revealed many important molecular mechanisms. 

 

Figure 1.6: Dimensional regulation of cell migration. Illustration of the numerous unique ECM-dependent 

regulators (center column) associated with 2D, 1D, and 3D migration. These microenvironmental regulators in 

turn influence intracellular regulatory pathways that govern the migratory phenotype (right panel) and determine 

how cell migration proceed (Yamada, 2019). 

 

In a standard 2D migration model, ECM molecules are presented to cells as a 

flat layer of globular molecules with no appreciable fibrillar structure. This flat 
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ECM topography promotes a spread cell morphology, and fibroblasts acquire a 

''hand mirror'' (Fig. 1.7a) with apical/basal polarity in the cell adhesions and 

much of the contractile apparatus associated with the 2D surface19. 

In 2D cell migration cycle used by cells moving across a flat 2D substrate, cells 

undergo cycles of repeated protrusion, adhesion, and contraction that occur as a 

continuum or even simultaneously rather than as discrete and separate steps18. 

The 2D migration is by far the best understood form of cell migration and has 

been extensively studied in cell cultures. Although in normal physiology 

migration along surfaces is the exception rather than the rule, there are cases 

where cells migrate in two dimensions. For example, epithelial cells that close 

skin wounds undergo a form of collective 2D migration, as do cells that migrate 

on bone.  

 The 1D migration models mimic single fibers in aligned native 3D ECMs and 

have highlighted the important role of topography and contact guidance during 

migration. The 1D ECM constrains cell shape by preventing lateral spreading 

of cells and promoting a uniaxial phenotype (Fig. 1.7b)19.   

The 1D migration along aligned extracellular matrix fibers is referred to as 

'contact guidance' and has been documented both in vitro and in vivo. 

In the context of cancer, linear collagen fibrils running perpendicular to invasive 

human breast cancers are a prognostic marker for poor cancer survival20,21. 

Moreover, modeling studies show that tumor and cancer stem cells, as well as 

some leukocytes, preferentially migrate along such linear collagen 

arrangements18. 

Over the past decade, modeling of cell motility in three-dimensional (3D) ECM 

models that mimic more physiological in vivo conditions has revealed 

significant differences between 2D and 3D cell migration. It is now clear that a 

variety of properties of the ECM microenvironment such as topographic cues 

can directly influence these intracellular regulatory mechanisms to control the 

nature and rate of cell migration19,22,23. 
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In 3D ECM (Fig. 1.7c, d, e), the fibrillar topography and pore size reduce lateral 

spreading and do not impose apical/basal polarity on either the adhesions or the 

actin cytoskeleton19.   

Migration through 3D environment is challenging for cells as they must squeeze 

through complex or dense extracellular structures. This requires specific cellular 

adaptations to the mechanical properties of the ECM or its remodeling. In 

addition to navigating through different ECM environments and overcoming 

extracellular barriers, cells often interact with neighboring cells and tissues 

through physical and signaling interactions18.  

 

 

Figure 1.7: a) NIH/3T3 fibroblast demonstrating a classic hand-mirror morphology on a 2D substrate; b) eGFP-

VASP (left) and phase contrast (right) image of a NIH/ 3T3 fibroblast migrating along a 1D micropatterned line; 

c) NIH/3T3 fibroblast within a 3D-CDM showing staining for F-actin (phalloidin, cyan), paxillin (yellow), and 

fibronectin (magenta); d) eGFP-actin expressed in a human foreskin fibroblast illustrating lamellipodia in non-

linear 3D collagen.; e) Lobopodia (LO) and lateral blebs (B) shown by eGFP-actin as a human foreskin fibroblast 

migrates through a linear-elastic 3D-CDM. Scale bars: 10 mm19. 

 

 

As shown in the Figure 1.6, one of the ECM-dependent regulators in the 3D 

environment is the “confinement” that cells experienced. Indeed, the 
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extracellular microenvironment contains confining pores and channel-like 

pathways based mainly on collagen (Fig. 1.8a,b)24. These microtracks, which 

cells follow to migrate, can also occur in vascular tissue, within and around 

blood vessels (Fig. 1.8c). In vivo, cells can also migrate through longitudinal 3D 

pathways with adjacent 2D interfaces, i.e., channels, between connective tissue 

and the basement membrane of muscles, nerves, and epithelium (Fig. 1.8d)25,26. 

In many tissues, cells can also undergo surface curvature such as in alveoli, in 

intestinal villi, or in mammary glands23,27.  

Several in vivo studies performed using intravital microscopy have shown that 

an important mode of migration is the passage through confined spaces such as 

pores or tunnel-like tracks28.  

 

Figure 1.8: Confined cell migration in extratumoral microenvironment a) Alignment and bundling of collagen 

fibers at the tumor periphery provide cues for directed migration; b) Cells may also migrate through unbundled 

extracellular matrices (ECMs); c) Microtracks also occur both intravascularly and perivascularly; d) Cells can 

also migrate between epithelial or endothelial surfaces, such as those found between muscle and nerve fibers. 

(Paul, 2017) 

 

There is increasing evidence that physical confinement alters the mechanism of 

cell migration28. Cancer cells migrate in vivo by gradually degrading the 

surrounding ECM to create their own migration tracks29, by following “leading” 
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cancer cells that open pathways for migration , or by moving through pre-

existing channel-like tracks created by anatomical structures25. In breast cancer, 

for example, local cell invasion has been found to occur predominantly along 

specifically aligned collagen fibers, suggesting that radial alignment of collagen 

fibers relative to the tumor facilitates invasion20.  

Although research is still in its infancy, the effects of topographical 

architectures on cell behavior and migration have been studied using a variety 

of micro-structured surfaces such as microgrooves, micropillars, and 

microfluidic channels30–32.  Such studies have paved the way for a better 

understanding of the mechanisms behind cell migration and the development of 

cancer metastasis.  
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1.5.1. Investigation of the effect of topography on cell migration   

 

Current 2D and 3D migration assay (thoroughly described in the next chapter) 

do not consider the important role of topography and physical confinement as 

main regulators of migration modes. For this reason, there has been a great deal 

of interest in recent decades in technological advances that allow us to precisely 

design substrate surfaces to control interaction. Advances in material sciences 

have enabled the possibility to elicit desired cellular responses on biomaterials 

in order to resemble different structures in 3D microenvironments. Advanced 

methods in material science have enabled the fabrication of nanoscale and 

microscale substrate features that can control adhesion, migration, and 

differentiation of living cells33.   

These models have been used to systematically investigate the effects of in vivo-

like tissue geometry and curvature on cell fate27, and the mechanisms of cell 

motility through confined spaces as they occur in vivo.  

For example, in vitro experiments using protein tracks, micro/nanoengineered 

grooves and ridges and microfluidic channels have convincingly shown that 

migration of adherent cells is controlled by anisotropic topographic features 

of the substrate a phenomenon known as "contact guidance". In such studies,  

nanostructures were developed to aligned collagen fibers to study cancer cell 

migration21, demonstrating that length-scale biological topographical features 

corresponding to those of the native basement membrane features can 

significantly influence epithelial cell behavior31(Fig. 1.9a). Using microfluidic 

channels several studies have shown that MDA-MB-231 cancer cells choose a 

wider channel when seeded in 2D printed lines, but they choose to branch 

regardless of the width when the channel is edged, because cells respond to a 

topographic cue and align based on the contact between their membrane and the 

wall of the confined structure(Fig. 1.9b)32.   

Another example of confined spaces that cells can perceive in vivo are the 

curved surface. Indeed, many epithelial tissues exhibit complex morphology, 
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usually dominated by curved surfaces, as found in alveoli and intestinal villi27 

or blood vessel walls23. The profound effect of surface curvature on cell 

behavior has only recently been recognized23. Park et al. observed that cells 

seeded on polydimethylsiloxane (PDMS) membranes with concave or convex 

spherical structures actively migrate out of concave wells but settle and 

proliferate on convex structures34 (Fig.1.9c).  

In addition, adherent cells may avoid convex regions and position themselves 

in concave valleys during migration, and the nucleus acts as a mechanical sensor 

that directs the migrating cell toward concave curvatures30. 

Interestingly, the rate of cell migration was found to be significantly higher on 

concave spherical surfaces than on convex spherical surfaces23. 

Luciano et al. showed that lamin expression, chromatin condensation, and cell 

proliferation rate were modulated by substrate curvature, suggesting that 

multiple mechanotransduction pathways modulate the perception of curvature 

in cell assemblies35.  

The results are important for understanding cell organization in complex 

geometric environments and may inspire new strategies for geometric design of 

scaffolds for tissue engineering, particularly for controlling directional cell 

migration23. Moreover, such studies have provided important insights into the 

fundamental mechanisms of cell migration that contribute to our understanding 

of morphogenesis and disease development, such as cancer metastasis23.  
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Figure 1.9: a) An examples of nanostructured surfaces that demonstrates as length-scale biological 

topographical features corresponding to those of the native basement membrane features can 

significantly influence epithelial cell behavior(Teixeira,2013) ;b) cancer cells in microfluidic channels 

respond to a topographic cue and align based on the contact between their membrane and the wall of 

the confined structure (Colin, 2016); c )the migration mode and rate of cells seeded on 

polydimethylsiloxane (PDMS) membranes with concave or convex spherical structures  change as a 

function of the topographical features (Park,2009).   
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Chapter 2  

Cell migration assays on 2D and 3D platforms  
 

2. Introduction 

 

For a complete study of cell migration, it is necessary to consider all aspects 

related to the interaction of cells with their microenvironment: from the aspect 

of dimensionality and the influence of the topography of the extracellular matrix 

on migration modes, to the forces that cells perceive and exert to move and 

migrate in different physiological and pathological contents. 

Although these aspects have been recognized and studied separately, to date 

there are no essays that provide a generalized but quantitative evaluation of the 

migration process as a whole. Even more complicated is the study of cancer cell 

migration during metastasis, which involves changes in the mechanical 

properties, velocity, and forces required to overcome microenvironment barriers 

and reach distant tissues. In vitro metastasis assay is far from technically 

feasible in the near future10. Our current understanding of cell migration is based 

on single cell migration studies, performed using in vitro assays in two-

dimensional (2D) and three-dimensional (3D) cell culture techniques.  

Below, I describe the most commonly used 2D and 3D platforms for studying 

migration of normal and cancer cells, such as the invasive assay.  
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2.1. Two-dimensional (2D) assays to study single cell migration  

 

The 2D assays are routinely used for migration studies, but they have significant 

limitations because migration in vivo usually occurs in a 3D space. Since 

topography and size play a critical role in determining the behavior of cells 

during migration, the traditional assays have been combined with micro-

structured 2D surfaces and tunable 2D substrates (such as polyacrylamide or 

collagen gels)12. The most commonly used migration assays are described 

below.  

 

2.1.1. Wound-healing assay  

 

The most commonly used 2D in vitro model to study cell migration is the 

wound-healing assay (also called, scratch assay) (Fig.2.1). The basic steps 

involve creating a “scratch” in a confluent cell monolayer, capturing the images 

at the beginning and at regular intervals during cell migration to close the 

scratch, and comparing the images to quantify the migration rate of the cells2.  

 

Figure 2.1: Wound-healing assay for MDA-MB-231. A scratch was made on a confluent cell monolayer by a micro-

pipette tip and images were acquired at t=0 (a) and after 24 h (b). The images show that after 24h the MDA-MB-

231 cells cover completely the entire scratch.  
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2.1.2. Single cell motility assay  

  

The single cell motility assay measures migration on the single cell level by 

coating with gold particles the surfaces where cells are seeded. The migrating 

cells phagocytize the gold colloidal particles, and the results is the formation of 

black tracks over an initial uniform brighter surface (gold particles). An 

example of this technique is described in the Figure 2.2 36.   

Also time lapse cell tracking can be used to study the migrating cells by 

obtaining information about total movements length and velocity10.  

 

Figure 2.2: a) Schematic of a common single cell motility assay (Kramer, 2013); b) Example of tracks (black) 

indicated by which arrows formed by cells of 3T3 on a surface covered by gold nanoparticles (brighter colored) 

(Guenter Albrecht-Buehler, 1997).  
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2.1.3. 2D cell tracking assay  

 

In this case the tracking of cells is performed by video microscopy in time-lapse 

experiments, by using a live-cell imaging instrumentation37. Cell selection and 

tracking can be done either manually, semi-automatically, or fully 

automatically. For automatic cell tracking, many algorithms have been 

developed that can record the migration path of several dozen cells 

simultaneously10. Recently, optical microscopes with an environmental 

chamber have been improved and represent a significant development in 

dynamic cell imaging. Such instruments include software for remote control, 

image acquisition, and filter optics configuration. The system is optimized for 

long-term kinetic studies on living cells thanks to monitoring of temperature 

and CO2 of the environmental chamber38. 
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2.2.  Three-dimensional (3D) assays to study cell migration  

 

3D platforms reproduce better the in vivo behavior of cell migration. 3D in vitro 

assay can be obtained by overlaying 3D ECM scaffold with cells or by 

implanting multicellular spheroids. In these assay, collagen and hydrogels based 

on polyethylene glycol (PEG) are commonly used to mimic the 

microenvironment, thanks to the possibility to tune their stiffness, porosity and 

density10.  
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2.2.1. Three-dimensional matrix invasion assays  

 

The 3D matrix invasion assay is commonly used as platform to investigate the 

invasiveness of cancer cells. The cancer cells are placed on a grid based on 

matrix proteins which may also contain chemoattractant. The measure of 

invasiveness is established by the depth of penetration determined by image 

analysis (Fig. 2.3a). Such system can be also transplanted into animals in vivo 

where cancer cells can continue to invade and then can be examined by 

immunochemistry after explant (Fig. 2.3b)39.  

 

 

Figure 2.3: a) An example of a 3D invasion assay that allows in vitro-in vivo transfer. Specifically, tumor cells are 

placed on a matrix which may contain chemoattractant. b) once established, the entire plug (matrix + cells) can 

be transplanted subcutaneously into animals where tumor invasion can continue and then can be examined by 

immunochemistry after explant (Eccles, 2015). 
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2.2.2. Spheroid migration assay 

 

In the “spheroid migration assay”, after attachment of the multicellular tumor 

cell spheroids to the plastic surface of a 2D platform, the cells start to migrate, 

and the area of attachment is increased as cells move out. This assay is only 

possible if cells are capable to form spheroids10. In vivo assay are usually 

performed by injecting 3D spheroids into the tissue matrix13.  

 

2.2.3. Trans-well migration assay 

 

Another 3D platform is the trans-well assay is based on two chambers 

containing a medium and separated by a porous membrane through which the 

cells transmigrate (Fig. 2.4). It is important to choose a pore diameter which 

allows only active transmigration i.e., smaller than the cell diameter to avoid 

passive diffusion of the cells across the membrane. Membranes are available 

with pore diameters between 3 and 12 µm. Cells are seeded in the upper part 

and can migrate through the pores to the lower part containing a medium with 

an attractant, then they are fixed and visualized10,39.   

 

 

Figure 2.4: Trans-well migration assay in which extracellular matrix (ECM) has closed the pores at the interface 

between the two chambers. The higher the invasion potential, the higher the number of cells that can transmigrate 

through the pores by degradation of the ECM. (Image modified by Kramer2013). 
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2.2.4. 3D cell tracking assay 

 

As described for 2D cell tracking, the 3D cell tracking assay uses time-lapse 

video microscopy for automated image analysis to track the path of moving 

cells. Since it is difficult to track single cell in a 3D environment over a long 

period of time, many strategies have been developed from confocal or 

multiphoton microscopy to digital holography microscopy.  

All these strategies require expensive instrumentations and advanced data 

processing analysis, moreover only a limited number of cells can be analyzed 

simultaneously10.  
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Chapter 3  
 

The investigation of forces in cell biology  
 

3. Introduction  

 

Mechanical stimuli play an important role in cell functions. The study of cell 

stiffness measured by atomic force microscopy, optical tweezers, and 

micropipette aspiration revealed to be a promising biomarker in cancer 

research12. For example, metastatic cells in breast, prostate, and lung cancer 

models develop higher traction forces compared with non metastatic cells40. 

These results underscore the need to focus more on accurate assays when 

studying the mechanics of cell migration and the importance of mechanics for 

cancer diagnosis and therapy12. There is a great interest about forces generated 

by cells and how cells can translate it in signals that can modulate adhesion and 

migration.  Indeed, as described in the Chapter 1, cells use traction forces to 

explore their environment, move, and remodel the matrix. Moreover, several 

studies have shown that measuring the forces exerted by cells during migration 

can be used to assess the degree of malignancy of cancer cells.  

In this Chapter, the most common assays for studying the forces exerted by cells 

are presented. Since in this thesis I will present a novel nanomechanical sensor 

that can detect the forces exerted by cancer cells during migration, a detailed 

overview of micro- and nano- mechanical sensors, their advantages and 

challenges for use in biological applications will also be described below.  
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3.1 Assays for the study of forces  

 

3.1.1. Traction force microscopy  

 

The most used method to measure the forces involved in the migration is the 

traction force microscopy (TFM). Traction forces are measured by plating cells 

onto soft, deformable gels in which fluorescent microbeads are embedded. As a 

cell adheres and migrates, the displacement of these markers is translated into 

cell-mediated stress(Fig. 3.1a)12. 

 

 

Figure 3.1: a) Schematic of TFM cells are plated on deformable gels into which small markers (e.g., beads) are 

embedded to track deformation patterns. The arrows indicate the direction of traction forces (Ladoux, 

2017);.b)Traction force heat map obtained by analyze the displacement of beads (Li,2017).  

 

The experiment involves the optical imaging of the distribution of beads in the 

unstressed and stressed state after cell migration (Fig. 3.1b). Silicone and 

polyacrylamide (PA) are typically used as substrate materials. To promote cell 

adhesion both surfaces must be conjugated with ECM, and it could be difficult 

to reproduce in different experimental conditions41. Several studies have been 

performed to study the differences in traction force exerted by metastatic and 

non metastatic cells. More aggressive cells generate higher traction forces 

compared with less or not metastatic cells14,40. This method can be modified for 

use in 3D microenvironment by performing experiments using confocal 

microscopy10. The most commonly used ECM material for 3D culture is 
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reconstituted collagen type I hydrogel41. Although TFM is the gold standard 

method for measuring cellular forces, it is experimentally complex, and force 

reconstruction is a mathematically unsolved problem. This means that a small 

amount of noise in the displacement field will produce a large error in the 

calculated force field42.These factors have prevented the widespread use of 

TFM in non-specialist laboratories and ultimately its use as a useful diagnostic 

tool41.  

 

3.1.2. Micropatterned substrates-based TFM 

 

An alternative method is based on the growth of cells on micropatterned 

substrates. Micromachining methods allow the fabrication of cell substrates 

based on patterned arrays of elastic micropillars, usually in 

polydimethylsiloxane (PDMS) or polyacrylamide (PA).  

The influence of the geometry of the micropillars on the substrate stiffness 

allows the creation of heterogeneous mechanical environments without 

changing the material properties. If cells are grown on these substrates the 

deflection of the micropillars gives direct information about local forces exerted 

by cells43,44 (Fig. 3.2). 

 

Figure 3.2: a) As an alternative method, cells are grown on arrays of micrometer-sized flexible 

polydimethylsiloxane (PDMS) pillars, whose displacement provides direct information about the local forces 

exerted by the cells (Ladoux,2017); b) The images show the dynamics of focal adhesion and traction forces 

generated by cells and on the right the schematic of pillars displacement and focal adhesion formation 

(Trichet,2012). 
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This approach has several advantages over TFM methods such as the ability to 

compute displacements without the need for a reference image. However, due 

to the limited stiffness range of the substrates and the low adhesion of the cells, 

it is far from mimicking in vivo conditions45. 

 The methods described above rely on analysis of substrate deformation due to 

cell movement and require very expensive equipment that is not affordable to 

all laboratories, as well as sophisticated data analysis.  

These factors hinder the widespread use of TFM in non-specialist laboratories 

and ultimately its use as a useful diagnostic tool.  

Some studies have considered the possibility of improving such a system by 

using MEMS technology to create microarrays and provide multiplex 

platforms46but they always rely on the microscopic traction method with 

micropillars fabricated on the surface of microPAD.  

 

3.1.3. Molecular sensors 

 

The conventional methods described above for studying cell traction forces are 

performed by measuring the deformations of synthetic substrates. The same 

principle can be applied at the nanoscale to measure the force exerted by a given 

molecule. If the mechanical properties of a material can be evaluated at the 

molecular level, the deformations of individual molecules can be converted into 

forces42. This principle has been used to develop a wide range of sensors for 

measuring molecular forces47. In a common setup, a mechanically calibrated 

linker (using atomic force microscopy or optical tweezers) flanked by two 

different fluorophores is encoded into a protein of interest. A force applied to 

the molecule causes the linker to stretch, changing the fluorescence resonance 

energy transfer (FRET) between the two fluorophores. The sensitivity and force 

range of the sensor, typically between 1 and 10 pN, are determined by the 

mechanical properties of the linker and the FRET range of the fluorophore pair.  
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Direct fluorescence measurement instead of ratiometric measurement (as in 

FRET) can dramatically increase sensitivity.  

 

 

Figure 3.3: a) Schematic representation of molecular tension probes using a DNA hairpin When 

sufficient force is applied to unfold the hairpin, the fluorophore separates from the quencher and 

fluoresces; b) Image of cells on tension probes -coated substrate and analysis of stress (Blakely,2015). 

 

As an alternative to protein domains, DNA hairpin linkers, whose force 

threshold can be controlled by tuning the DNA sequence, allow measurement 

of forces up to the 100 pN range (Fig. 3.3)48. As with all fluorophore-based 

sensors, there are limitations to their use and calibration due to fading and 

optical sensitivity. Unlike TFM-based methods, these methods provide only the 

magnitude and not the direction of the forces41.  
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3.2. Mechanical biosensors  

 

In recent years, rapid advances in the design and fabrication of micro- and 

nanostructures have opened up great opportunities to develop new devices 

coupled with functional cells and molecules that improve the performance of 

cellular and molecular biosensors.  

The field of biosensing has grown exponentially since the first report of their 

application 49. The term “biosensor” was coined by Camman 50 and defined by 

the IUPAC as: “A device that uses specific biochemical reactions mediated by 

isolated enzymes, immune systems, tissues, organelles or whole cells to detect 

chemical compounds usually by electrical, thermal or optical signals.”51,52 

Biosensors are used not only to detect the presence and amount of an analyte, 

but also to study various other phenomena, such as the effect of drugs on living 

cells, cell physiology and also cell mechanics, including the even whole cells 

and microorganisms investigation51,53.  

Biosensors are essentially composed of three units, namely a biorecognition 

element (BRE), a transducer, and an amplifier and processor (Fig. 3.4).  

The BRE detects the analyte of interest, the transducer converts the biological 

detection event into a measurable signal, that is further processed by a processor 

and amplifier to provide an output signal.  

Based on the transducing method, biosensors can be divided into51,52: 

- Optical biosensors which can be colorimetric, fluorescent, luminescent, 

and interferometric, such as ELISA and SPR assay. 

- Mechanical biosensors, such as MEMs and NEMs, also used to 

investigate biological processes in micro and nano-scale. 

- Electrochemical biosensors (amperometric, potentiometric, and 

conductometric).  
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Figure 3.4: The schematic shows the basic structure of a biosensor with the three main components, 

i.e., biorecognition elements (BREs), transducer and processor to obtain the output signal. Based on 

the transducer, biosensors can be classified into optical, mechanical, and electrochemical. The BRE is 

represented by analytes (proteins) or cells whose dynamics can be analyzed.  

 

As mature, versatile, and well-established technologies, electrical and optical 

biosensors dominate global research in biological detection. However, the 

mechanical nature of many fundamental biological processes paved the way for 

the development of mechanical biosensors54.  

Indeed, recent experimental evidence demonstrates the role of mechanics 

involved in biological processes: the role of forces involving proteins in 

molecular recognition events55, the importance of the mechanosensitive (MS) 

ion channel in the perception of mechanical stimuli by different cell types56,57, 

and the forces acting on the membrane surface in the curvature perception35,58,59. 

Thanks to their small size and high sensitivity, mechanical sensors based on 

microelectromechanical systems (MEMS) technologies can be easily integrated 

into portable “lab-on-chip” platforms for the investigation of  mechanics 
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involved both in physiological and pathological processes, and to perform 

“point-of-care” analyses60. Their manufacturing approaches include reliability 

and mass production with consequently cost reduction.  

In the next sections, we will focus on the description of mechanical biosensors 

based on micro- cantilevers, and their use for the study of cellular and molecular 

dynamics.  
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3.3. Cantilever-based micro- and nanomechanical sensors 

 

Among mechanical sensors based on MEMS, microcantilevers are the most 

promising devices for biosensing applications60.These devices, developed as the 

sensing part of an atomic force microscope, have also proven to be useful as 

stand-alone sensors, thanks to their ability to measure changes in surface 

tension, adsorbed mass, and thermal dispersion. MEMS based on cantilever 

consist of a cantilever probe, a mechanical transducer, and the processor. They 

were originally focused on materials science61, but they have been extended to 

chemistry, biology, medicine, and clinical diagnostic applications62,63. 

Mechanical biosensors offer several advantages: they achieve exceptional mass 

resolution that can detect minute amounts of analytes64 or the mass of living 

cells65; they can be used to quantify forces at the cellular level41. These devices 

open up possibilities for novel label-free detectors with high sensitivity and very 

high multiplexing levels can perform local, high-resolution, and label-free 

molecular recognition measurements (Fig. 3.5)60,66. Although MEMs devices 

have a characteristic length scale between 1 mm and 1 µm67, if used in biological 

application, because of their ability to detect features at the nanometer scale, 

such as nanomotion or nanoforces, they are called nanomechanical 

sensors54,68,69. Such systems can quantify the motions, forces, and masses of 

living cells, providing insight into mechanical properties involved in 

biomolecular interactions and fundamental biological processes.  

Nanomechanical biosensors can be broadly classified according to the basic 

functionality of the devices: they can measure or detect the presence of a 

particular analyte in solution; measure particular physical property of the 

analyte; or to study and characterize a particular biological process70.  

The first application of a cantilever-based sensor for chemical detection dates 

back to 1994, when Gimzewski et al. showed that the static bending of a 

cantilever was capable of detecting heat changes on the order of picojoules to 

perform sensitive photothermal spectroscopy71.   
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In the same year, Thundat and co-workers showed that a cantilever could be 

used to monitor very sensitive temperature changes72. Subsequently, the scope 

of cantilever-based sensors was extended to various sensing applications, from 

chemistry to biology, proteomics and genomics54,62,63,70. The change in the static 

deflection of the cantilever or the change in the amplitude of oscillation, is most 

commonly detected by the optical lever technique used by the atomic force 

microscopy (AFM). Essentially, a laser is reflected from the back of the 

cantilever onto a position-sensitive diode54,62.  

 

Figure 3.5: Examples of multiplexed cantilever-like micromechanical sensors. a)  a sensor array 

developed for the measurements of adherent cell mass growth (Park, 2010); b) the image shows a 

“Millipede” cantilever array developed for thermomechanical local-probe technique 

(Waggoner,2010).  
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3.4. Materials and manufacturing processes  

  

3.4.1. Silicon-based cantilevers  

 

Generally, cantilevers are made from either silicon-based or polymer-based 

materials. Regardless of the material, there are some requirements for the final 

cantilever structure: the cantilever should be as thin and long as possible to 

increase sensitivity to surface stress; the cantilever clamping  

should minimize clamping losses and the geometry should allow for a high Q- 

factor; the surface of the cantilever must be reflective for optical readout; the 

cantilever should ideally have no initial bending.  

Since most research published to date uses an external optical readout to 

measure the cantilever’s deflection, the micromachining processes have focused 

on fabricating simple, free-standing beams suitable for optical readout, i.e. 

silicon-based62. Originally developed by IC industry in the 1960s, silicon 

microfabrication has become a widespread technology. Well characterized and 

long-term stable, materials such as silicon, silicon nitride and silicon oxide can 

operate over a wide temperature range and under many environmental 

conditions. Since the manufacturing process require precision machining, clean-

room based processes are used in which cantilevers are fabricated by patterning 

in a silicon wafer. A typical strategy for fabricating silicon-based cantilevers 

consists of three main steps: coating of the substrate with material layers needed 

for lithography processes, patterning of the cantilever and release of the 

device62. This approach, in which the suspended structures are defined by 

etching from the back side throughout the wafer, is called bulk 

micromachining73. The process results in free-standing cantilevers that are 

accessible from both sides of the wafer.  
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3.4.2. Polymeric-based cantilever  

   

Since the late 1990s, the production of polymer-based cantilevers has been 

increasingly reported. The main motivation for the introduction of polymers is 

that the Young's modulus is typically two orders of magnitude lower than 

conventional silicon-based materials. Consequently, the stiffness of the 

cantilevers is lower and the sensitivity increases.  

The fabrication of polymer-based micromechanical devices is still at an early 

stage, and many issues need to be solved before robust and stable cantilevers 

can be routinely fabricated. One of the major challenges in using polymer chips 

as mechanical sensors is the stability of the devices during measurements: the 

adsorption of moisture in liquids or degassing in vacuum will cause the output 

signal to drift; the long-term stability of such cantilevers can be affected by 

creep deformation, ageing, or bleaching. Since the reflectivity of thin polymer 

cantilevers is insufficient for optical readout, metal coating is required. 

However, laser reflectivity can be provided by integrating a small metal pad at 

the tip of the cantilever81,101,10295,109–111, as in some biosensors application74. To 

avoid this problem, many studies determine the deflection of the beam by taking 

time-lapse images, but this reduces the sensitivity of the force analysis. 
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3.5. Operation modes of nanomechanical biosensors: static and 

dynamic mode  

 

In sensing application, the microcantilever deflection can be divided into two 

modes of detection: static and dynamic. The static mode of deflection occurs 

when an adsorbed species causes differential surface stresses on the opposite 

surfaces of the microcantilever. Static deflection is used to determine the 

amount of material adsorbed onto a microcantilever75. Molecules that adsorb on 

a cantilever do not only add a mass but also generate a surface stress due to 

interactions between the molecules and the cantilever surface62. Molecular 

recognition induces surface stress on one side of a nanomechanical system and 

leads to bending of the system. The bending results from the change in surface 

energy of the active surface, which is minimized by elastic expansion or 

contraction with respect to the opposite surface54. This effect is the basis for a 

variety of label-free transductions of ligand-receptor interactions, such as 

nucleic acid hybridization and antibiotic-bacterial interactions76.  

In the dynamic mode of detection, the frequency of vibration of the beam 

changes as species are adsorbed onto the cantilever75. In dynamic mode, the 

resonance frequency of the cantilever is related to the added mass on the surface 

of the sensor, in particular the resonance frequency decreases with increasing 

mass62,63. By implementing an optomechanical or electromechanical 

transduction scheme, both dynamic and static modes are suitable for 

quantitative measurements77,78. 
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A microcantilever can be modeled as a cantilever beam 

(thickness, t; width, w; and length, L) that is built in (fixed) at one of its ends75 

(Fig. 3.6).  

 

Figure 3.6: Schematic of a simple rectangular cantilever geometry with a fixed end: L, length; w, width; t, 

thickness.  

 

The change in surface stress of a cantilever as result of biomolecular adsorption 

can be mathematically explained by applying Stoney's equation: 

𝑅 = 6
E𝑡2

6𝛥𝑠(1 − 𝜈)
 

which establishes a linear relationship between the change in stress surface (Δs) 

and the change in curvature (R). Where E is the modulus of elasticity, 𝜈 is the 

Poisson's ratio, and t is the beam thickness. This equation assumes that the beam 

is isotropic and homogeneous, that the beam thickness is small compared to the 

lateral dimensions, and that the strains and torsions are small. This is reasonably 

consistent with the most commonly used micro-toggle beams, but this equation 

applies only to plates that are unrestrained along the edges and have uniform 

curvature. In 1966, Stoney’s formula was modified to be applicable to cantilever 

that are clamped to one side. Thus, the surface stress (Δs) is related to the 

cantilever deflection (Δz), via the length of the cantilever, L:  

𝛥𝑧 =
3 (1 − 𝜈)𝐿2

E𝑡2
𝛥𝑠 

Here it can be seen that the deflection can be optimized by reducing the 

thickness and increasing the length of the cantilever. 

Although Stoney’s equation is still used today, the origin of surface stress and 
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its relationship to force transmission is controversial. 

A first attempt at an explanation was proposed by Fritz et al. according to which 

the hybridization of  DNA strands on the cantilever could cause a compressive 

stress on its surface62,77.   

 

 

 

Figure 3.7: Schematic of mechanical effect (surface stress) induced by biological adsorption on the response of a 

nanomechanical system. The elasticity and mechanical losses of the cantilever can be modeled by a spring model 

that take into account a static and dynamic response (Tamayo, 2012).  

 

It is possible to model the elasticity and mechanical losses of a cantilever by a 

spring and a damper with the spring constant 𝑘𝑐 and the damping coefficient 𝜂𝑐, 

which are related to the flexural rigidity and the quality factor of the cantilever, 

respectively (Fig. 3.7). The biological layer acts in parallel as a spring and 

damper with a spring constant 𝑘𝑏 and damping coefficient 𝜂𝑏.  

The biomolecules on the top of the cantilever generate surface stresses that 
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produce a static mechanical bending (obtained as mean displacement signal) 

with curvature R. The oscillation can also be analyzed in the frequency domain 

to determine the resonant frequency and quality factor (Q) of the cantilever54.

  

Since the resonance frequency of the cantilever decreases with increasing 

mass62,63, it is possible to estimate the change in mass from atto- to zeptogram 

range, by measuring the negative shift in its frequency64. The mass sensitivity 

of a cantilever-base mass sensors can be improved reducing the dimension of 

the sensor. For a thin beam, assuming a linearly elastic material and small 

deflection, the equation of its motion is given by the Euler-Bernoulli beam 

equation. From this equation, it follows that a beam has certain vibration modes, 

each with particular spatial shape. The vibration frequency of each mode shape 

is called the eigenfrequency62.   

The resonance frequency depends on the geometry, size and clamping 

configuration. The flexural resonance frequencies of a beam with rectangular 

and uniform cross section are given by this formula: 

𝑓𝑛 ≅
𝛽𝑛

2

21.7656
(

𝐸

𝜌
)

0.5

(
𝑡

𝐿2
) 

Where E is the Young’s modulus, 𝜌 is the material density, 𝑡 is the beam 

thickness, L is the beam length and 𝛽𝑛
  is the eigenvalue.  

In dynamic mode, an important parameter is the mechanical quality factor79. 

Indeed, this parameter characterizes the shape of its resonance frequency curve 

near each resonance mode75 and is defined as the ratio  of the resonance peak at 

a certain resonance mode to the full width at the half-maximum (FWHM) of the 

same resonance peak75.  

The quality factor Q is defined by: 

𝑄 = √3
f 0
Δf
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Where f 0 is the resonance frequency, and  Δf is the half-width resonant peak 

frequency or full-width at half maximum. The quality factor depends on the 

geometry of the cantilever and dissipative forces acting on it, usually globally 

referred as damping. Damping depends on the cantilever material, its geometry, 

and the composition of the environment in which it oscillates. When immersed 

in a viscous medium, like the cellular culture medium, the high damping causes 

the  broadening of the resonance peak reducing the minimum detectable 

frequency change62. Therefore, fully immersing the cantilever in a liquid 

environment makes accurate measurements of mass difficult due to the viscous 

damping.  

 

3.6. Actuation of cantilever-based sensors  

 

To measure frequency changes of cantilever-based sensors, the cantilever must 

be driven by an external actuator. In most commercially available scanning 

probe microscopes (e.g., AFM), this is accomplished by an external piezo drive 

mounted near the cantilever80.  

In most experimental configurations, the cantilever is driven by an external 

piezoelectric platform on which the cantilever chip is mounted. This actuation 

method is also referred to as mechanical excitation. Alternatively, the actuator 

can be integrated into the sensors. There are a variety of techniques for actuating 

cantilever-based sensors, depending on the actuation principle used: 

electrostatic actuation, thermal actuation, and magnetomotive actuation62. For 

biosensing, cantilever-based sensors in liquids are often driven by mechanical 

or magnetic excitation methods. The mechanical method also excites unwanted 

resonances from the fluid, making it difficult to detect the resonance inherent in 

the cantilever. Magnetic excitation is accomplished by coating the cantilever 

with a ferromagnetic layer and applying a sinusoidal magnetic field. However, 

magnetic coatings are often corroded in liquids and can lead to undesirable 
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bending of the cantilever. To overcome these limitations, photothermal 

excitation was developed to improve sensitivity in liquids81. In photothermal 

actuation, a metal-coated cantilever is irradiated with a power-modulated 

excitation laser focused near the cantilever's clamping area. The thermal 

expansion caused by the excitation laser on the metal coating leads to 

mechanical stresses in the cantilever, which trigger the cantilever vibration82. 

 

3.7. Read-out principles  

 

A common method for measuring the deflection of a cantilever is the optical 

lever technique, in which a focused laser diode beam (Fig. 3.8a) is reflected 

from the free end of the cantilever onto a photodiode or position-sensitive 

detector. When the cantilever bends, the reflected light moves on the surface of 

the photodetector and this movement is proportional to the deflection of the 

cantilever (Fig. 3.8b). An alternative approach uses piezoresistive cantilevers. 

Changes in the electrical conductivity of the piezoresistive material that is 

placed under voltage can be used to monitor the stress and thus the bending of 

the cantilever.  

 

Figure 3.8:  Schematic of the optical lever technique, the most used read-out principle for measuring the deflection 

of a cantilever. The incident laser beam is reflected on the surface of the sensor (a) and the reflected light moves 

on the photodiode (Carrascosa, 2006). 
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Another method is based on the interference that occurs between a reference 

laser beam and the reflection of the cantilever.  

Other methods use interdigitated cantilevers as optical diffraction gratings.  

The reflected laser light forms a diffraction pattern in which the intensity is 

proportional to the deflection of the cantilever80.  

When a cantilever is placed near a parallel electrode, the deflection of the 

cantilever results in a capacitance change.  

This method is called capacitive read-out.  Detection of resonant 

frequencies of nanoscale cantilevers has been performed by tunneling and by 

hard contact red-out62. Other innovative approaches came from the use of 

polymeric resins tailored by a thermomechanical process83.  
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3.8. Functionalization processes for biological purposes 

 

For a cantilever-based sensor to detect the presence of analytes, the 

conformational changes of protein or DNA molecules75,77, the surface stress 

induced by the interaction of living cells on the surface of the cantilever84,85, it 

must be coated with specific molecules that allow the adhesion of analytes and 

cells to the surface of the sensor.   

While both sides of the cantilever can be functionalized for measuring mass, it 

is important for surface stress measurements that only one side of the cantilever 

is coated, since equal generation of  surface stress on both side of the cantilever 

will not cause the cantilever deflection62.   

The immobilization of bioreceptors on the sensor surface strongly affects the 

quality of microcantilever analyzes because it influences not only the efficiency 

of protein and DNA binding, but also the degree of nonspecific binding and 

accessibility to targets. The immobilization process should avoid any change in 

the mechanical properties of the cantilever, be uniform to maximize surface 

stress and allow accessibility to target60.  

The most commonly used technology for coating cantilevers is to first coat the 

cantilever on one side with a thin layer of gold (20-100 nm), which provides an 

excellent opportunity for self-assembling monolayer (SAM) thiol 

chemistry60,62.  

Silane coupling chemistry is commonly used for silicon and silicon nitride 

surface. The presence of silanol group (Si-OH) on the surface of silicon oxide 

allows silanization methods54 to be carried out using silicon-oxygen-silicon-

carbon bonds that are thermodynamically and hydrolytically stable. The final 

organosilicon molecules consist of an organic group such as methyl, a reactive 

group such as ethoxy, and a terminal group such as amino or carboxyl, which 

give the modified surface the desired properties54.   

The silanization reaction is usually performed by immersing the surfaces in a 

solution containing the organosilicon molecule. Since both side are modified in 
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this way, this method is more suitable for biosensors based on nanomechanical 

resonators that do not require the asymmetry of functionalization needed for 

surface stress measurements54,62. In addition, new methods have been developed 

for polymer cantilevers, such as the use of  epoxy groups on the surface of SU-

862. The use of the cantilever both as a probe for AFM-based techniques (such 

as single cell force spectroscopy and nanomotion analysis) and as a mechanical 

biosensor to study the behavior of living cells in different environments paved 

the way for the development of new strategies and protocols to promote the 

attachment of living biological samples. For example, when studying the 

correlation between the nanomotion signal or the stress changes induced by the 

presence of cells on the cantilever in real time, the main purpose of this 

preparatory procedure is to ensure the firm adhesion of the sample to the surface 

of the cantilever and to avoid the loss of the cells during the experiments86. 

Several protocols based on the use of chemical cross-linkers such as (3-

Aminopropyl)triethoxysilane (APTES), glutaraldehyde, poly-L-lysine, 

fibronectin, concanavalin A, and collagen provide good adhesion for living 

cells86–88. In most cases, the cantilever is immersed in the solution containing 

the functionalizing agent, which covers both sides of the sensors. 

Functionalization of both sides does not affect the result of nanomotion analysis 

per se (laser refraction) but is quite difficult to interpret in real-time 

measurements about dynamics of biological processes. For this reason, recent 

work has explored the possibility of functionalizing the cantilever with a pattern 

of SAMs to target only one side of the cantilever and achieve the placement of 

cells on the most sensitive part of the sensor using microcontact printing 

technology 89. Although this strategy could be an interesting alternative to the 

conventional functionalization, it is still difficult to reproduce and perform in 

standard laboratories.  
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3.9. Real-time and end-point assay detection for biosensing 

 

In biosensing application, experiments with nanomechanical sensors can be 

designed to follow the mechanical response of the analyzed biological process 

in real-time or by end-point detection, both in static (Fig.3.9a) and dynamic 

(Fig.3.9b) mode.  

 

Figure 3.9: Main operating modes of nanomechanical sensors: a) static and b) dynamic. Both modes can operate 

in real-time or as end-point detection tests. In static mode, the end-point measures the entire cantilever profile or 

at least a referenced z-position. In dynamic mode, changes in added mass or stiffness can be tracked (Calleja,2012). 

 

Real-time detection provides information on the kinetics of biomolecular 

interactions, whereas end-point detection is limited to detecting the variation of 

mass added (analyte or cells) on cantilever after the experiment.  

Nanomechanical sensors operating in static mode have been widely used for 

real time detection in fluids70. In dynamic mode, end-point analysis is preferred 

and most experiments must be performed in air or humid environments due to 
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the viscous drag of the fluids79,90. In addition to their ability to detect binding 

events91 and adsorbate masses, nanomechanical biosensors have been 

successfully used to follow dynamic processes such as conformational 

changes70, as real-time formation of a self-assembled monolayer (SAM) 91 or 

hybridization of DNA molecules77 as a result of a change in surface stress62. 

Moreover, cantilevers allowed real-time measurement of ATP-induced 

conformational changes in the terminase of bacteriophage T784.    

Since their ability to detect mechanical changes, cantilever-base sensors have 

shown great interest in the study of biological processes involving whole living 

cells attached to their surfaces, such as mass changes. A first attempt to use 

micro-mechanical cantilever as sensors to analyze the growth of living cells was 

made by Prescesky in 1992. Then, the detection of bacteria and viral particles 

was performed only in dry environment92,93.   

In 2005, Gfeller et al. performed the analysis of growing bacteria attached on 

the   cantilever surface, by incubating the sensor in humid environment94. In all 

these experiments, the analysis was performed in dynamic mode by an end- 

point evaluation of the mass changing after the attachment of living organism 

on the surface of the cantilever.  
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3.10.  Nanomechanical sensors for biological detection   

 

The first time that a cantilever was used to calculate the mass of single living 

cells in fluids was performed by Park et al.95 in 2008 using a living cantilever 

array. After 2 years, they repeated the attempt to obtain a more sensitive sensor 

with uniform mass to obtain a more accurate measurement of mass change of 

live Hela cells during growth in real-time65. We will have to wait until 2017 for 

Muller et al. to study the mass of single cells in fluid with a conventional 

cantilever, in real time96. They have developed a picobalance in which cells are 

attached to the surface of a commercial cantilever and a low-power intensity-

modulated blue laser is focused on the base of the sensor. The motion, 

amplitude, and phase of the cantilever were read-out optically with an infrared 

laser. In addition to the opportunity to follow changes in resonance frequency 

due to mass loading of adherent cells on the cantilever surface, nanomechanical 

sensors have been demonstrated to be able for real-time investigation of 

vibrations of living microbial cell97,98. By using their sensitivity and versatility, 

Longo et al. in 2013 developed a diagnostic tool based on cantilevers that detect 

in real-time the fluctuation by using the AFM-optical detection system (Fig. 

3.10). 

 

Figure 3.10: Schematic of a nanomotion detection experiment (top) and the corresponding cantilever deflection 

curve (bottom): a) before live specimens are attached to the sensor, the fluctuations are small; b) when the 

specimens are immobilized on both sides of the sensor, the fluctuations increase; c) when microorganisms are 

killed by a chemical or physical agent, the sensor returns to small fluctuations (Kasas, 2015). 
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This new application is called as AFM nanomotion detection99 and uses the high 

sensitivity of nanomechanical sensors to transduce the movements that 

characterize living systems. The displacement of nanomechanical sensors 

ranges from angstrom to hundreds of nanometer54. This technique can detect 

nanometer-scale vibrations from living cells attached to commercial cantilevers. 

Their presence on the surface of the cantilever leads to dynamic deformations 

that can be recorded in time. The time evolution of this motion can be correlated 

with the viability and metabolic state of the living samples100. Subsequently, 

nanoscale vibrations have been observed in various cells such as bacteria69, 

plant and mammalian cells99, and also as a fast approach to determine the 

antibiotic susceptibility against agents of bloodstream infections68. 
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3.11.  Challenges in the use of nanomechanical sensor for biological 

application 

 

Conventional cantilevers used as nanomechanical biological sensors must be 

soaked in a physiological medium, mostly a water-based medium. This 

condition does not significantly affect their response when operated in static 

mode, such as when measuring the deflection induced by a molecular 

recognition77, but it becomes a serious obstacle when operated  in dynamic 

mode.  For instance, the molecular mass deposited on a cantilever can be 

evaluated by measuring the resonance frequency variation. In this case, the 

viscous damping of the medium significantly broadens the frequency response 

and reduces the sensitivity of the frequency shift66.   

A first attempt to minimize the effect of immersion in liquid was proposed by 

Melli et al.101. They used a superhydrophobic surface to limit the interaction of 

the sensor with the biological solution, but they were still able to detect the mass 

change in vacuum (Fig. 3.11a).  

 

Figure 3.11: a) alternative approach to minimizing the effects of immersion of sensors in liquids using a 

superhydrophobic surface (Melli,2011 ); b) a suspended microchannel containing the liquid environment is inside 

translates mass changes into changes in resonant frequency (Manalis, 2007) . 
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A very sophisticated alternative was proposed by Manalis group who used an 

abrupt change of perspective by moving the liquid environment inside the 

cantilever, creating an oscillating microfluidic channel (Fig. 3.11b) This 

approach allowed the mass measurement for bacteria, but the size of the 

channels is too small for analyzing most eukaryotic cells102.  

A simpler and more effective approach was proposed by the group of 

Oesterschulze, who showed that using a suitable geometry, it is possible to place 

only one side of a cantilever in contact with the fluid while maintaining the 

resonance performance of the air operation. In their work, they presented a new 

concept to significantly reduce the viscous damping of the first out-of-plane 

bending mode of a cantilever by using a special interface configuration. By 

fabricating a cantilever surrounded by a U-shaped groove in a silicon nitride 

membrane (Fig. 3.12a, on left), they showed that upon contact with the fluid, 

the formation of a meniscus in the groove enables a so-called partial wetting 

configuration (Fig. 3.12a, on right). In this way, they were able to demonstrate 

that partial wetting can improve the quality factor of micromechanical 

cantilevers operating in liquids. Many studies have shown that with such a 

configuration,  highly time-resolved in situ mass measurements in liquids with 

fg-resolution is possible (Fig. 3.12b)103,104. The mechanism that could explain 

this difference compared to the fully immersed cantilever is not yet understood, 

since the breaking of symmetry by the meniscus changes also significantly 

changes the boundary conditions to the dynamic behavior in fluid.  

Otherwise, the observed improvement of the quality factor in liquid 

environment is a requirement to enhance the sensitivity of force and mass 

detection, especially for life science applications103–106.  
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Figure 3.12: a) the design of the suspended cantilever in the silicon nitride membrane, surrounded by the groove 

(on the left), the partial wetting configuration of the sensor (on the right); b) an example of application of the 

partial wetting configuration to measure the mass of particles and living viruses in real-time mode. 
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3.12. Nanomechanical sensors to detect forces exerted by cells  

 

As described in previous sections, migrating cells exert forces on the substrate 

to move forward. These forces, or tractions, are part of the contraction phase of 

migration, in which the rear part of the cell detaches from the substrate and the 

body of the cell moves forward.  

Using microcantilevers as biosensors to measure the forces exerted by the cells 

could be a good alternative to the techniques described in paragraph 3.1. of this 

chapter. MEMS sensors are ideal for measuring forces and displacements at 

level of individual cells due to their small size and fine resolution. In addition, 

the suitability of MEMS sensors for batch manufacturing processes allows 

multiplexed examination, leading to robust statistical studies107. Although these 

structures offer high sensitivity that could allow the detection of cellular 

dynamics, some limitations have hampered their use for studying forces exerted 

by cells.   

For example, as early as 1997, Sheetz et al. were able to use micro-cantilevers 

to determine ventral traction forces as a function of time and compare them with 

dorsal measurements of fibroblasts (Fig. 3.13a)74. Although this system was 

able to obtain information on the migration dynamics of fibroblast, the 

dimension of the cantilever allowed the analysis of just a small part of the cell 

body.  

In 2005, hybrid polymer cantilevers were used to measure the contractile forces 

of cardiomyocytes. In that study, analysis of forces was measured by acquiring 

images at the edge of the microcantilever108. More recently, Galbraith and 

Ferrell used a polymer-based cantilever to measure forces exerted by fibroblasts 

by optically measuring the deflection of each probe during cell attachment and 

spreading109. Although these systems were based on hybrid polymer cantilevers 

to achieve low power threshold for large deformations, they suffered from low 

sensitivity and resolution. In addition, their dimension allowed the measurement 

of one cell or only part of a cell per time. 
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Figure 3.13: a) Micro-cantilevers to determine ventral traction forces as a function of time and compare them with 

dorsal measurements of fibroblasts (Sheetz,1997); b) microcantilevers to investigate the effect of physical location 

of functionalization molecules on the detection of cells signal (Patil,2018).  

 

Recently, silicon-based nanomechanical sensors have been used to study the 

forces of living cells by recording in real-time the change in surface stress of 

the cantilevers. In particular, Etayash et al. in 2015 studied the deflection of the 

cantilever in the presence of living cells. They found that it was possible to 

detect the forces that occur when cells bind on the sensors85. In 2018, Patil et al. 

investigated how the reproducibility of such deflection signals depends on the 

physical location of the chemically responsive regions (Fig. 3.13b). They 

developed a special structured functionalization to decipher important aspects 

of the transmission of mechanical forces over short and long length scales89. 

Although several attempts have been made to improve the sensitivity of 

commercial nanomechanical sensors in liquids for the mass detection, there is a 

lack of studies that enhance their performance to detect the forces exerted by 

cells. Indeed, to improve their sensitivity the cantilevers should be smaller than 

cells, resulting in unreliable performances. Otherwise, very large and stiff 
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cantilevers or other microstructured platforms are needed to grow cells as in 

vitro substrates, to investigating the cell migration.  
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Chapter 4   
 

Half-wet nanomechanical biosensors to investigate cancer 

cells adhesion and migration dynamic 

 

3. Introduction  

 

The design of the devices employed in this thesis arise from that one proposed 

by Oesterschulze and coworkers and described in detail in previous chapter.  We 

adapted it to mechanobiology investigations such as the force tracking on living 

cell cultures. The device features have been changed for the specific 

requirement of the project, such as the cell seeding and culture protocols and 

the fitting with different microscopy set-up. The device design has been tuned 

consistently with the application change and material and specific fabrication 

and functionalization aspects have been introduced in the processes.   

In order to demonstrate the potential of these devices to investigate cancer cells 

properties in term of adhesion, spreading and motility, two human breast cancer 

cell lines will be compared: the MCF-7 and the MDA-MB-231 triple-negative 

breast cancer cell lines, which exhibit representative epithelial-to-mesenchymal 

transition associated with breast cancer metastasis and are commonly used to 

study late-stage breast cancer.  

The device consists of a series of cantilevers etched into a suspended silicon 

nitride membrane, separated by a micrometric gap. This architecture allows to 

keep one side immerse in a liquid environment, typically a cellular culture 

medium, and the other exposed to air and compatible with optical and electronic 

requirements. Based on this characterizing feature, I named this sensor family 

as “half wet nanomechanical sensor”, in the following referred as HWN sensors. 

The mechanical and mechanobiological features of HWN sensors showed that 

this approach allowed to highlight and quantify important mechanobiological 
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features that may have an impact on the development of new anticancer 

therapies. This work shows that the HWN sensors can be used to evaluate the 

adhesion and contraction forces of different cell lines and are a valuable tool for 

rapid and quantitative in vitro screening of new chemotherapeutic drugs that 

target cancer cell adhesion and motility.   
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4.1. Design of HWN sensors   

 

As anticipated in the introduction to this chapter, HWN sensors consisted of 

rectangular cantilevers carved on a silicon nitride suspended membrane by the 

formation of a narrow gap. The membrane was supported by a silicon frame on 

all four sides. The formation of a water meniscus in the gap prevents the medium 

from leaking to the opposite side, which remains dry and is used to reflect a 

laser to measure the deflection of the cantilever.  

To explore a wide range of mechanical forces, the suspended microcantilevers 

of HWN were fabricated with three different lengths (50 µm ,100 µm, and 200 

µm) and a width of 30 μm (Fig. 4.1a). The optimization of the half-wetting 

operation mode, reducing the leakage of solution through the cantilever gap (the 

wider the gap, the higher the leakage probability) and the elastic response of the 

meniscus (the narrower the gap, the stiffer the meniscus response), was 

accomplished by changing the gaps surrounding the cantilevers (2, 4, and 8 µm). 

The chip with the suspended cantilevers are shown in the following images 

collected by scanning electron microscope (SEM) (Fig. 4.1b, c).  

 

 

Figure 4.1: a) A schematic diagram of bottom and side view of suspended cantilevers; SEM image of suspended 

cantilever array etched on 𝑆𝑖3𝑁4 membrane: b) Cantilevers with 30 μm width, 4 μm gap, and 200 μm, 100 μm and 

50 μm long, respectively; c) magnified view of the area identified by a red square (in the (b) panel)  to highlight 

the gap area, as indicated by the white arrow. 
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4.2. Fabrication of HWN cantilevers   

 

The chips with suspended cantilevers were fabricated using conventional 

micromachining approach and started from a 500 μm thick silicon wafer coated 

on both sides with a 2 μm thick low-stress LPCVD silicon nitride (𝑆𝑖3𝑁4) film.  

At first, a 150nm thick chromium film was deposited on both sides by DC 

magnetron sputtering (Fig. 4.2a); a positive photoresist (MEGAPOSIT™ 

SPR™220 1.2) was spin-coated at 3500 rpm for 45 seconds on both sides (Fig. 

4.2b) and pre-baked at 115°C for 1’30’’(Fig. 4.2c); a double-sided aligned 

exposure by standard proximity UV lithography (Fig. 4.2d) using two masks 

allow the resist patterning: the upper mask contains the markers and cantilevers 

pattern while the lower mask the structures for the windows definition (Fig. 

4.3). After resist develop (Fig. 4.2e), the pattern was transferred into the 

chromium film by wet etching process (Fig. 4.2f), in a mixture of water, acetic 

acid (𝐶𝐻3𝐶𝑂𝑂𝐻), and ceric nitrate ammonium (𝐶𝑒𝑁𝐻4) 2 (𝑁𝑂3) 6. Then the 

exposed 𝑆𝑖3𝑁4 was dry etched by reactive ion etching (RIE) for the windows 

structures using a mixture of CF4/O2 (150W, 100V bias) and by inductively 

coupled plasma RIE (ICP-RIE) (Fig. 4.2g) for the cantilever, using a mixture of 

SF6/C4F8/O2 (240W, 50V bias). First of all, I performed etching for the transfer 

of large window by RIE because, although the low anisotropy of the etching 

process, it allows higher etch rate. Then, I etched the top side containing the 

cantilevers by ICP-RIE, because it permits to achieve high anisotropy and better 

quality in term of verticality, necessary for the range of resolution and aspect 

ratio of the produced structures.   

The 𝑆𝑖3𝑁4 cantilever were released by wet etching in KOH solution (30 wt %, 

80°C) (Fig. 4.2h). Finally, the chromium mask was removed in etchant solution. 

It is important to stress here that gaps as narrow as 2 µm with a 2 µm thick 

membrane with an aspect ratio of 1 represent the smaller value achievable for a 

quasi-isotropic RIE process. 
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In the following, the 𝑆𝑖3𝑁4 surface that was previously in contact with the bulk 

silicon wafer will be referred as the “laser-side”, while the opposite surface will 

be referred as the “cell-side”, since it will be in contact with the cell medium 

where the cells will grow (Fig. 4.2I).   

The chips were further cleaned in O2 plasma oxygen (1 min, 40 W, Bias 100 V) 

and coated with a Ti-20nm – 50nm Au thin film by e-gun evaporation on the 

“laser side” to improve the laser reflectivity, that, as explained later, will be 

important for the detection sensitivity.  

 

 

Figure 4.2: a) a 150nm thick chromium layer was deposited on both sides of a 2 μm thick low- stress LPCVD 

silicon nitride layer; b) SPR 220-1.2 photoresist is spin-coated on both sides of the wafer; c) pre-bake treatment is 

performed; d) double- aligned exposure by standard proximity UV lithography; e) exposure is followed by post-

bake treatment; f) the protective chromium layer was removed by wet etching; g) the exposed 𝑆𝑖3𝑁4 layer is etched 

by reactive ion etching; h) the SiN cantilevers immersed in KOH are exposed; i) the cantilever side is referred to 

as the "cell-side" while the opposite side is referred to as the "back-side" and is covered with a thin gold layer. 
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Figure 4.3: a) the upper (left) and lower (right) masks used for double exposure in the standard photolithography 

process; b) the GDS (Graphic Data System) file for the upper mask, showing the markers and pattern with the 

cantilever structures (enlarged on the right image). 
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4.3. Development of a chamber of measurements for HWN 

sensors 

 

The configuration of our sensor requires that the cell side stay in contact with 

the liquid, while the laser side remains dry to enable the detection of the signal 

through an optical read-out. To operate properly the HWN sensors, I designed 

and developed a dedicate open liquid chamber (Fig. 4.4). In this chamber, the 

chip (Fig. 4.4a) is mounted on a suspended circular holder (Fig. 4.4b). The 

holder is then turned upside down, placed on the lid of a Petri dish and sealed 

with metal rings. This creates a cell that can be filled with the liquid with an 

overall volume of 650 µl (Fig. 4.4c). It can be used on an inverted microscope, 

so performing fluorescence optical microscopy, and compatible with the head 

of a JPK-NanoWizard II and Nanowizard 3 AFMs, so that the embedded laser 

detection system, used in the microscope to detect the AFM cantilever detection, 

can also be used to measure the deflection of the HWN sensor cantilevers (Fig. 

4.4d).  

 

 

Figure 4.4: a) The chip with the fabricated cantilevers is mounted on the suspended circular holder with the bottom 

side facing up; b) the holder is turned upside-down, placed on the petri dish lid; and c) sealed by metallic rings, 

thus creating a liquid cell which is filled with the medium (650 μl final volume); d) the sealed fluid chamber is 

finally placed in an AFM setup. 
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4.4. Nanomechanical characterization of HWN sensors  

 

To evaluate the forces exerted by the cells on the sensor, the static deflections 

caused by the cells, which are detected by optical readout (AFM-based), must 

be converted from an amplitude signal (V) to a force (N). This step requires 

calibration of the spring constant (k) and the sensitivity of the cantilevers.  

In air and in liquid, the static spring constant (k) of the suspended cantilever 

does not depend on the size of the gap, while in the half-wet (HW) configuration 

the formation of the meniscus on the gap surrounding the cantilevers can add a 

further restoring force to the cantilever displacement, thus increasing the 

effective elastic constant of the systems. To quantify this effect, the cantilevers 

were calibrated in static mode both in air and in HW condition.   

The spring constant of the fabricated cantilevers was calculated using a 

rectangular commercial cantilever NSC18/AIBS (μMasch) as a reference probe 

with comparable length, width, and thickness, whose spring constant was 

previously evaluated using the thermal noise method104,105. 

To perform the measurement, the reference cantilever was mounted on the AFM 

tip holder and the HWN sensor chip (with the suspended cantilevers) was 

attached to a glass coverslip with double-sided tape.  

Calibration is performed by generating two force-displacement curves. First, the 

reference cantilever is pressed against a rigid surface (Si surface) to determine 

its spring constant 𝒌𝒓𝒆𝒇 and its sensitivity 𝒔𝒓𝒆𝒇 .   

The second measurement is made by pressing the reference cantilever against 

the HWN sensor cantilever.  
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The spring constant of the HWN sensor cantilever (ku) is evaluated by the 

following equation:  

 

𝑘𝑢 =  
𝑧𝑟𝑒𝑓

𝑧𝑡𝑜𝑡 − 𝑧𝑟𝑒𝑓
 𝑥 𝑘𝑟𝑒𝑓 𝑥  𝑐𝑜𝑠2(𝜃) 

 

Where, 𝒛𝒄  is the deflection of the reference cantilever; 𝒛𝒕𝒐𝒕 is the total relative 

displacement; 𝒌𝒄 is the spring constant of reference cantilever. Notice that zc = 

zu+zc, where zu is the deflection of the HWN sensor cantilever. The 

term 𝒄𝒐𝒔𝟐(𝜽)  is a geometric correction for the tilt angle of the reference 

cantilever (15° tilt for our AFM). A sketch of the calibration procedure is shown 

in figure 4.5.   

 

 

Figure 4.5: Graphical description of the approach to evaluate the spring constant of the HWN sensor cantilever. 

a) Schematic of the AFM set-up for measuring the spring constant of the HWN sensor cantilevers using a reference 

cantilever. b) Force-displacement curve (Height measured vs. Vertical Deflection) for the reference cantilever 

approaching the HWN cantilever. Using the force-displacement curve we can find the value of 𝒛𝒓𝒆𝒇 by multiplying 

the value of 𝑽𝒓𝒆𝒇 x 𝑺𝒓𝒆𝒇.  

 

Finally, to convert the deflection of the HWN cantilever into a force value, we 

evaluate the sensitivity of the read-out system using the non-contact approach 

of the JPK- NanoWizard III AFM software which is based on Sader’s theory 

and does not require the acquisition of a force-distance curve on a hard surface. 
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This method provides the inverse optical lever sensitivity (InvOLS) of the 

rectangular cantilevers from the thermal spectrum110,111. 

 

For the cantilevers with a length of 50 µm, we notice an extremely large 

variability of the k values both in air (82 ± 46 N/m) and in HW (138 ± 79 N/m) 

conditions which is probably results from the uncertainty in the positioning of 

the AFM tip of the reference cantilever on the edge of the tested cantilever, 

which is particularly relevant for shorter cantilevers.   

Spring constants of (25± 6) N/m and (3 ± 1) N/m were obtained in air for the 

cantilevers with length of 100 and 200 µm, respectively. When measured in HW 

condition, for both cantilevers we observed a slight increase in k-values, which 

was larger for smaller gap sizes. The increase of the k-values when moving from 

the in-air condition to the HW-condition was evaluated for each cantilever, and 

then the ratio between the tow HW / AIR was plotted (Fig. 4.6). For the smaller 

gaps (2 µm and 4 µm) the stiffening induced by the water meniscus is relevant, 

up to an average increase of 70% of the k values in the case of 2 µm gap and 

200 µm long cantilevers. For the 8 µm gap, the meniscus contributes with a 10% 

to the stiffness value, without a significant difference among 100 µm and 200 

µm length.  

 

Figure 4.6: Mean ratio HW/AIR of spring constant values of the suspended cantilevers with different length as a 

function of the gap width obtained in air and half-wetting condition. 
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To evaluate the performance in dynamic mode, we performed resonance 

frequency measurements of our cantilevers in three different conditions: air, 

half-wet and fully-wet (in milliQ water). The cantilever resonance frequency 

was obtained using a home-built photothermal excitation system, integrated into 

a JPK- NanoWizard II AFM in the same three different conditions.   

An excitation laser (375 nm, 70 mW) was focused on the base of the cantilever, 

the AFM built-in detection laser (780 nm) was then aligned on the tip of the 

cantilever and its reflection aligned on the AFM photodiode detector. For the 

half- wet condition, the chamber of measurements was filled with 650 μl of 

milliQ water, while for full-wet condition the chamber is completely filled 

causing the cantilever to be immersed in liquid. 

The resonance spectra obtained for the cantilevers of length 100 and 200 µm 

are shown in Figure 4.7. In air, resonance frequencies of 240 kHz and 64 kHz 

were obtained, respectively. By fitting a Lorentz function to these spectra, a 

quality factor (QF) of 66 and 116 were obtained, respectively. In the half-wet 

conditions (HW), we observed a shift to lower resonant frequencies for both 

lengths, with peak values of 106 kHz and 30 kHz and a QF= 23 and 10.6 for 

cantilevers of 100 and 200 µm length, respectively. In the fully wet condition 

(FW), the resonant frequencies were 48.8 kHz and 24.1 kHz, with 5.4 and 1.7 

QF. Operation under the HW condition results in a decrease in QF of 3 and 10 

times for 100 µm and 200 µm long cantilevers, respectively, which is significant 

but still allows the cantilevers to be used as mass detectors. In contrast, in FW 

condition the change in QF is dramatic, up to a factor 102 . Therefore, the HW 

configuration drastically reduces viscous damping, as also suggested by other 

authors103. 
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Figure 4.7: Normalized amplitude values of resonance frequency measurements for100 µm (a) and 200um (b) long 

cantilevers as obtained in air, half- wetting, and full-wetting conditions.  
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4.5. Application of the HWN sensors to the detection of cancer 

cells  

 

4.5.1. Cantilever functionalization  

   

Any type of biosensor must be functionalized with appropriate molecules to 

facilitate cell interaction or adhesion. Such a procedure usually results in coating 

of all exposed surfaces for fully immersed cantilevers, which leads to cells 

growing on both sides of the cantilever69,100.  

As a result, either the presence of cells on the laser side may interfere with laser 

deflection or the cellular forces on the opposite side could balance each other, 

leading to misleading results. In order to restrict the cells growth to one side of 

the cantilever I developed a specific functionalization protocol to functionalize 

only one side of the cantilevers. The surface of the cell side surface of the HWN 

sensor is functionalized with 3-amino-propyl-triethoxysilane (APTES), an 

aminosilane commonly used in biosensors that creates a monolayer that exposes 

amino groups on the surface 112, which facilitates cell adhesion, as shown in 

several studies109,113–115.  

An alternative protocol based on vapor deposition to functionalize only the cell 

side of the sensor is applied, which leaves the back side of the cantilever free of 

impurities that could also interfere with laser reflection (Fig. 4.8). 

Specifically, the chips were fixed on a glass substrate with a Kapton tape (Fig. 

4.8a), then subjected to a plasma O2 process (1 min, 40 W, 100 bias)  to clean 

the substrate and expose the silanol groups on the surface for the subsequent 

functionalization process.   

A glass Petri dish filled with 300 µl of APTES was placed on the bottom of a 

glass vacuum chamber (maintained at 1 − 10−1 𝑚𝑏𝑎𝑟 ) and heated to 50°C. 

The sample was placed upside down 20 cm above the Petri dish and exposed to 

APTES vapor for 4 hours at 50°C in continuum vacuum (Fig. 4.8b). Finally, the 

chip was cured at 120°C for two hours in a separate vacuum oven (Fig. 4.8c).  
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The functionalization protocol was optimized based on the parameters found in 

the literature, which showed better adhesion of the Aptes when deposited at 

temperatures between 50-75°116,117. The curing  after incubation with APTES is 

very important, enabling the formation of covalent bonds between APTES 

molecules to the hydrophilized surface118.  

 

 

Figure 4.8:a) the chip (blue) with the top-side facing up is fixed on a glass coverslip with a tape and subjected to 

a plasma O2 process; b) the coverslip is then placed backside down 20 cm above the Petri dish with APTES and 

exposed to silanes vapor for 4 hours at 50°C in continuum vacuum; c) afterward, the sample was underwent to the 

curing treatment at 120°C for 2 hours. 

 

The functionalization of the cantilever was characterized by contact angle 

measurements (CA) (Fig. 4.9a) performed with a DataPhysics optical 

instrument OCA 15Pro (DataPhysics Instruments GmbH, Germany) at room 

temperature by adding 2 μL Milli-Q water to the 𝑆𝑖3𝑁4. The average CA values 

were determined by averaging over four different positions on three samples. 

We measured (60±0.7) ° for the native SiN surface and (79 ±3) ° one hour after 

the APTES coating. After 24 hours, the values showed a stable functionalization 

(83±5) °. This result is consistent with the literature, as it has been demonstrated 

that the presence of the NH2 groups of the APTES increases the contact angle 

of the silicon nitride surface compared to the native material119. 
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These value seems to be consistent with those found in the literature for APTES 

functionalization in a 10% v/v solution115. To evaluate the adhesion of cells to 

our chip after APTES functionalization, the number of MDA-MB-231 cells on 

the surface was determined by counting the cells 20 minutes after seeding (the 

same time used for experiments). The data showed better adhesion of cells on 

the 𝑆𝑖3𝑁4 surface after treatment with APTES compared to the untreated surface 

(Fig. 4.9b). Although higher hydrophobicity might be contrary to better cell 

adhesion, many studies in the literature have shown that surface energy is not 

the only feature that increases cell adhesion 120. In fact, the higher adhesion of 

cells can be explained by the presence of active -NH2 groups on the 𝑆𝑖3𝑁4 

surface.  

 

 

Figure 4.9: a) Characterization of APTES SAMs based on water contact angle on native silicon nitride (𝑆𝑖3𝑁4) 

surfaces and 1h or 24h after APTES functionalization. Data show an increase in contact angle after 

functionalization and no significant change after 24 h of treatment as evidence of silane layer stability; b) 

Evaluation of functionalization efficiency for cell adhesion enhancement.  

  

The morphology of the functionalized surfaces was also analysed by atomic 

force microscopy (AFM) (Fig. 4.10). When evaluating the roughness values, we 

found a decrease in surface roughness for the substrates functionalized with 
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APTES, from 4.3 to 4.1 nm compared to the value obtained with the native 

silicon nitride substrate.  

 

Figure 4.10: The 3D AFM images of surface morphology of 𝑆𝑖3𝑁4surface before (a) and after (b) APTES 

functionalization. AFM images were acquired in AC mode in air on a MFP-3D-Bio instrument (Asylum 

Research/Oxford Instruments) with silicon cantilevers (Mikromasch, NSC19/ AL BS with a nominal tip radius of 

∼8 nm and spring constants of k = 0.6 N/m (f ≈ 65 kHz). The 512x512 pixel images were acquired in a 5 µm × 5 

µm area. Here the scale in the vertical range is 30 nm.  

 

Since the high roughness of silicon nitride surfaces makes it difficult to study 

the contribution of the APTES layer, I performed an in-depth morphological 

analysis on silicon surfaces (see Appendix).  

This functionalization protocol was used also for the development of a novel 

bioassay platform, which was used as part of a collaboration with the Karolinska 

Institute. All the details are reported in the Appendix section. A more in-depth 

investigation of functionalized surfaces with APTES is there showed.  
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4.5.2. Cell lines and cell cultures  

 

 

MDA-MB-231 (ECACC 92020424) and MCF7 (Sigma-Aldrich ECACC, 

#92020424) cells were cultured in a Dulbecco’s modified eagle medium 

DMEM-high glucose, with L-glutamine and sodium pyruvate (Sigma-Aldrich), 

supplemented with 10% (v/v) of fetal bovine serum (FBS) (Sigma-Aldrich) and 

1% (v/v) penicillin-streptomycin (EuroClone) at 37°C 5% of CO2 incubator.  
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4.5.3. Experimental setup for living cells analysis   

 

To use HWN sensors to monitor cell adhesion, spreading, and motility, the cell 

must be positioned on the cell side while the laser side remains dry.  

To perform the experiments with MDA-MB-231 and MCF-7 cells, I used the 

open liquid chamber described before. After the chip has been mounted on the 

suspended circular holder a 25 µl droplet containing approximately 3.000 cells 

is placed on the top of the cantilever under sterile conditions (Fig. 4.11a) and 

incubated in a humidified atmosphere at 37°C and 5% CO2 for 20 minutes to 

allow the cells to adhere while the back is kept dry (Fig. 4.11b). The holder is 

then turned upside down, placed on the lid of the Petri dish (Fig. 4.11c) and 

sealed with metal rings. The resulting liquid cell is filled with the medium (650 

µl final volume) (Fig. 4.11d) and mounted under the AFM head (Fig. 4.10e). In 

this way, the cell side of the cantilever with the adherent cells is in contact with 

the medium, while the formation of a meniscus in the gap prevents leakages 

over the back side where the laser beam of the AFM system is focused.  

Cell position and movement were monitored by fluorescence images and time-

lapse movies, which were acquired by a Zeiss AxioVert200 inverted microscope 

with a 20X objective and an XM10 camera (Olympus Corporation). 

Fluorescence images were acquired with an exposure time of 500 ms, while in 

time-lapse images were acquired every 30 seconds with an exposure time of 65 

ms for a total time of 15 minutes. The images were then analyzed using ImageJ 

software. 
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Figure 4.11: Graphical description of  the assembly of HWN sensor with a liquid chamber for experiment with 

adherent cells: a) The chip is mounted on the suspended circular holder with the bottom side facing up; b) a 25 µl 

drop of cells suspension is placed on the chip surface and incubated for 20 min in incubator (37°C and 5% CO2) 

to allow cells to adhere, while the top side (faced down) is kept dry; c)the holder is turned upside-down, placed on 

the petri dish lid; and d) sealed by metallic rings, thus creating a liquid cell which is filled with the medium (650 

μl final volume); e) the sealed fluid chamber is finally placed in an AFM setup to detect the deflection signal. 

Moreover, the chamber is compatible with an inverted microscope to follow the migrating cells during the 

experiments.   
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4.5.4. Mass measurements of living cells on HWN sensors

  

The reduced effect on the quality factor achieved by the HW condition, is an 

important aspect to improve mass detection in liquids for biological 

applications. As a proof of concept, I evaluated the performance of HWN 

sensors measuring the mass of MDA-MB-231 breast cancer cells grown in 

adhesion on the cantilevers. The spectra acquired before and after the cells were 

deposited on a 4 µm gap and 200 µm long cantilever are shown in Figure 4.12: 

we observed a negative resonance shift induced by the presence of the cells.  

A shift of 0.8 kHz and 1.3 kHz was observed for the presence of n >10 cells and 

(Fig. 4.12a) and 5 cells, respectively (Fig. 4.12b). The presence of cells on the 

gaps could add a further stiffening contribution which may compensate the 

frequency shift induced by the added mass54,70. As is well known, the resonance 

frequency shift generally depends on the position of the cell on the cantilever 

and the surface tension applied to the cantilever by the adhesion and migration 

process of the cells62,63,80,102,121,122. Since living cells move costantly on the 

sensor surface, and their position and the exerted forces change from 

measurement to measurement, it is not possible to accurately determine the cell 

mass. An estimate of the single-cell mass was made assuming a uniform 

distribution of cells along the cantilever and in the gaps. To determine the value 

of the resonant frequency, the frequency curves were fitted with Lorentzian 

functions. The corresponding values of the resonance peaks were used to 

calculate the additional mass due to the presence of cells in dynamic mode, as 

described in the literature121,123. The results showed an additional mass of 0.1 

ng for the cantilever with 5 adherent cells. The value of mass was  ̴ 0.02 ng/cell. 

This value is about 10-100 times lower than the mass of single cells measured 

in the literature96,123,124. This result confirms that the stiffening contribution of 

the cells on the gaps affects the measure of mass. 



 

85 

 

 

Figure 4.12 : The graph shows the normalized amplitude value of resonance frequency measurements in absence 

(violet) and in presence of n>10 cells (a) and n=5 cells (b) as obtained  in half- wetting condition.  

 

 

4.5.5. HWN sensor to investigate cancer cell motility and 

exerted forces 

 

To investigate cell motility and adhesion forces,  cantilevers with 200 μm length 

and gap size of 2 μm  and 4 μm were used, because the force sensitivity 

improves with lower spring constants62. The gap size of 8 μm was not suitable 

for these experiments, since we frequently observed that the cells somehow 

remained trapped in the gap, leading a decrease in their motility. 

The deflection curves in presence of cells, acquired using the "real-time" 

oscilloscope mode of NanoWizard II AFM (JPK Instrument, AG), can be can 

be converted into forces by using the values of k and sensitivity obtained for the 

cantilever in HW condition (see the calibration section).   

We measured the dynamic deflection of the same cantilever before (Fig. 4.13a) 

and after (Fig. 4.13b) MDA-MB-231 cell adhesion under HW (blue traces) and 

FW (red traces) conditions. In absence of cells the signal amplitude is larger in 

the FW conditions, indicating that the presence of the medium also on the laser 

side perturbs the read-out adding an extra noise contribution. When cells are 
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present on the cantilevers, the signal amplitude remains the same, but the 

deflection variation induced by the cell motion appear much larger on the 

cantilevers operated in HW conditions. Since cell behaviors on the cell side of 

the cantilever cannot be influenced by the presence or not of culture medium on 

the laser side, we can conclude that HW condition offer a much larger sensitivity 

to cell-induced deflection.  

 

Figure 4.13: Deflection signal recorded in half wetting (blue curve) and in full wetting conditions (red curve) for 

the same cantilever in absence (a) and in presence (d) of MDA-MB231 cells.  

 

To better assess the variation of the signal over time, we performed the moving 

variance analysis (Fig. 4.14). The moving variance was obtained by calculating 

a variance value for intervals of 100 milliseconds. Each value is plotted as a 

function of time. Due to the higher damping, the FW configuration was able to 

follow much faster variations. In fact, the moving variance showed significant 

differences when the time interval for which the value is calculated is of the 

order of  𝑄/𝑓, i.e.,   ̴ 60 ms and   ̴ 300 ms for FW and HW, respectively. By 

using these values, the moving variance analysis showed that the difference 

between the cantilever before (top) and after cell adhesion (bottom) is less 

remarkable in FW condition (Fig. 4.14a) than in HW (Fig. 4.14b). Indeed, in 

FW the spurious peaks, likely due to cellular debris or other factors interfering 

with the laser path, complicate the interpretation of the signal after cell 
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adhesion. At longer time intervals of moving variance (3 seconds) we can see 

an increase in the values after cells adhesion in HW condition (Fig. 4.14c, blue 

traces), while in FW condition (Fig. 4.14c, red traces) we observe a decrease in 

the variance signal because of the higher damping. All together, these data 

confirm the highest sensitivity of the sensors operating in half-wet conditions. 

 

Figure 4.14: The corresponding moving variance analysis of deflection signal (Fig.6 a and b) recorded in half-

wetting (HW) (blue curve) and in full-wetting (FW) (red curve) is shown in absence (at the top) and in presence 

(on the bottom) of cells, at three different time intervals: 60 ms (a), 300 ms (b) and 3 sec (c). The time interval was 

chosen according to the ratio between the quality factor and the resonance frequency of the sensor. In FW 

condition, it is possible to notice the presence of spurious peals also without cells, as demonstrating the possibility 

to signal disturbance during analysis. Moreover, for higher time interval to analyse, due to the higher damping, 

the FW condition is not able to highlight variance changing compared to the HW one.  

 

 

 

 

 

 

 

 

 



 

88 

 

To check the potential of the HWN sensors as a test of cancer malignancy the 

same experiment were performed with a less aggressive breast cancer cell line: 

MCF-7. A comparison of the deflection signal of the cantilever before and after 

cell incubation (Fig. 4.15) shows that, when cultured on the HWN sensor, 

MDA-MB-231 cells (Fig. 4.15a, in red) exhibit much higher forces than MCF-

7 cell (Fig. 4.15b). In order to associate the recorded forces with the cellular 

motion, I recorded a time lapse movie simultaneously to the deflection 

measurements. The cells move and spread on the cantilever surface and across 

the gap.   

To quantify in a more rigorous way the forces developed by the cells, we 

performed the analysis of the variance over the entire measurements period. 

Indeed, the variance does not account for static deflection, while attributes the 

correct weight to rapid cell pulsation that would be lost by force averaging.  

The vertical deflection signal was recorded at a sampling frequency of 1 kHz 

for 15 minutes. During the measurements, the temperature of the setup was 

monitored and maintained at 30°C ± 1°C. Before analysis, the thermal drift was 

subtracted from the data by linear flattening. The cantilever deflection of the 

resulting curves was then converted to force using the cantilever spring constant 

and the sensitivity previously evaluated.  

 

 

Figure 4.15: Deflection curves as function of time for bare cantilevers and in presence of MDA-MB 231 (a) or 

MCF7 cells (b) recorded in HW conditions. (c) Variance values obtained for the cantilevers of 200 um of length 

and 2 µm of gap size grouped according to the number of cells adherent to the cantilever: for MD-MB231 ≤4 cells 

N=3; 5-9 cells N= 6; >10 cells N=4, for MCF7 5-9 cells N= 5; >10 cells N= 5.  
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In the analysis of variance, we classified the cantilevers according to the 

different number of cells adhering on the sensors. To this purpose, the nuclei 

were stained and by using the fluorescence microscopy we counted the number 

of cells on the cantilever and across the gap (as shown in Fig. 4.16).  

 

 

Figure 4.16: an example of fluorescence image acquired on MDA-MB-231 cells (stained with NucBlue) during 

migration analysis.  

 

As expected, the variance is larger when a higher number of cells is present on 

the cantilever surface. As can be seen in Figure 4.15c, the variance relative to 

MDA-MB-231 is much larger than that relative to MCF-7, suggesting the 

former exert larger forces during migration, adhesion, and contraction process. 

This is consistent with the data from the literature125 and with the scratch wound 

assay, which showed that MDA-MB-231 have higher mobility than MCF-7 

(Fig. 4.17), which is consistent with their high potential ability to metastasize.  
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Figure 4.17: Scratch wound healing assay for MDA-MB-231 cells and MCF-7 cells. Cells were starved 

with medium with 1% (v/v) FBS for 20 h. Afterward, a scratch was made on each well by a micro-

pipette tip and images were acquired at t=0 and after 24 h. The images show that after 24h the MDA-

MB-231 cells cover completely the entire cross as respect to the MCF-7 cells. 

 

Scanning electron microscopy (SEM) was performed with LEO 1540XB (Carl 

Zeiss AG) on HWNs after fabrication process to characterize the resulting 

cantilevers and after experiments with cells to assess cells adhesion and position 

on the cantilever if on plane surface or across the gaps, and to perform 

morphological analysis. To perform the morphological analysis, the medium 

was removed at the end of the incubation time and the cells rinsed with 

Phosphate-buffered saline (PBS). The cells were fixed in 4% paraformaldehyde 

for 20 minutes, at room temperature. After incubation, they are rinsed in PBS 

and then dehydrated in graded ethanol, dried, and coated with a thin layer of 

Au/Pd. SEM images acquired after measurements confirmed the position of the 

cells on the sensors indicating also a strong adhesion that withstood washing 
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and fixation procedures required by SEM sample preparation protocols (Fig. 

4.18).  

 

Figure 4.18: SEM images of cell adherent on cantilever with a length of 200 µm and a gap size  

of 4 µm after deflection measurements. Representative SEM image (a) and zoomed view identified by the red square 

(b). 

 

4.5.6. Analysis of the variance as a function of cell 

position along the cantilever 

 

To further investigate the effect of cell positioning on the force generated, I 

grouped the cantilever according to three different positions of cells (both MDA 

and MCF7) along the cantilever: 1) the majority of the cells lay in the apical 

region (> A); 2) the majority of the cells lay in the basal region of the cantilever 

(> B); 3) cells are equally distributed on the apical and on the basal region of 

the cantilever (A=B), as described in the scheme (Fig. 4.19a). The analysis of 

variance of the deflection signal showed an increase when the majority of the 

cells are in the apical zone compared with the basal zone. This result suggests 

that the apical zone may be the most sensitive zone of the cantilever, which is 

consistent with the literature123. When the cells are evenly distributed on the 

apical and basal zones, the signal is lower compared to the situation when cells 

are in the basal zone, suggesting that this positioning balances the system and 
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reduces the detectable oscillations  

(Fig. 4.19b).   

 

Figure 4.19: The positioning of cells along the cantilever influences the force signal generation. a) Schematic of 

arrangement of cells (MDA and MCF-7) with three different combinations: a higher number of cells in the apical 

region (>A) or in the basal one (>B); an equal number of cells in the apical and basal zone (A=B). b) Analysis of 

variance (nN) of the oscillation signal shows a different outcome in function of the different cells positioning. In 

details, a higher number of cells placed on the apical region cause an increasing in the variance values than the 

basal positioning. Moreover, if cells are equally distributed in the apical and basal zones, the signal decreases as 

indicating how the presence of cells on the opposite part of the sensor could balance the system reducing the 

oscillation.  

 

To compare the two cell lines, we also analyzed the variance as a function of 

the position of the cells in the apical or basal zone. We found that MDA-MB -

231 cells had higher variance values in both the apical and basal zones than 

MCF -7 (Fig. 4.20a). Finally, for the samples where the majority of cells lay in 

the apical zone, we analyzed the variance for both MDA and MCF -7 as a 

function of the number of cells, finding a linear correlation between variance 

amplitude and number of cells, indicating that by evaluating the variance, we 

actually sum up the force contribution provided by every cell, even if they act 

randomly and independently (Fig. 4.20b).  
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Figure 4.20: The variance analysis of oscillation signal in function of cell positioning for different type of cells 

(MDA or MCF-7). a) The MDA-MB-231 cells showed higher variance values both on the apical or basal zone if 

compared to MCF-7 ones; b) the analysis of variance for MDA and MCF-7 placed only on the apical zone (the 

most sensitive zone) showed higher values consistent with the number of cells. 
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4.5.7. Macro- and micro-oscillation analysis   

  

Upon further investigation of the forces exerted by the cells on the cantilever, 

we find that the deflection curves exhibit macro- and micro-oscillations.   

First, we sampled the data set of the curve (one point every 100) and then 

performed smoothing using the average of 500 neighboring points. In the 

resulting baseline curve, the peaks and minima are identified as macro-

oscillations. Then the same baseline curve is subtracted from the data curve to 

obtain additional peaks and minima, which are identified as micro-oscillations 

(see Fig. 4.21). All data processing and analysis was performed using Matlab 

R2019a and OriginPRO2021b software. 

 

 

Figure 4.21: Example of the cantilever deflection converted into force for MDA-MB-231 cells adherent 

to the HWN sensor. The macro-oscillations of the cantilever can be identified (red line), while other 

small oscillations are present as shown by the data curve (blue curve) (a). Yellow and red dots identify 

the peaks of macro-oscillations (b), and micro-oscillations (c). 

 

Both oscillations can be attributed to the cells adhering to the cantilever and 

moving on it or across the gaps, exerting a contractile force that deforms the 

cantilever. The forces corresponding to these oscillations were evaluated. The 

results for MDA-MB231 and MCF7 are compared in Fig. 4.22, where the 

cantilevers are grouped by the number of cells. The force values obtained for 
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macro- and micro-oscillations appear to be generally broadly distributed for 

MDA-MB231 compared to those observed for MCF7. The median force values 

for macro-oscillation of MDA-MB231 are 1.8 nN for ≤ 4 cells, 0.96 nN for 5-9 

cells, and 1.6 nN for > 10 cells; while for micro-oscillation, 2.3 nN for ≤4 cells, 

1.3 nN for 5-9 cells, and 1.8 nN for > 10 cells were obtained. These median 

values for cantilevers with a number of more than 10 cells are higher than those 

obtained for MCF7: macro-oscillations 0.65 nN for 5-9 cells, 0.40 nN > 10 cells 

and for micro-oscillations 1.0 nN for 5-9 cells, 0.79 nN for > 10 cells. These 

force values are compatible with those observed in single cell adhesion 

measurements by atomic force spectroscopy126. They are also consistent with 

studies performed using traction force microscopy, which have shown that 

metastatic cells in breast cancer models exert significantly greater traction 

forces than non-metastatic cells14,40. 

 

 

 

 

 

 

Figure 4.22: Forces correlated with the macro-oscillations (a) and micro-oscillations (b) obtained for MDA-

MDA231 and MCF7 grouped according to the number of cells adherent on the cantilever. 
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The higher values observed in the dispersed distribution are most likely due to 

the contribution of multiple cells moving and contracting or releasing 

simultaneously on the cantilever. The widely dispersed force values for MDA-

MB231, especially for the micro-oscillations, could reflect a different 

mechanism of force transmission at the adhesion sites between the two cell 

lines, with a variation in cell spreading or even a different number of adhesion 

sites formed in the initial phase of adhesion, but this should be further 

investigated. These results suggest that the HWN sensors could be a valuable 

tool for analyzing the force exerted by the cell during the adhesion or migration 

process and to monitor the effects of drug treatment on such processes in real 

time.  
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Chapter 5  
 

Half-wet micropatterned substrates for the investigation of 

cancer cell migration  

 

5. Introduction 

 

In this chapter, we propose a novel 2D substrate, derived from the architecture 

developed for the HWN sensors that could, in principle, separate the effects of 

physical confinement, stiffness and curvature experienced by tumor cells as they 

migrate, and offer an alternative approximation of the ECM micro-tracks in 

which tumor cells migrate in vivo.  

The experiments performed with HWN, described in the Chapter 4, showed that 

cells locate preferentially on gaps between the suspended cantilever and the 

membrane, where they also seemed to have a higher motility. Since the presence 

of meniscus has been demonstrated by the diverse mechanical behavior of the 

cantilevers in the HW condition as function of gap size, I wondered what the 

features of the meniscus are formed at the interface air-liquid that attract cancer 

cells, among the curvature, the surface tension, the absence of a steady 

anchoring structure, the access to the liquid medium all around the cell, or what 

else.  

The device consists of a chip, as shown in the previous chapter, on which 

multiple micro-gaps were fabricated. Instead of being used as sensors, the chip 

was placed in a upright chamber of measurement to allow breast cancer cells to 

grow on the microstructures. I analyzed the effect of these structures on the 

morphology of MDA-MB -231 breast cancer by different microscopy 

techniques and their effect on cell motility by live cell imaging. A preliminary 

comparison with the behavior on the same substrate of a less aggressive cancer 

cell line, the MCF -7 cells is also reported. 
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5.1. Design and fabrication of half-wet micropatterned 

substrates 

 

The topographic features of the ECM consist of a mixture of fibers, ridges, and 

sub-micrometer pores32,127. Recently, it has been shown that the growth and 

morphology of cells vary as a function of geometrical features of the substrates 

on which they grow. In particular, cells can pass through the pores and channels 

of the ECM, provided that the diameter of these structures is not smaller than 

the 10% of the cross-sectional area of their nucleus28,32. Based on these values, 

in the “trans-well assay” (described in the Chapter 2), the most widely used 

method to analyze the invasiveness of cancer, it is reported that cell populations 

easily diffuse through membrane pores with sizes between 3 and 12 µm10.  

Moreover, most migration studies were performed on cancer migrating cells 

with channels, gaps and ridges ranging from 2 to 50 µm in diameter127,128. 

To better mimic the topographical features of the ECM and study its effects on 

the migration of MDA-MB-231 and MCF-7 cancer cells, I decided to create 

rectangular gaps 2 µm, 4 µm, and 8 µm wide and 150 µm long.  

For each chip, I created a pattern of 4 arrays, each containing 3 gaps spaced 50 

µm apart. The 2 µm wide micro-gaps are well below the physical nuclear 

boundary, while 4 and 8 µm wide ones are comparable to it. Larger widths were 

excluded to avoid leakage through the gaps and to ensure the half-wet 

configuration. 

 Furthermore, since the fiber-like pathways that cancer cells can create and 

follow during their migration through the tumor microenvironment range from 

100 to 600 µm28,32, I chose a length of 150 µm, that have been commonly 

adopted in previous studies on migration of breast cancer cells129. Using this 

length, I created an array composed of 12 micro-gaps for each 𝑆𝑖3𝑁4 chip, thus 

increasing the size of my dataset with a better statistical analysis.  
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To fabricate the micro-gaps, I performed two lithographic  

processes on a 𝑆𝑖3𝑁4 substrate: standard lithography and electron beam 

lithography (EBL). First, I performed standard lithography with double mask 

alignment and exposure, as described in the previous chapter for the HWN 

cantilevers.  

Unlike the HWN sensor fabrication process, here I transferred only the markers 

(that will be useful for the following EBL processes) of the upper mask and the 

windows of the lower mask, by wet etching of the chrome, as shown in Figure 

5.1a.   

At this point, I continued with maskless EBL lithography by covering only the 

top of the wafer with positive e-beam resist ARP-679-0.2 and using the etched 

markers to align the pattern of the microstructured gaps (Fig. 5.1b) with the 

windows already developed during the previous lithography process. After 

exposing the wafer, I developed the structures and dry etched them as done with 

the HWN sensors. Finally, the chips with the final microstructures were 

characterized by SEM (Fig. 5.1c).  
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Figure 5.1: (a) schematic of the lithographic transfer of the markers (from the upper mask) and windows (from the 

lower mask); (b) an example KLayout file showing the final pattern of microstructured gaps; (c) SEM image of the 

array of microstructured gaps (8 um width) on the 𝑆𝑖3𝑁4 membrane. 
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5.2. Experimental set-up for cancer cell migration analysis on 

HW micropatterned substrates 

 

To ensure the half-wet configuration, cells must be seeded on the top side of the 

chip and immersed in the liquid, while the bottom side beyond the gap is kept 

dry (as for HWN sensor). The liquid-air interface across the gaps is required to 

create the meniscus which is then used as topographical feature to mimic a 

confined and curved space (Fig.5.2). For this reason, the medium is placed only 

on the top of the micro-gaps. To this purpose, I designed and developed a special 

chamber of measurement compatible with an inverted microscope equipped 

with live-cell imaging setup.  

 

Figure 5.2: Schematic of the cells grown on the micro-gaps and experiencing the half-wetting configuration. 

  

The chamber of measurement consists of a commercial Petri dish in which we 

cut 4 holes with a diameter of 2 mm using a CO2 laser cutter. The size of the 

holes was chosen to amply match the size of the silicon nitride windows (large 

500 x 500 µm) on the bottom of the chips.  

The holes are used to place the chips (with the micro-gaps arrays) on top and to 

keep the side above the gaps dry. Indeed, initial attempts to attach the chips 

directly to the petri dish without holes resulted in condensation on the bottom 

of the chips during incubation at 37°C, which could compromise the desired 

half-wet configuration for live cell experiments (as described below).  

Each chip containing the micro-gaps was aligned to each hole of the petri dish 
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and glued using ReproRubber ® ThinPour. To ensure sterility throughout the 

entire experiments, the Petri dish with the holes is covered with a Petri cap (to 

avoid any contaminations during the transfer of the device from incubator to the 

live cell imaging set-up) and a PMMA ring with a diameter of 2 cm and a height 

of 3 mm is placed between the cap and the Petri dish with the holes (Fig. 5.3a, 

b).  

 

 

 

Figure 5.3: a) Schematic diagram of the of the analysis chamber used for the experiments. Each chip was glued to 

the bottom of a Petri dish on which 4 holes were created, one chip for each hole. b) Pictures of the individual parts 

of chamber of measurements: commercial Petri dish with homemade holes, PMMA ring spacer, 2 commercial caps 

of Petri dish.  
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In order to enable living cells adherence on the substrates, the APTES 

functionalization protocol (see Chapter 4) was applied on each chip before the 

experiment.  

As can be seen in Fig. 5.4, all experiments with cells were performed according 

to the following procedure: each chip (blue square) with the final 

microstructures was glued on each hole created in the Petri dish and the 

measurement chamber was mounted (Fig. 5.4a); then a 25 µl droplet containing 

about 3,000 cells was placed on the top of each chip under sterile conditions and 

incubated in a humidified atmosphere at 37°C and 5% CO2 for 20 minutes to 

allow the cells to adhere while the bottom was kept dry (Fig. 5.4 b); the Petri 

dish was filled with the medium (2 ml final volume) and incubated at different 

times. To investigate the effect of microstructures on cell migration, the 

analyzes were performed on both live cells and fixed cells. Specifically, samples 

with live cells were left in the incubator (5%CO2, 37°C) for 12 hours and then 

observed in the live-cell imaging instrument (with environmental chamber), for 

the next 12 hours (Fig. 5.4).   

For brightfield (BF) imaging, scanning electron microscopy (SEM) and atomic 

force microscopy (AFM) investigations, 24h after incubation (37°C and 5% 

CO2), samples with cells were fixed (PFA 4%) and then analyzed (Fig. 5.4).  
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Figure 5.4: a) 4 holes are created on the bottom of a commercial Petri dish (35 mm of diameter) using the laser 

cutter instrument and each chip is fixed on each hole with a biocompatible glue  with the top side facing up; b) a 

25 µl drop of cells suspension is placed on the chip surface and incubated for 20 min in incubator (37°C and 5% 

CO2) to allow cells to adhere, while the bottom side beyond the gap is kept dry; c) the Petri dish is filled with the 

medium (2  ml final volume) and the chamber is sealed using a Petri dish cap on the bottom to ensure sterile 

condition; d) for live cell analysis, samples were left in the incubator (5%CO2, 37°C) for 12 hours and then 

observed in the Live Cell Imaging Instrument for the next 12 hours; e) for fixed cell analysis, cells were fixed 24 

hours after incubation and analysed using various microscopy techniques. 
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5.3. Live-cell migration tracking  

 

Cell migration of MDA-MB-231 and MCF-7 cells was investigated using the Olympus 

Scan R 3.1 microscope, equipped with the live-cell imaging module. Cells were seeded 

both on substrates with micro-gaps and on flat 𝑆𝑖3𝑁4membranes, left in the incubator 

(5%CO2, 37°C) for 12 hours to ensure adhesion and cell recover, and then monitored 

for the next 12 hours inside the chamber of the live-cell imaging setup.  

For each experiment, one image was acquired every 15 minutes. 

The collected images were analyzed using ImageJ software. An example of frames 

obtained by the migration analysis of MDA-MB-231 cells on micro-gaps is shown in 

Fig. 5.5.   

 

 

Figure 5.5: an example of frames collected during the experiments with live-cell imaging instrument as obtained 

for MDA-MB-231 cells grown on the micro-gaps.  
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5.3.1. Single-cell tracking analysis  

 

The images collected during live-cell imaging experiments were analyzed and the 

resulting time-lapse videos were used to quantify the velocity of migrating cells. The 

“Manual Tracking” plug-in allowed individual cell tracking as reported in Figure 5.6. 

The coordinates obtained with this plug-in were entered in the “Chemotaxis and 

Migration Tool” (Ibidi ®) to extract the total distance covered by a cell both on flat 

substrate (5.6a) and on gaps (5.6b).  

 

Figure 5.6: An example of cell-tracking analysis for cells on flat substrate a) and on micro-gaps b) The colored 

lines indicate the trajectories obtain for different cells during migration analysis (S= start point, E= end point).   

 

The velocity values were calculated for cells that were moving along and 

outside the gaps on flat substrate, using the Accumulated Distance and the time 

intervals in which trajectories of the cells were followed with the “Manual 

Tracking” plug-in.    
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Figure 5.7: a) the graph of the velocity as obtained for MDA-MB-231 migrating on the micro-gaps of 2 µm 

(n=15),4 µm (n=13) ,8 µ m(n=12) wide and on flat substrate (n=48); the graph of the velocity as obtained for 

MCF-7 cells moving on the micro-gaps of 2 um (n=6) compared to flat substrate (n=6).  

 

The results are displayed in Figure 5.7a and show a clear dependence of the 

average cell velocity of MDA-MB-231 cells as a function of gap size with a 

significant increase for cells moving on the narrower gaps (0.4±0.2 µm/min) 

compared to cells moving on 8 µm gaps (0.2±0.1 µm/min).  

In addition, we observed no significative difference in the velocity of cells 

grown in 2 µm wide gaps compared to cells grown on flat substrates, although 

the average velocity is lower (0.3±0.2 µm/min). It is likely that the cells grown 

on the gaps could perceive the presence of a meniscus, the extent of which 

depends on the gap size, since wider gaps produce meniscus with a lower 

surface tension. This aspect could influence the physical confinement 

perception and thus affect the migration mode of cells. The decreasing velocity 

in the wider gaps could also be due to the lack of anchoring points for the cells 

inside, making their migration mode difficult by pushing and pulling 

mechanisms.  

In Figure 5.7b, preliminary results showed that there is no significant difference 

between the average speed of MCF -7 cells grown on 2 µm wide gaps and flat 
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substrates (0.2±0.1 µm/min). Moreover, MDA-MB -231 migrate at a higher 

velocity than MCF -7, both on microstructured and flat substrates. These results 

are consistent with the literature showing that MDA cells migrate at a higher 

rate than MCF -7 cells due to their metastatic potential125, as also shown by the 

analysis of migration performed with HWN sensors showed in the previous 

Chapter.  
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5.4. Cell density on micropatterned substrates  

 

The quantification of cells adhering to the micro-gaps was done by calculating 

the normalized ratio of cells grown on the gaps (η). This parameter considers 

the number of cells that are somehow in contact with the gap to the whole 

number of cells on the active count area (CA).   

The active count area is defined as the area that a single cell could explore 

during migration. To quantify this value, the migration tracking analysis was 

performed on MDA-MB-231 cancer cells by following them for 24h. For each 

chip, an image was acquired in bright field (BF) microscopy and the whole 

distance reached by a single cell was calculated with the “Manual Tracking” 

plug-in of the ImageJ software. By this distance it is possible to obtain the value 

of the area covered by a cell that is around 2x105 µ𝑚2 (indicated in blue in the 

Figure 5.8a).   

In this way the cells that adhere too far from the gap pattern have been excluded 

from the analysis. In addition, the gap area (GA) was defined inside the active 

count area, as the area around each gap that includes the cells that are in contact 

with it. Once defined CA and GA, the count of cells on that area was calculated 

as follow.  

Cell counting was performed using the “Cell Counter” plug-in of ImageJ. 

Normalization of the cell counting was achieved with the following parameter: 

(η): 

η =
𝑛𝑐𝑒𝑙𝑙𝑠 𝑔𝑎𝑝

∑𝐺𝐴
:
𝑁𝑐𝑒𝑙𝑙𝑠 𝑜𝑢𝑡𝑠𝑖𝑑𝑒 𝑔𝑎𝑝

𝐶𝐴 − ∑𝐺𝐴
 

where 𝑛 𝑐𝑒𝑙𝑙𝑠 𝑔𝑎𝑝 are the cells in the gap area, shown in green in the left image; 

𝑁𝑐𝑒𝑙𝑙𝑠 𝑜𝑢𝑡𝑠𝑖𝑑𝑒 𝑔𝑎𝑝 are the cells outside the gap area but inside the active count 

area;  ∑𝐺𝐴 is the sum of the GA calculated for each chip (containing 12 gaps, 

as described in the paragraph above). 
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Figure 5.8: An example of image where active count area (CA), in blue, and gap area (GA), in green, are drawn. 

The number 1and 2 indicate two cells counted inside the gap area and count area, respectively; b) normalized cells 

counting (𝜂) on gap area for all gap size: 2 µm (n=10), 4 µm (n=11), 8 µm (n=7). 

 

Normalization of cell counting was performed for all gap sizes (2-8 µm). The 

results show that cells preferentially remain in contact with the gap (Fig. 5.8b), 

as all values are >1. The average density of MDA cells is 3.8±1.2, 5±2, and 

4.7±1.6 at gap size of 2 µm, 4 µm, and 8 µm, respectively. Statistical analysis 

shows no significant difference as a function of the gap size. This data clearly 

shows that cells during their random migration on the surface, when encounter 

a gap, remain trapped inside and do not move away. 
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5.5. Morphological characterization of cells as a function of 

gap size  

 

24 hours after seeding the number and the morphology of migrating MDA-MB-

231 cancer cells were analyzed.   

From analysis at the electron microscope (SEM), we found a different 

morphology as a function of the size of the gaps (Fig.5.9). In particular, the cells 

seeded on the 2 and 4 μm gaps appear to have a more elongated morphology 

(Fig.5.9a and b, respectively). On the contrary, the cells seeded on the 8 um 

gaps appear to have a more rounded morphology (Fig.5.9c).  

Moreover, cells in 2 μm gap seem to elongate and place lamellipodia and 

filopodia at the edge of the cell inside the gap along the microstructures 

(Fig.5.9d, e, f).   

 

Figure 5.9: SEM images of MDA-MB-231 cancer cells adhered to microstructures with different gap sizes: 2 um 

(a), 4 um (b), 8 um (c); d) an enlargement of cell on 2um gap sized microstructures; zones 1 and 2 are further 

enlarged in the images e) and f), respectively.  
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To better characterize cell morphology, the aspect ratio (AR) of cells was 

evaluated as a function of gap size. This parameter, defined as the ratio between 

the long and short axes of the cell body, was manually drawn around each cell 

from the optical microscopy images using ImageJ analysis software, as shown 

in Figure 5.10.  

For the analysis, MDA cells were grown on both flat 𝑆𝑖3𝑁4 substrate and micro-

gaps. The average aspect ratio values for cells growing on 2 μm and 4 μm wide 

are 1.6±0.7 and 1.3±0.4, respectively, higher than the AR for cells growing on 

8 μm wide gaps, 1±0.3 (Fig. 5.11a). For cells grown on flat 𝑆𝑖3𝑁4 membranes, 

AR was found to be 1.6±0.5, which is not significantly different from the values 

obtained for cells grown on 2 μm wide gaps. These results suggest that cell 

morphology is influenced by the size of the gaps. Whereas larger gaps lead to 

rounding of the cells, a gap size of 2 μm seems not affecting too much the cell 

morphology. Although no significant difference was observed between cells 

grown on flat and microstructured substrates, it is noteworthy that the edges of 

cells grown on microstructured substrates can penetrate the gaps, as seen in the 

SEM images.   

Preliminary results with MCF -7 grown on micro-gaps showed that non-

metastatic cells perceive the presence of gaps and adapt depending on gap size. 

As shown in Figure 5.11b, the average aspect ratio for cells on 2 μm wide gaps 

(1.2±0.2) is significantly higher than on 4 μm wide gaps (1.1±0.1). However, 

both gap sizes result in a decrease in aspect ratio compared to cells grown on 

flat substrates (1.3±0.4). Overall, these results suggest that topographic 

conditions differentially influence the aspect ratio of MDA and MCF -7. The 

MDA cells grown on the 4 and 8 μm wide gaps can sense the surface tension of 

the meniscus and a different physical confinement effect by assuming a rounded 

morphology, which resemble the mesenchymal-ameboid transition during 

metastatic process130.  
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As shown, MCF -7 are also more elongated on flat substrates than on micro-

gaps, but with a smaller impact than in MDA cells. So the lower invasiveness 

of MCF-7 cells affects their ability to perceive the effects of topographical 

features, as shown in the literature131. However, further measurements are 

needed to better assess the different behaviors of cells grown on micro-gaps.  

 

Figure 5.10: On the left, an example of optical images at 20× magnification used to calculate aspect ratio with 

ImageJ analysis software; on the right, the schematic representation of the long and short axes of cells on structures 

with different gap sizes used to evaluate the aspect ratio (AR). 
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Figure 5.11: a) The values of aspect ratio for  MDA-MB-231 cells as a function of gap size: 2 μm (n=147), 4 μm 

(n=132), 8 μm (n=62) and as evaluated on flat 𝑆𝑖3𝑁4 membrane (n=152); b) The values of aspect ratio (AR) for 

MCF-7 cells  as a function of gap size: 2 μm (n=64) and 4 μm (n=20), and as evaluated for cells on flat SiN 

membrane (n=138). 

For both the velocity and aspect ration investigation, statistical analysis was 

performed using GraphPad Prism (version 8.4.3). Statistical significance was 

determined by a two-tailed Student's t test. P ≤ 0.05 (*), P ≤ 0.01 (**), P ≤ 

0.0001 (****) were considered statistically significant.   
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5.6. Cytoskeleton and nuclei adaptation  

 

Fluorescence microscopy analysis of the MDA-MB-231 cells was performed 

24h after seeding. To better characterize the distribution of the actin 

cytoskeleton and the adaptation of the nuclei on the micro-gaps, the cells were 

stained with phalloidin (Alexa Fluor™ Plus 555 Phalloidin) and DAPI 

(GeneTex). The images showed a different morphology of the cells growing on 

the microstructures, because the smaller the gap size, the larger the cell 

extension in the direction on the gap.   

In addition, both the cytoskeleton and the nuclei are affected by the size of the 

gaps, as the actin cytoskeleton appears differently elongated and the nuclei 

adapt to the gap (Fig. 5.12). 

 

 

Figure 5.12: the fluorescence images of MDA-MB-231 cells grown on micro-gaps with different gap size. Cells in 

gaps 2 μm wide (a) appears more elongated than in gaps 4 μm (b) and 8 μm (c) wide. 
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All together these findings show that the cells grown on the microstructures can 

perceive the presence of the gaps. It must be considered that the effect of the 

gap size on cell morphology may also be influenced by the presence of the water 

meniscus. The fact that the narrower gaps cause elongation and reorganization 

of the cytoskeleton can be explained by the fact that the cells perceive the gaps 

as gaps and experience the phenomenon of contact guidance21,31,32.  

In the 8 μm gaps, cells are more likely to perceive the presence of the underlying 

water meniscus. Probably the larger gap creates a meniscus with a lower surface 

tension, which cells may perceive as a softer substrate. Indeed, many studies 

have shown that MDA-MB -231 cancer cells exhibit a rounder morphology on 

softer substrates132.  
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5.7. Orientation of cells along the micro-gaps  

 

As fluorescence and electron microscopy analysis showed, the cells can change 

their orientation as a function of the topographical aspect of the substrate where 

they are grown. To better analyze this parameter, the cell orientation was 

calculated as the angle between the major axis of the ellipse fitting the cell and 

a line parallel to the side of the 𝑆𝑖3𝑁4 membrane, as described in the Figure 

5.13. 

 

Figure 5.13: schematic of the calculation of cell orientation based on the angle between the major axis of the 

ellipse fitting the cell and a line parallel to one side of the 𝑆𝑖3𝑁4 window. 

 

The results of the orientation analysis showed that the MDA cells have a 

stronger orientation along the micro-gaps compared to those grown on flat 

substrates (Fig. 5.14a). The orientation angles are (2.3±1.4) °, (2.6±2) °, and 

(2±1.3) ° for cells grown on 2,4 and 8 um wide gaps, respectively, and (43±33.4) 

° for cells grown on flat substrates.  

The remarkable orientation of MDA-MB -231 cells grown on micro-gaps is 

consistent with previous reports of cells grown on microstructured gratings127.  

As preliminary results, orientation analysis performed on MCF -7 cells grown 

on micro-gaps of 2 μm and 4 μm and on flat substrates showed that these cells 

also perceive the topographic effect due to the presence of the gaps, with a lower 
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orientation for flat substrates (57±29) ° compared with microstructured 

substrates, (6.1±8.6) ° and (17.5±16) ° for 2 μm and 4 μm wide gaps, 

respectively (Fig. 5.14b).   

In addition, MCF -7 cells could be less oriented when grown on micro-gaps 

compared with MDA-MB -231 cells. These results are consistent with literature, 

as it has been shown that due to the lack of 3D geometric recognition, MCF-7 

have fewer interactions with the substrate compared to MDA-MB-231 cells. 

The cells with higher metastatic potential are more able to perceive the 

topographical features of micropatterned substrates and adapt to them in order 

to enhance their  invasiveness capability131,133,134.   

 

 

 

Figure 5.14:  a) the distribution of orientation angles for MDA-MB-231 cells as a function pf gap size: 2 μm 

(n=32), 4 μm (n=30), 8 μm (n=30), and as evaluated on flat 𝑆𝑖3𝑁4 membrane (n=30); b) the distribution of 

orientation angles for  MCF-7 cells: 2 μm (n=60), 4 μm (n=20), and on flat substrate (n=70).  
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Overall, these results showed that the micropatterned substrates can be used to 

distinguish cancer cells with different metastatic potential based on 

morphological and velocity response.  

5.8. ECM deposition on micro-gaps during cell migration 

 

Live-cell tracking analysis revealed that cells secreted residues during migration 

on micro-gaps (Fig. 5.15).  

 

Figure 5.15: MDA cancer cells grown on the micro-gaps (4 µm wide): the arrow indicates the zones where cells 

have produced ECM at the beginning (a) and 10 hours after migration analysis (b). 

 

To better characterize and analyze that structures, SEM and AFM analysis were 

performed on fixed and dehydrate samples 24h after migration. SEM analysis 

demonstrated the presence of a layer that accommodates the curvature of the 
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water meniscus and resembles the structures that compose extracellular matrix, 

as shown in the Figure 5.16.  

Figure 5.16: SEM image of a MDA-MB-231 cell grown on micro-gaps (4 µm wide) 24 hours after seeding showing 

the ECM residues produced (a), and the magnification of the residue layer (b).   

AFM imaging was performed and confirmed the presence of the residues around 

the gaps (Fig. 5.17a) and a layer inside the gaps with a depth of 1.5 μm (Fig. 

5.17b). Higher magnification of the images showed the presence of a matrix 

within the structures organized with such periodicity (60±5 nm) compatible 

with typical fibrous of ECM, such as collagen.  
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Figure 5.17: a) AFM images of the structures deposited on the micro-gaps ( 2 μm wide) by the MDA-MB-231 cells 

after 24h of migration; b) analysis of the image taken across the micro-gaps ( 2 μm wide) shows a depth of the 

layer within the gap of about 1.5 μm, next to the diagram of the analyzed  height distribution; c) analysis of 

periodicity of the structures (as marked with the black bars)  performed on a magnified image of the layer deposited 

in the gap.  

 

Our results reveal two important features: cancer cells can perceive the presence 

of the micro-gaps and secrete ECM to attach to such aligned structures.  

Moreover, the higher secretion of ECM on these structures compared to 

surrounding zones might serve for cells to improve cell adhesion and modulate 

interactions with the environment to enhance migration. 

It is well known that the balance between degradation and secretion of ECM is 

responsible for tissue homeostasis, and several studies address the critical role 

of  ECM and its impact on cancer cell morphology and consequently on cancer 
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cell invasion and metastatic potential135. Modeling the ECM microenvironment 

can be useful to capture mechanistic properties to better understand tumor 

spread and develop therapies against it136. Evidence suggests that the ECM acts 

as a dynamic scaffold that stimulates cancer cell morphological changes and 

modulates tumor development and metastatic potential of breast cancer cells. It 

has been shown that MDA-MB-231 cancer cells become more elongated in 3D 

cultures with denser ECM components137 and with increasing degrees of ECM 

fiber alignment, that perform more targeted contact guidance138. 

Moreover, observing the production of ECM on our micro-gaps could be 

interesting and relevant for the development of ECM-based biomaterials. 

Indeed, given the importance of ECMs, their structures, properties, and 

functions are continuously being explored to enable the development of 

biomaterials that promote the formation of functional tissues in clinical 

applications139.  
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Conclusion and future perspectives  

 
Cancer is a pathological condition that results from the uncontrolled growth and 

migration of cells. For a comprehensive study of cell migration, several aspects 

need to be considered, from physical to topographical features that can alter the 

behavior of cells to form metastases. The role of such features in cancer 

development and progression remains unclear to date. Understanding these 

mechanisms is useful for determining what distinguishes cancer cells from 

normal cells and for discovering new mechanisms and markers that can serve 

as targets for cancer therapies. It is also useful for determining the factors that 

support the metastatic process. In this work, I have presented two systems to 

study the mechanisms underlying cancer cell migration: a novel 

nanomechanical sensor capable of measuring the forces exerted by cancer cells, 

and a 2D assay based on micropatterned substrates that allows us to study the 

effects of topographical effects on the behavior of migrating cancer cells.  

In summary, I have designed and fabricated a novel nano-motion detector that 

improves the sensitivity and performance of nanomechanical sensors and 

reduces the attenuation losses of the cantilever by operating with only one side 

in contact with a liquid solution, a so-called half-wet configuration. I have 

shown that this approach makes it possible to detect and evaluate the differences 

in adhesion force and motility of two breast cancer cell lines simultaneously 

with optical observation of cell activity. These results suggest that this approach 

is a promising tool for real-time analysis of the dynamics of cell adhesion and 

the effect of drugs that affect this cellular process (i.e., adhesion and motility). 

Moreover, the ability to multiplex such a substrate could be a great advantage 

for monitoring therapeutic outcomes in cancer patients. 

The half-wet architecture that I used to improve the sensitivity of our 

nanomechanical sensors was used to develop a novel 2D assay based on 

micropatterned substrates that allow to separate the effects of physical 

confinement, stiffness, and curvature to which tumor cells are exposed during 
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migration. 

In addition, the presence of a meniscus could play a role in the perception of the 

physical confinement to which the cancer cells are exposed in vivo.  

Moreover, this design recreates a state of spatial confinement in which cells can 

experience different adhesion conditions that occur during the migration 

process. The results showed that cancer cells modulate their morphology, 

velocity and orientation depending on the size of the microstructures. Moreover, 

cancer cell lines with different invasiveness potential seems to perceive 

differently some geometrical and physical cues.   

This in vitro assay could be a simple tool to mimic both the architecture and 

biophysical cues of the extracellular matrix, investigate the effects of these 

features on cell migration, and distinguish cancer cells with different metastatic 

potential based on morphological and velocity responses. Since this assay is 

based on conventional optical techniques, all analyzes are compatible with 

automation procedures. This aspect could be a great advantage when 

considering the use of these substrates as rapid diagnostic tools.   

Both the half-wet nanomechanical sensors and the substrates with micro-gaps 

can contribute to a better understanding of the mechanisms underlying the 

mechanobiological aspects of tumor development and progression. Such 

information can complement computational modeling techniques that address 

the simulation of the mechanical components involved in biological processes 

and develop new diagnostic tools for cancer prevention and treatment.  
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Appendix 
 

This appendix describes the design and fabrication of a platform for bioassay 

applications. This work is the result of a collaboration with the Karolinska 

Institute group led by Professor Ana Teixeira, to which I had the opportunity to 

participate during my PhD studies.   

As described in Chapter 4, the use of the HWN sensors for the study of cell 

dynamics required the functionalization of the sensor surface to improve cell 

adhesion. The optimized functionalization protocol served as the starting point 

for the development of the bioassay platform.  

The aim of this work was to develop a simple and cost-effective platform based 

on substrates whose functionalization enables the specific binding of the 

Her2/Her3 protein for the validation of an analytical method based on DNA-

based molecular sensors.  

At CNR-IOM laboratories, I have designed, fabricated, and characterized these 

substrates, which have been subsequently used and tested at Karolinska 

Institute. 

The following section describes the work done so far. 
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“Patterned carboxymethyl-dextran functionalized surfaces 

using organic mixed monolayers for biosensing applications” 

 

Introduction 

 

The field of biosensing has grown exponentially since the first report of its 

application55. As mature, versatile, and well-established technologies, electrical 

and optical biosensors dominate biological detection research worldwide51,140.  

However, the mechanical nature of many fundamental biological processes 

paved the way for the extensive use of nanomechanical biosensors64. 

Regardless of type, the use of these sensors for biological applications requires 

functionalization of the surface to enable cell adhesion or immobilization of the 

analytes of interest.  Immobilization of biomolecules on biosensor surface 

platforms plays a key role in achieving the required sensitivity and selectivity 

for the analysis of biomolecular interactions. Controlling the interaction 

between the surface and biomolecules plays a critical role in modulating the 

surface properties required to improve assay performance and detection 

results141.  The main approaches to immobilize molecules on biosensor surfaces 

are based on physical adsorption and covalent coupling. In physical adsorption, 

proteins react spontaneously with the surface through non-covalent interactions. 

Due to the variety of molecular phenomena involved, predicting the interaction 

and bioactivity of proteins on the surface is challenging112. In contrast, 

immobilization by covalent bounding results in stronger bonds with substrates. 

One of the most commonly used methods for selective adsorption of 

biomolecules is the generation of self-assembling monolayers (SAMs) to 

introduce reactive moieties on inert metallic surfaces (e.g., gold, silicon, 

titanium) that can be further derivatized with ligands113. Silanization with 

aminosilanes is widely used because of the  high reactivity of the terminal amino 

groups (NH2) in subsequent coupling reaction113. Among them, 3-
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aminopropyltriethoxysilane (APTES) has been extensively used for the 

functionalization of bioanalytical platforms114,115. The advantages of covalent 

bonding and the use of hydrogels have been chosen by many companies as the 

best combination for the production of commercially available SPR platforms. 

Indeed, commercially available SPR sensors which consist of a chip coated with 

a thin layer of gold use CMD self-assembled monolayer as immobilization 

matrix142,143. Although surface immobilization of molecules is easier to perform, 

three-dimensional immobilization provides more binding sites and a better 

environment for retention of the immobilized molecules. Thanks to their smart 

properties and versatility, hydrogels are increasingly becoming a functional tool 

for 3D immobilization144. The most commonly used matrix for three-

dimensional immobilization is the carboxymethylated dextran (CMD)145, a 

carboxymethylated form of dextran, that allows the introduction of reactive 

anchor groups. Thanks to the low-fouling properties and the availability of free 

carboxyl groups homogeneously distributed on the polymer, the CMD coating 

can efficiently enable the chemical grafting of capture antibodies while serving 

as a blocking layer for protein adsorption per se142. Moreover, by carbodiimide-

based linkage chemistry CMD is suited for the conjugation of biomolecules 

forming covalent bonds between its carboxyl groups and aminated surface146.  
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1. Carboxymethyl-dextran (CMD) patterned surfaces for biosensing 

application 

 

In the present work, we have developed and optimized a technique to produce 

low-cost patterned surfaces based on CMD for the immobilization of 

biomolecules. They consist of silicon or glass substrates with patterned 

bioactive surfaces capable of efficiently entrapping the sampling solution by 

simply using the hydrophilic/hydrophobic patterning of the surface. 

The hydrophilic areas were first functionalized with APTES through the vapor 

deposition protocol, presented in Chapter 3, which was previously optimized 

for cell attachment on the surface of HWN sensors. Subsequently, CMD is 

linked to enable analyte binding.  

The fabrication process involves the use of low-cost instrumentation and 

techniques compatible with large-scale production.  

The devices were validated using a chemiluminescence assay that we recently 

developed for analyzing the binding of DNA nano-assemblies modified with an 

affinity binder to target proteins immobilized on the bioactive areas. Using this 

assay, we were able to characterize the chemical reactivity of two target proteins 

toward the dextran matrix of the patterned surfaces and compare them with 

standard CMD -based surfaces for Surface Plasmon Resonance (SPR) analysis. 

We found high reproducibility and selectivity in molecular recognition, 

consistent with the results obtained with SPR sensing surfaces. The proposed 

approach is straightforward and cost-effective and provides the opportunity to 

evaluate patterned functionalized surfaces for bioanalytical platforms. 

We have developed arrays consisting of silicon or glass substrates with 

patterned bioactive areas capable of efficiently entrapping the sampling solution 

by simply exploiting the hydrophilic/hydrophobic patterning of the surface. 

This bifunctional patterning was achieved by depositing 3-aminopropyl-

triethoxysilane (APTES) on selected 1 cm diameter areas surrounded by a self-

assembling monolayer (SAM) of octadecyl-trichlorosilane (OTS) (Fig. 1a). 
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APTES allows efficient immobilization of CMD, as shown in several 

studies113,147, while OTS provides the necessary hydrophobicity for the 

confinement of water-based sample solutions. The APTES areas were then 

functionalized with a thin film of CMD to obtain the bioactive surfaces areas 

(Fig. 1b). Following the design and fabrication of the OTS/APTES patterned 

surface and its characterization, thus the fabrication of CMD-patterned surfaces, 

their characterization and validation as biosensing assay.  

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 



 

130 

 

1.1. Design and fabrication of OTS/APTES patterned surfaces 

 

The fabrication process involves the use of tools and techniques compatible with 

large-scale production (Fig. 1c): first, the substrates (SiO2 or coverslips) were 

cleaned to efficiently remove the organic impurities and promote the formation 

of the hydroxyl groups required for functionalization with OTS. OTS was 

deposited on the samples through vapor deposition process (in static vacuum) 

for 4 hours at room temperature (RT); an annealing process, which consisted of 

incubating the samples for 2 hours at 120 °C in continuum vacuum, promoted 

the removal of unreacted molecules adsorbed on the surface, resulting in a more 

homogeneous and hydrophobic SAM uniformity and hydrophobicity. 

Then, we proceeded with deposition of APTES on defined patterned areas. To 

achieve selective deposition, we used a silicon mask made from a silicone foil 

in which we created holes of the desired dimensions using a CO2 laser cutter. 

This method enables the rapid fabrication of masks with large dimensions, so 

that dozens of samples can be prepared simultaneously. In addition, silicone-

based masks are reusable and can adhere to the OTS-modified surface by taking 

advantage of the self-adhesive properties of apartment silicone. The mask-

covered surface was subjected to oxygen plasma treatment (40 W, bias 120 V) 

to promote the removal of OTS from the exposed areas.  

The sample was then transferred to a chemical vapor deposition (CVD) chamber 

to deposit APTES, which selectively binds to the areas from which the 

hydrophobic OTS SAM was removed. APTES (99%, Sigma-Aldrich) was 

applied to the samples through vapor deposition process (in continuum vacuum) 

in a glass chamber (as described in the HWN functionalization section).  
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Figure 1: Schematic representation of carboxmethyl-dextran patterned silicon surfaces. a, Square silicon 

surfaces or glass surface (10 cm x 10 cm) were treated with octadecyl trichloro silane (OTS) to create a 

hydrophobic Self Assembled Monolayers (SAM). Round hydrophilic active areas (1 cm diameter) were created by 

removal of OTS SAM and subsequent deposition of (3-Aminopropyl) triethoxysilane (APTES). The dual feature of 

the surface allows to confine the sample/reaction drop in the limited active area. b, Schematic of the composition 

of active areas. Deposition of APTES created a layer to promote the adhesion of carboxmethyl-dextran brushes. 

The chains of dextran polymer are functionalized with carboxylic groups. c, Schematic representation of the 

fabrication process of carboxymethyl-dextran functionalization. (1) Surface cleaning by RCA-1 solution, (2) OTS 

vapour phase deposition, (3) PDMS mask fabrication and positioning, (4) oxygen plasma treatment and mask 

peeling off, (5) APTES solution/vapour phase deposition, (6) CMD spin- or dip- coating. 

 

 

 



 

132 

 

1.1.1. Characterization of OTS/APTES patterned surfaces 

 

We verified the quality and reproducibility of the deposition of OTS/APTES 

SAM with water contact angle measurements (Fig. 2) and atomic force 

microscopy (AFM) on SiO2 substrates (Fig. 3). The water contact angles on 

APTES areas were different from the contact angles on OTS, indicating 

efficient patterned deposition of APTES SAM. In addition, the water contact 

angles were measured before and after the patterning process, showing that 

mask-based removal of OTS with oxygen plasma treatment effectively removed 

OTS from the exposed areas and protected the unexposed areas from the effects 

of oxygen plasma treatment, preserving hydrophobicity on OTS areas and 

selectivity on APTES areas for the subsequent deposition of CMD (Fig. 2). 

 

Figure 2: a) water contact angle at the interface region between OTS and APTES (top). b) no significant variation 

on the contact angle values of the OTS SAM deposited on glass before and after the treatment with oxyplasma and 

APTES deposition demonstrated that the process used for APTES patterning preserve the hydrophobicity feature 

of OTS SAM (bottom, left). APTES deposited on patterned areas where OTS was removed resulted in similar 

contact angle value obtained when deposited on cleaned glass (bottom right). 

 

The structure of SAMs absorbed on the surfaces was also imaged by AFM (Fig. 

3). The surfaces appeared to be fully covered, and when evaluating of the 
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roughness values, we found an increase in surface roughness for both SAMs 

from OTS and APTES, from 0.09 to 0.19 nm and to 0.21 nm, respectively, with 

respect to the value obtained with purified silicon substrate. The proposed 

method allows the definition of complex patterns for surface functionalization 

down to the resolution of laser cutting, avoiding the use of more complex and 

less reliable techniques148. Indeed, many methods for SAM patterning are 

described in the literature (e.g., microcontact printing, AFM grafting, dip-pen 

nanolithography). Our alternative approach allowed us to achieve the resolution 

required for the device while ensuring a much faster and easily scalable method. 

Moreover, it allows selective functionalization of surfaces with two different 

SAMs in a few simple steps without affecting their quality and cleanliness, as 

shown by the AFM and contact angle analysis performed.  

 

Figure 3: Characterization of the OTS and APTES SAMs by means of AFM imaging. AFM images of OTS and 

APTES SAM on silicon at the end of the APTES patterning process (OTS deposition, mask-based oxygen plasma 

removal of OTS and APTES deposition). RMS roughness values of SAMs are shown in the underlying table. Area 

of images: 1 x 1 μm. Scale bars: 200 nm. 
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1.2. Fabrication of Carboxymethyl-dextran (CMD) patterned surfaces 

 

Finally, we deposited the CMD to functionalized APTES surfaces. We tested 

and characterized two different deposition methods, dip coating and spin 

coating. We prepared the solution by dissolving CMD (Sigma Aldrich – MW 

20 kDa) in DI water at a variable concentration between 1 and 10 wt%; the 

solution was then stirred overnight to allow complete and homogeneous 

dissolution. A 5% solution was used for spin coating; the final thickness can be 

modulated by changing the spin rate. The ellipsometry data showed a strong 

dependence of the CMD film thickness on the rotational speed when comparing 

the thickness values at 1000 and 2000 rpm. However, varying the rotational 

speeds to 3000 and 4000 rpm did not cause a significant difference in CMD film 

thickness146. We chose 2000 rpm as the optimal rotational speed for our 

deposition protocol. Although dip coating is the preferred method for complex 

patterns and leads to very precise separation between hydrophobic and 

hydrophilic area, spin coating results in faster and more reliable CMD 

deposition, including control of the thickness control and uniformity of the 

deposited film149. 
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1.2.1. Characterization of carboxymethyl-dextran (CMD) patterned 

surfaces 

 

The CMD matrix was visualized by AFM imaging as molecular aggregates, 

which were revealed by the increase in surface roughness (Fig. 3). Moreover, 

both AFM imaging and optical profilometer analysis of CMD, showed that the 

height of dextran deposition obtained by spin coating was in the range of 20-40 

nm, which is consistent with previously reported data144, while deposition by 

dip coating resulted in a thicker CMD layer (Fig. 3). A higher MW of CMD 

entails longer branching chains and a higher layer thickness, leading to a higher 

protein immobilization potential. On the contrary, a high-density dextran matrix 

may face several problems, such as matrix swelling due to chain repulsion and 

matrix expansion146 and steric hindrances. Consequently, the ability of the 

analyte to reach all available immobilized proteins decreases, and the 

equilibrium state between protein and analyte is reached only after a long 

time150, leading to a decrease in detection sensitivity. For this reason, a trade-

off between these two events was preferred in the preparation of the surface by 

choosing an intermediate size MW (20 kDa) and thickness of the dextran layer 

(20-40 nm) to ensure optimal results in biomolecule binding assays.  
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Figure 3: a, b, AFM map and respective roughness values of CMD on SiO2 deposited by dip coating (left) and spin 

coating (2000 rpm) (right). a, Area of images: 5 x 5 μm. Scale bars: 1 μm. n = 10. b, Area of images: 1 x 1 μm. 

Scale bars: 200 nm. n = 4. For the sample obtained with spin coating a section analysis (red line on the image) 

has been performed. c, Optical profilometer map at the CMD coated region produced by dip coating (left) or spin 

coating (right). 
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1.3. Validation of the CMD-based patterned platform for biosensing 

application 

 

To understand and characterize how biomolecules interact with our 

functionalized SiO2 surfaces and to evaluate the yield of protein 

immobilization resulting from the different fabrication processes  

(APTES: solution vs. vapour phase deposition - plus vs. minus annealing 

treatment; CMD: dip vs. spin coating), we performed a bioassay that we 

recently implemented in the development of a non-microscopy-based 

method for ensemble analysis of membrane protein nanodomains called 

NanoDeep151. 

Briefly, the DNA nanoassembly, called NanoComb, consists of a double-

stranded backbone with four single-stranded DNA sequences (prongs) 

protruding from the backbone at regular intervals. The first prong is 

preloaded with an oligonucleotide conjugated binder specific for a target 

protein.  

In our workflow, the target protein was the extracellular domain of human 

epidermal growth factor receptor 2 (ECD-Her2), which was immobilized by 

amine coupling to active areas of the CMD-based patterned surfaces.  

The amine coupling chemistry (EDC/NHS), used to activate the CMD layer 

for immobilization of biomolecules152, simultaneously allowed covalent 

grafting of CMD onto the surface, ensuring stronger stability of the 

interaction between APTES and CMD, but also preserving the carboxyl 

groups of CMD, which could be used for immobilization of the target 

biomolecule. 
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1.3.1. Fabrication parameter can affect the yield of immobilization 

protein 

 

Subsequently, the surfaces were treated with NanoCombs preloaded with anti-

Her2 affibody (hereafter Her2 NanoCombs), 

which have been shown to have a high affinity for their target molecule (21). 

The NanoCombs were modified with desthiobiotin at the 3' end of the backbone. 

After incubation with a streptavidin conjugated to horseradish peroxidase, a 

specific substrate was catalyzed by the peroxidase and converted into a 

luminescent signal (Fig. 2a). Analysis of the luminescence data showed that the 

preparation of the surface sample affected the yield of immobilization of the 

selected protein. As shown in Fig. 2b, considering both the processes with and 

without annealing treatment, the lowest luminescence signal was observed for 

surfaces obtained by solution-phase deposition of APTES, followed by spin-

coating deposition of CMD. A possible explanation for the low yield of protein 

immobilization resulting from the combination of these two processes lies in the 

observation that APTES deposited in solution phase leads to a SAM with low 

homogeneity. This can have a negative impact on the subsequent deposition of 

CMD, which is more likely to be deposited in a thin layer, as in the spin coating 

method, than in a thick layer, as in the dip coating method. In addition, for all 

the conditions tested, we found a positive effect of the annealing treatment 

performed after the APTES coating. The vacuum thermal process associated 

with the annealing treatment is able to promote the selective removal of APTES 

and OTS molecules that are physically but not chemically bound on the surface, 

which improves the subsequent reproducible deposition of the CMD (30, 31). 

Moreover, it has been previously demonstrated that thermal treatment at 120 °C 

is critical to promote covalent binding of APTES molecules to the hydrophilic 

surface (32). We found that of the 11 different samples analyzed, the surfaces 

obtained by solution-phase deposition of APTES followed by annealing and dip 

coating of CMD and vapor-phase deposition of APTES followed by annealing 
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and spin or dip coating of CMD had the highest luminescence values (Fig. 2b), 

indicating that the highest degree of protein immobilization was achieved with 

these preparation methods. Although dip coating is the preferred approach for 

complex patterns, spin coating resulted in faster and more reliable CMD 

deposition, including control of the thickness of the deposited layers. For this 

reason, even though a comparable luminescence signal was obtained for the 

three SiO2 surfaces mentioned above, we selected the surface obtained by spin 

coating for further processing and characterization. 

 

 

Figure 5: a, Schematic of the chemiluminescence assay used to evaluate the yield of protein immobilisation on the 

SiO2 surfaces. ECD-Her2 was covalently immobilised on the active area by means of coupling of the amine groups 

of protein to the carboxylic groups of dextran. Active areas were then treated with DNA nanoassemblies 

(NanoCombs) preloaded with anti- Her2 affibody (Her2-NanoCombs) and modified with a desthiobiotin. After 

washing, patterned surfaces were then incubated with streptavidin conjugated with horseradish peroxidase. The 

enzyme catalyses the substrate conversion, leading to the luminescence emission at 425 nm. b, Luminescence values 

are presented on histogram. Samples differs for fabrication parameters of three steps: deposition of APTES (from 

vapour phase versus solution phase), annealing treatment after APTES deposition (with versus without) and 

deposition of carboxmethyl-dextran (by spin coating versus dip coating). 
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1.3.2. Chemiluminescence assay to validate the signal read-out on CMD 

patterned SiO2 surfaces  

 

We treated three independent samples of the selected SiO2 surfaces with the 

same amount of Her2 protein.  

A similar chemiluminescence signal obtained with the DNA nanoassembly-

based assay indicated the same yield of protein immobilization and confirmed 

the reproducibility and stability of the surface functionalization (Fig. 3a). We 

observed proportionality between the amount of protein used for 

immobilization and the readout signal, reflecting the yield of immobilization 

(Fig. 3b). In addition, we found that the readout signal was specific for the 

immobilized protein (Fig. 3c), indicating that the manufacturing processes used 

for the deposition of CMD preserved the properties of high chemical specificity 

and, most importantly, minimal nonspecific binding. 

 

 

Figure 2: a, Evaluation of the reproducibility of protein immobilisation. Three SiO2 sample surfaces were 

processed as replicates of the same experiment which entails first the immobilisation of ECD-Her2 on patterned 

surfaces by means of amine coupling and then tested with chemiluminescence assay to determine the level of protein 

immobilisation, as previously described. b, Evaluation of proportionality between amount of protein used for 

immobilisation and yield of immobilisation. Different amount of ECD-Her2 (from 1 to 50 μg/mL) were immobilised 

on different patterned surfaces. Chemiluminescent assay revealed a direct proportionality between protein 
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concentration used in the immobilisation step and readout signal. c, Evaluation of specificity of luminescence 

readout. Three surfaces presenting ECD-Her2, ECD-Her3 and without any protein as negative control were 

created. Chemiluminescence signal showed that Her2-NanoComb bound specifically to the surface presenting its 

target (ECD-Her2) and that there was minimal background binding to the surface that did not present the correct 

target protein (ECD-Her3) or to the negative control. 

 

1.3.3. Validation of specificity of the luminescence readout on CMD 

patterned SiO2 surfaces 

 

To further prove the specificity of the detection performed with our device, in 

the absence of nonspecific binding of proteins during immobilization and of 

binder-oligo conjugates during the binding assay, we performed a cross-

reactivity assay testing the binding of Her2 and Her3 NanoCombs over SiO2 

surfaces with ECD-Her2 and ECD-Her3.  

The luminescence signal was observed only when the NanoCombs were 

incubated over the surfaces 

presenting their respective target proteins (Fig. 4a). Next, we correlated the SPR 

signal obtained on the SPR sensor chip with the luminescence readout obtained 

on our CMD -based arrays (Fig. 4bc). 

We immobilized two different target proteins (ECD-Her2 and ECD-Her3) on 

CMD -based SPR sensor chips (CM5 chip) using the same concentrations for 

the two proteins in the amine coupling reaction. Then, we recorded the binding 

of the binder-oligo conjugates specific for each of the two proteins by injecting 

them in saturating concentrations over the SPR sensor surface. We observed 

different degrees of binding of the binder-oligo conjugates for their respective 

target proteins (Fig. 4b), 

This is due to both the different immobilization of the target proteins by amine 

coupling to the CMD matrix of the SPR sensor chip and to the specific 

interactions between the binders and the target proteins. In parallel, we 

performed the same binding assay on our CMD -based patterned surfaces. 

We immobilized the two target proteins on two distinct active areas of the SiO2 
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surface and then 

we ran the chemiluminescence assay by using NanoCombs functionalized with 

the binder-oligo conjugates used in the SPR experiment (Her2- and Her3-

NanoComb) (Fig. 4c). We found a good correlation between the luminescence 

signal and the SPR binding level for each binder-oligo/target protein pair. 

Together, these results show that our CMD -based arrays have protein 

immobilization capability and detection performance of their respective binders 

comparable to commercial CMD -based SPR sensor chips. 

 

Figure 3: a, Cross-reactivity test: patterned SiO2 surfaces presenting Her2, Her3 (immobilized at a concentration 

to obtain the same NanoComb binding level, as tested in Fig. S4) and without any protein, as negative control, 

were treated with Her2- and Her3-NanoCombs. Chemiluminescence assay was performed, and signals obtained 

from the two different NanoCombs on surfaces functionalized with the same target revealed the absence of cross-

reactivity. b and c, Comparable difference in chemical reactivity of two target proteins towards dextran matrix of 

patterned surfaces and of model SPR surfaces leads to comparable different yield of immobilisation. b, Two 

different target proteins (Her2 and Her3) were covalently attached to two distinct SPR sensor surfaces, 

functionalized with a carboxmethyl-dextran matrix. The amount of immobilised protein was estimated from SPR 

signal of binder-oligo conjugate specific for each protein and injected at 10-fold the KD for their respective target. 

c, Same target proteins (Her2 and Her3) were covalently immobilised on two distinct patterned SiO2 surfaces at a 

saturating concentration. NanoCombs specific for each surface were incubated and amount of immobilised protein 

was verified with the chemiluminescence readout. Difference of luminescence signal among the two target proteins 

is comparable to that one obtained with SPR sensor surfaces. 
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1.3.4. Binding assay on patterned surfaces compared to ELISA standard 

plate-based assay 

In addition, we compared biomolecular interaction analyses performed on our 

CMD -based patterned surfaces with standard, commonly used ELISA plate-

based assays (Fig. 5).  

Our CMD-based chips allow immobilization of a higher amounts of target 

proteins at lower volumes compared to 96-well plates. Higher detection signals 

in reduced volumes of the chemiluminescence assay also enable the possibility 

of future miniaturization of the system.  

 

 

Figure 5: a, His-tagged ECD-Her2 was immobilised in parallel on patterned surfaces and on Nickel coated 96-

well plate, commonly used for ELISA and other standard plate-based binding assays. b, Chemiluminescence assay 

performed in triplicate on both formats showed that patterned SiO2 surfaces allow the immobilisation of higher 

amounts of target protein in lower volume if compared to 96-well plate. Volumes used for target protein 

immobilisation and subsequent steps of the chemiluminescence assay are reduced in patterned surfaces assay if 

compared to 96-well plate assay. 
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1.3.5. Carboxymethyl-dextran functionalization of glass coverslip 

allows to use fluorescence imaging as readout of binding assays 

 

We used the selected fabrication process developed for the SiO2 surface to 

functionalize the cover glass substrate. By repeating the process optimized for 

SiO2 samples on a transparent substrate, we aimed to produce surface samples 

that could be used in microscopy and imaging (Fig. 6).  

Immobilization of ECD-Her2 as a target protein on glass surfaces was assessed 

by standard immunoassays (Fig. 6a).  

In both immunoassays performed, we observed a specific binding of ECD-Her2 

through amine coupling chemistry of the immobilization step and we did not 

detect aspecific binding of nanobodies and antibodies used for fluorescence 

detection. In addition, we demonstrated that the immobilization/interaction of 

biomolecules occurred only at the bioactive areas of the surface (Fig. 6b). 
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Figure 6: Figure 6: a, Schematic representation of fluorescent assay performed on carboxymethyl-dextran 

functionalized surfaces. ECD-Her2 was immobilised on cover glass, functionalized with CMD, by amine coupling 

reaction. Then two different fluorescence assays set up were performed and the fluorescence signal was observed 

on fluorescence microscopy. b, In the set up 1 a nanobody (VHH) specific for ECD-Her2 and labelled with GFP 

was incubated over the surface. In the set up 2 a first incubation with a primary Ab specific for ECD-Her2 was 

followed by the incubation with secondary Ab labelled with Alexa488 fluorophore. Both in set up1 and 2 the 

fluorescence signal of was acquired in triplicate with a fluorescence microscope. Quantification of the signal is 

showed in the histogram. **P ≤ 0.05. Scale bars: 100 μm. 

 

Finally, we tested the capability of our CMD -based patterned glass surfaces to 

inversely immobilize Her2-nanoCombs and then perform ECD-Her2 

recognition. Again, we observed specific binding between ECD-Her2 and Her2 

nanoCombs, as detected by a primary anti-Her2 AB and a secondary fluorescent 

Ab (Fig. 7), compared with all negative controls (empty surface, immobilized 

Streptavidin, biotinylated NanoComb that was not functionalized with anti-

Her2 affibody).  
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Figure 7: Desthiobiotin-Her2-NanoCombs were immobilized on glass CMD-based patterned surfaces trough SA 

molecules previously attached by means of amine coupling. Empty surface, surfaces with immobilized SA and 

surface with SA with anchored empty-NanoComb were used as negative control. Binding of ECD-Her2 was 

determined through a primary Ab specific for ECD-Her2 was followed by the incubation with secondary Ab 

labelled with Alexa488 fluorophore. a, Fluorescence images of the four samples. Scale bars: 100 μm. b, 

Quantification of the fluorescence signal, obtained in triplicate, is showed in the histogram. **P ≤ 0.05. 
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2. Conclusions 

 

In this work, we have developed a fabrication process for the patterned 

functionalization of bioanalytical platforms. We have demonstrated the 

development of CMD patterned surfaces that combine standard, simple, and 

inexpensive fabrication techniques.   

SiO2 and glass substrates with limited CMD -based bioactive areas were 

fabricated and optimized for efficient and specific protein immobilization.  

We have shown that biomolecular interactions observed with our surfaces 

correlate with results obtained with CMD -based SPR sensor chips.  

This enables the transfer of the highest quality data for characterizing 

biomolecular interactions, such as with the SPR gold standard technique, to 

simple assays that are feasible on our CMD-based chips. 

Validation of our surfaces in parallel with SPR assays is advantageous 

compared to other surface analysis techniques, as we can transfer the 

information content of an interaction together with highly sensitive and accurate 

detection results of real-time binding events directly to our CMD -based chip, 

benefiting from a low-cost, straightforward and higher throughput assay device. 
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3. Methods 

Fabrication of CMD patterned surfaces 

Cleaning of the silicon substrates 

The silicon wafers were cut into pieces (approximately 3.0 cm x 4.5 cm) and 

processed with appropriate cleaning and surface activation. The silicon 

substrates were cleaned by keeping them in a piranha solution (3:1; 

H2SO4/H2O2) for 15 min to effectively remove the organic contaminants and 

promote the formation of the hydroxyl group for the following functionalization 

step with OTS. The substrates were then carefully rinsed with deionized water 

(DI) and dried under a nitrogen (N2) gas stream. After the cleaning step, oxygen 

plasma treatment was performed by reactive ion etching (RIE) for 2 min (40 W, 

bias 100 V) to activate the OH group on the surface.  

 

Cleaning of the silicon substrates  

Glass substrates (22 mm × 22 mm) were first cleaned in soapy water, rinsed in 

DI water, and finally immersed in a freshly prepared RCA-1 solution (5:1:1; 

H2O/H2O2/NH3) for 20 minutes at 70 °C. Then they were washed with DI 

water, acetone, and isopropanol (IPA) and dried with N2 blow. Then, the glass 

substrates were further cleaned with oxygen plasma treatment by RIE for 2 min 

(40 W, Bias 100 V) to allow the activation of silanol groups on the surface. 

 

Laser-patterned PDMS mask  

The silicone mask with the desired pattern was fabricated directly on a silicone 

film (ELASTOSIL® Film 2030, 200 μm thickness - Wacker Chemie AG) using 

a laser cutting technique. We used a commercial CO2 laser plotter (Versa Laser 

System, model VLS3.50, Universal Laser System, Ltd.) with the following 

parameters: maximum power 25 W, maximum pulses per inch (PPI) 1000, and 

scanning speed from 0.25 to 25 mm/s. 
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Characterization of CMD-patterned surfaces  

Atomic Force Microscopy (AFM) 

Surface morphologies and roughness were characterized by AFM imaging with 

an MFP-3D atomic force microscope (Asylum Research) in tapping mode in air 

using a silicon cantilever (Mikromasch, NSC19/ AL BS) with a nominal tip 

radius of ∼8 nm and spring constants of k = 0.6 N/m (f ≈ 65 kHz). The 512x512 

pixel images were acquired in a 5 µm × 5 µm area on the chip surface; two scans 

were acquired for each surface, each from a separate chip. Gwyddion software 

was used for quantitative analysis of the AFM images. 

 

Contact angle measurements  

Contact angle measurements were performed using a DataPhysics OCA 15Pro 

optical instrument (DataPhysics Instruments GmbH, Germany) at ambient 

temperature by adding 2 µL of Milli-Q water to the sensor surface. Average CA 

values were determined by measuring five different positions on each sample 

surface. 

 

Optical profile images  

3D optical profiles were obtained using a Profilm3D optical profilometer 

(Filmetrics Inc., USA).  

 

Chemiluminescence assay  

ECD-Her2 and ECD-Her3 (ACROBiosystems) (Sino Biological) proteins were 

immobilized on the active areas of our microfabricated SiO2 CMD -based chip 

by covalent amine coupling. Briefly, a 10-min incubation of a mixture of 1-

ethyl-3-(3-dimethylaminopropyl) carbodiimide hydrochloride (EDC) and N-

hydroxysuccinimide (NHS) (Cytiva) was used to activate the carboxyl groups 

of CMD. The proteins were diluted in Na-acetate buffer pH 4.0 - 4.5 (Cytiva) 
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and incubated on the activated surfaces for 20 minutes. Finally, the non-reacting 

carboxyl groups were blocked with a solution of ethanolamine hydrochloride-

NaOH pH 8.5 (Cytiva) for 10 minutes. Patterned CMD -based surfaces 

presenting ECD-Her2 or ECD-Her3 were then treated with Her2 and Her3 

NanoCombs modified with desthiobiotin at the 3' end of the backbone for 2 h at 

room temperature (RT), followed by washing with PBS + 0.05% Tween20. The 

surfaces were then incubated with streptavidin conjugated to horseradish 

peroxidase (Thermo Fisher Scientific) for 20 min at RT followed by washing. 

SuperSignal enzyme-linked immunosorbent assay Pico chemiluminescent 

substrate (Thermo Fisher Scientific) was added, and substrate conversion 

catalysed by horseradish peroxidase was performed for 1 min at RT. 

Luminescence at 425 nm was measured within 5 min of the end of the reaction 

using a Varioskan Lux plate reader (Thermo Fisher Scientific). 

 

Elisa plate-based chemiluminescent assay 

Pierce Nickel Coated Plates (Thermo Fisher Scientific) were used to immobilize 

His-tagged ECD-Her2 proteins (1 h incubation). After washing with PBS + 

0.05% Tween20, the chemiluminescence assay was performed as described 

above for the CMD-based patterned surfaces. 

 

Fluorescence assay   

Two fluorescence assays were performed.   

Experimental setup 1: The surfaces were incubated with a camelid nanobody 

(VHH) specific for ECD-Her2 co-expressed with green fluorescent protein 

(GFP) (gift from Prof. Ario de Marco - College of Nova Gorica) for 2 hours at 

RT, followed by washing with PBS + 0.05% Tween20 (FIG6B);  

Experimental setup 2: Surfaces were incubated with a primary antibody (Her2 

Recombinant Rabbit Monoclonal Antibody - Thermo Fisher Scientific) for 2 

hours at RT and, after washing with PBS + 0.05% Tween20, with a secondary 
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fluorescent antibody (Donkey anti-Rabbit IgG Secondary Antibody, Alexa 

Fluor 488 - Thermo Fisher Scientific) for 1 hour at RT, followed by washing. 

For the SA experiment, SA molecules were covalently immobilized by amine 

coupling as described previously. Desthiobiotin NanoCombs were then 

incubated for 1 hour at RT above the surface. 

The fluorescence signal was acquired using Zeiss Axio Imager.  

M2 microscope at 10x magnification and quantified using ImageJ. Three 

different images of the same region of interest (ROI) were included in the 

analysis.  

 

SPR-assay  

ECD-Her2/ECD-Her3 proteins were immobilized on different flow cells of a 

CM5 sensor chips via amine coupling reactions according to the manufacturer's 

instructions. Binding assays of anti-Her2 and anti-Her3 binder- oligo conjugates 

were performed with a saturating concentration of analytes in running buffer 

(HBS-EP +). A Biacore T200 instrument and related reagents (Cytiva) were 

used to perform all SPR experiments. 

 

Statistical analysis 

Statistical analysis was performed using GraphPad Prism (version 8.2.1). 

Statistical significance was determined by a two-tailed Student's t test. P ≤ 0.05 

was considered statistically significant. 
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