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ABSTRACT 

 

The biological membranes of eukaryotic organisms contain functional, highly dynamic nano-

domains called "lipid rafts" (LRs) which are enriched in cholesterol, sphingolipids and GPI-anchor 

proteins. They are involved in several biological processes which implicate or are mediated by the 

plasma membrane as protein trafficking, intra-extracellular cell signaling, chemotaxis and cell 

polarity. Moreover, LRs seem to have a critical role in the onset of some neurodegenerative 

diseases such as the Alzheimer’s disease (AD), Parkinson’s disease (PD) and Prion protein 

disorders. In the last two decades, the complexity of studying such domains in living cells has 

caused a growing interest in the use and design of artificial membrane models, which mimic the 

structure and composition of biological membranes. In this context, I promoted the formation and 

investigated the properties of lipid raft domains in artificial lipid bilayers by exploiting Atomic 

Force Microscopy (AFM). AFM provides in fact great advantages for the investigation of nanoscale 

surface properties of biological samples in near-physiological environment. First, I compared two 

different fabrication methods for the production of artificial lipid bilayers, the drop-casting and 

the direct vesicle fusion techniques. I started from one-component lipid membranes and I 

progressively moved towards more complex models, as binary and ternary lipid compositions, in 

order to study the main LRs features in relation to specific biological phenomena, such as protein-

lipid interactions involved in particular pathological diseases. The direct vesicle fusion method 

appeared to be the most suitable approach in term of reproducibility, stability and control of lipid 

composition. I took advantage from this method for carrying out a morphological characterization 

of raft-like model membranes composed by phosphocoline (DOPC), sphingomyelin (SM) and 

cholesterol focusing in particular on lipid phase behavior. Membranes exhibited the coexistence 

of two lipid phases, the fluid phase made by DOPC, and the solid-ordered phase made by SM and 

cholesterol, the latter resembling raft-like domains.  

With selected 3-component lipid systems, I then investigated the distribution of GM1 ganglioside, 

a LR marker, into my system, demonstrating its preferential localization in the nano-domains and 

highlighting the feasibility and versatility of model membrane technology. For the first time, I 

studied the binding of synthetic full-length Prion protein (PrPc), carrying a C-terminal membrane 

anchor (MA), to LRs domains. The conversion of PrPc into the scrapie isoform PrPsc, which displays 

high propensity to aggregate leading to cytotoxicity, has been reported to take place into LRs and 

to be influenced by lipid-anchors. I demonstrated with this study the propensity of this protein to 

specifically target LR domains of my artificial systems, observing an aggregation process occurring 

even at low protein concentrations. A comparative analysis with PrPc lacking of MA is however 

required to assess the role of lipid-anchor into the protein distribution and aggregation.  
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Finally, in the last part of my research I focused on the study of the role of iron ions in the 

interaction between alpha synuclein (αS) and lipid membranes. αS is the central protein of PD and 

the presence of amyloid αS fibrils is the main pathological hallmark of the disease. Several factor 

such as membrane-binding, pH and metal ions concentration, can promote in vivo and in vitro 

protein aggregation forming different kind of structures. Iron represents a big challenge for 

finding therapeutic approaches against the disease. Increasing concentrations of iron have been 

found in the brain of PD patients and a strong interplay between iron, oxidative stress and αS-

aggregation has been postulated. Recently several evidences have showed that intermediate 

aggregated products, called oligomers, rather than fibrils are the elements which cause 

neurotoxicity. By AFM in combination with attenuated total reflectance infrared (ATR-IR) 

spectroscopy, I compared the structural behavior of the wild-type (wt) and a mutant form of αS 

(A53T) in presence of Fe2+ ions and the effect of the iron ions on the interaction with my artificial 

membrane, and specifically with  LRs. I demonstrated that iron strongly promotes the formation 

of αS-oligomers with a greater propensity of the mutant form to aggregate. ATR-IR data revealed 

that the mutant is characterized by a bigger content of β-sheet secondary structures and a more-

pronounced structural disorder as well as a better ability to form complexes with iron. At the 

same time, the AFM comparative analysis of protein monomers vs oligomers showed oligomer 

accumulation, with the formation of protein clusters, on raft-like domains. On the contrary, 

monomers in absence of iron ions bind to the membrane (wt αS to both lipid phases, the mutant 

A53T αS to the fluid phase only) leading to extensive defect sites and to slight aggregation. The 

protein clustering on raft-like domains suggests a possible role of αS-oligomers in interfering with 

the biological processes that are modulated by proteins enriched on LRs. The administration of 

iron-induced αS-oligomers to neuronal cells primary cultures would be a promising next step in 

order to gain new insights into the relation between iron, LRs and the multi-factorial aggregation 

of αS. 
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INTRODUCTION 

 

1. Biological membranes 

 

Biological membranes represent one of the most important structures in cell biology. Cell 

membrane acts as a physical barrier separating intracellular environment from the extracellular 

one and maintaining cellular homeostasis. In eukaryotic cells, membranes surround also cell 

organelles, as Golgi apparatus, endoplasmic reticulum and mitochondria. Beside its structural role 

in compartmentalization, the cell membrane is involved in a variety of cellular processes such as 

signaling, cell-cell interactions and ion conductivity. Membrane components both communicate 

with intracellular and extracellular environment, by interacting with structural proteins of 

cytoskeleton, as actin and tubulin, and with small molecules and polymeric compounds of 

extracellular matrix (ECM) 1.  

In spite of their different functions, the basic structure of all the biological membranes is a lipid 

bilayer. Cell membrane is a very complex and highly dynamic structure with thousands of 

different phospholipids with a variety of saturation and length of acyl chains. In addition to the 

various types of phospholipids, membrane proteins and sugars are also key components of the 

structure. While lipids primary exert a structural role, membrane proteins are the nanomachines 

that carry out specific membrane functions, enabling membranes to send and receive messages 

and to transport molecules in and out of cells and compartments.  

In 1972, Singer and Nicholson proposed the “fluid mosaic model” to describe the dynamic and 

fluid structure of plasma membrane. The model is based on the thermodynamics principles of the 

organization of lipids and proteins of a biological membrane 2. According to the model, the 

membrane was represented as a uniform fluid lipid bilayer of phospholipids in which globular 

integral proteins and glycoproteins were able to laterally diffuse within the plane of the bilayer 

(Fig. 1A). The model emphasized the fluidity of the membrane and the coexistence of lipids and 

proteins, without the presence of any membrane sub-compartmentalization. However, in the 

next two decades a large number of studies has highlighted the lateral heterogeneity of 

membrane, featuring the presence of different sub-compartments that differ in their composition 

and biophysical properties, and that limit the mobility of many membrane proteins within the 

bilayer. In vivo, the first evidence of the presence of membrane heterogeneity has been observed 

in epithelial cells which have been shown to be morphologically and functionally polarized, 

displaying a selective delivery of lipids to their apical and basolateral sides 3. This new view of 

membrane structure has brought to formally develop a new model of plasma membrane 
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organization, called the “lipid rafts model” 4 (Fig. 1B). According to the raft hypothesis, the 

interaction between specific lipids in the plane of the bilayer drives the formation of functional 

ordered membrane domains, the so-called lipid rafts, which are involved in several biological 

events such as signal transduction and membrane trafficking pathways and other biological 

processes. We will briefly review the principle components of biological membranes and the 

biophysical properties that govern the integrity and functionality of these essential cellular 

structures.   

 

 

 

Figure 1. The Fluid Mosaic Membrane Model and the Lipid Raft Model of biological membrane structure. (A) The 

picture represents a section view of a cell membrane with globular integral membrane proteins randomly distributed in 

the plane of a completely fluid bilayer. The membrane does not contain other membrane-associated structures or 

membrane domains of different compositions. From Singer and Nicholson, 1972 
2
. (B) The picture, generating from 

Monte Carlo simulations, represents a modern view of membrane structure which exhibits lateral heterogeneities, 

cluster and domain formation within the membrane plane. From Eeman and Deleu, 2009 
5
. 

 

1.1 Lipid composition of cellular membranes  

 

Lipids are described as water-insoluble biomolecules that are highly soluble in organic solvents. 

They are amphipathic, containing a hydrophobic domain (or apolar end) and a hydrophilic domain 

which interacts with aqueous environment. The self-association of the hydrophobic portions 

minimizes the total surface in contact with water, leading to an increase of system entropy. The 

polar head of lipids interacts with water and other headgroups generating  an energetically stable 

system in aqueous solution 6. At physiological concentration, lipids are able to assemble into 

different structural associations (lamellar, micellar and cubic), according to the volume of their 

polar headgroups and fatty acyl chains. This ability is referred to as lipid polymorphisms 7. 

A B

The Fluid Mosaic Model The Lipid Raft Model
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However, biological membranes are mostly lamellar and this is due to lipid-lipid and protein-lipid 

interactions which make the lamellar state energetically more favorable.    

Lipids have a variety of biological roles: they are used for energy storage, as signaling molecules 

acting as first and second messengers in signal transduction, and as structural building blocks of 

biomembranes. Biological membranes are characterized by a different lipid composition which 

even differs among membrane compartments 8 (Fig. 2). For example, the total number of lipid 

species in cellular lipidome is likely to be in the thousands 9. A possible reason for this lipid 

complexity is to guarantee a robust apparatus even in presence of local environmental changes, 

such as pH and osmolarity. The most abundant lipids of eukaryotic cell membranes are 

glycerophospholipids, sphingolipids and sterols. The former two are classified according to their 

polar headgroup, acyl chain length and degree of saturation. 

 

 

 

Figure 2. Lipid membrane composition of different cell membranes 

 

 Glycerophospholipids. Glycerophospholipids are the major structural lipids in eukaryotic 

cell membranes. Their hydrophobic portion is a dyacylglicerol (DAG), a glyceride 

consisting of two fatty acid chains esterified to a glycerol molecule (in C1 and C2). The acyl 

chains can be saturated or cis-unsaturated with varying length. A phosphate group is 

attached to the C3 of the glycerol molecule giving rise to several kind of phospholipids 

such as phospatidic acid (PA), phosphatidylcholine (PC), phospatidylserine (PS), 

phosphatidylinositol (PI), and  cardiolipin (CL) 10. PC self assembles spontaneously into 

planar lipid bilayer and represent more than 50% of total glycerophospholipids in most 

eukaryotic membranes. It has one cis-unsaturated acyl chains which renders the molecule 

https://en.wikipedia.org/wiki/Glyceride
https://en.wikipedia.org/wiki/Fatty_acid
https://en.wikipedia.org/wiki/Glycerol
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fluid at room temperature (Fig. 3) 11. In biological membranes glycerophospholipids are 

usually present with the acyl chain of C1 saturated with 16-18 carbons and with longer 

unsaturated C2. Their degree of saturation contributes to the elasticity of the membrane, 

influencing insertion and sequestration of the proteins. Moreover, it has to be considered 

that lipids are not only the structural constituents of the membrane but they actively 

participate to several membrane processes. For example, phosphatidylethanolamine (PE) 

due to its conical geometry, imposes a curvature stress onto a PC bilayer, mediating 

membrane protein accommodation and modulating their activity 6,12. PA instead is the 

biosynthetic precursor of all glycerolipids and acts as a signaling lipid, recruiting cytosolic 

proteins to the membrane 13. 

 

 

 

Figure 3. Representation of the structure of phosphatidylcholine (PC). From Rodriguez-Berdini and Ferrero, (2016) 
14

. 

 

 Sphingolipids.  Sphingolipid molecules are built on ceramide backbone, which is 

composed of sphingosine and a fatty acid. In cell membrane they are usually present with 

both acyl chains saturated with 16 to 24 carbons long (Fig. 4). The major sphingolipids in 

mammalian cells are sphingomyelin (SM) and the glycosphingolipids (GSLs) 10. SM 

molecules have a PC or PE headgroup and pack more tightly into bilayer due to the 

unsaturation of the acyl chains. Sphingolipids are enriched in lipid rafts being able to form 

specific interaction with cholesterol, which modulates their phase in membrane (see next 

paragraph). SM is specially found in neuronal cell membranes with a greater 

concentration on the outer than the inner leaflet. Moreover, it is a component of myelin, 

the structure that surrounds axon neuronal membrane, and it plays significant roles in 

signaling pathways. The degradation and synthesis of SM produce, indeed, important 

second messengers for signal transduction15.  
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Among glycosphingolipids, gangliosides such as GM1, GM2, GM3, have to be mentioned. 

They have two acyl chains embedded in the plasma membrane and one or more 

carbohydrate residues linked to a hydrophobic lipid moiety through a glycosidic linkage. In 

addition, they have terminal sialic acids linked to sugar chains which are implicated in 

neural transmission and synaptogenesis. They are found predominantly in nervous system 

and are concentrated on cell surface, especially on lipid raft domains 4. They are involved 

in many signaling processes like cell to cell adhesion, receptor binding and signal 

transduction 16. Accumulation of ganglionsides in cell lysosomes causes a group of 

diseases, called gangliosidosis (i.e. Tay-Sachs disease 17). 

 

Figure 4. The structure of sphingomyelin. The formula and the space-filling model of the molecule are 

reported. From Nelson et al, 2013 
18

. 

 

 Sterols. Sterols are organic molecules characterized by a fused four-ring core structure. 

They represent the major non-polar lipids of plasma membrane. The most abundant 

sterol in mammalian membranes is cholesterol (Fig. 5), representing ca 30% of the total 

lipid content. Cholesterol is able to interact with lipid membrane by inserting 

perpendicularly into the lipid bilayer. The hydroxyl group forms hydrogen bonds with the 

carbonyl oxygen of phospholipid headgroups while the hydrocarbon tail positions itself in 

the non-polar core of the bilayer. Cholesterol is preferentially present into lipid rafts 

where it strongly displays higher affinity for saturated acyl chains, like SM, instead of 

unsaturated ones 19. It plays an important role regulating membrane fluidity by packing 

the acyl chains and increasing the rigidity of the bilayer. This effect of cholesterol results 

in the reduction of bilayer permeability, while the effect on lateral diffusion of proteins 

and lipids within the plane of the membrane is minimal 20.  
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Figure 5. The structure of cholesterol. Cholesterol is represented (A) by a formula, (B) by a schematic 

drawing, and (C) as a space-filling model. From Alberts et al, 2002  
21

. 

 

1.2 Membrane proteins 

 

Membrane proteins are responsible for carrying out most of cellular membrane functions, 

representing 50% of membranes in weight. Protein content varies depending on cell type and 

subcellular compartments. Some proteins are bound only to the membrane surface, whereas 

others cross the membrane bilayer having both extracellular and cytoplasmic domains. Based on 

the nature of lipid-protein interactions, membrane proteins can be classified into two wide 

categories:  integral proteins and peripheral proteins 21 (Fig. 6). 

 

1. Integral proteins. These proteins have one or more hydrophobic portions that are 

inserted into the lipid bilayer, anchoring the protein to the membrane. Among this class, 

some proteins, called transmembrane proteins, span the entire membrane by one or 

more membrane-spanning domains which are usually α helices of 20-25 hydrophobic 

amino acids or multiple β sheets. Transmembrane proteins with α helices domains are 

usually receptors involved in signaling events, whereas those with multiple β sheets 

structure form pores in membrane and have a role in the uptake and disposal of small 

molecules across the membrane. In contrast to transmembrane proteins, some integral 

proteins are anchored to one membrane leaflet by a lipid tail, covalently bound to the 

protein structure. One class of these proteins is inserted into the extracellular leaflet by 

glycosylphosphatidylinositol (GPI) anchors. Many GPI-anchor proteins are associated with 

lipid rafts 22.  

 

 

A B C
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2. Peripheral proteins. These proteins do not interact with the hydrophobic core of lipid 

membrane, instead are bound to the membrane by direct interactions with lipid 

headgroups or by indirect interactions with integral proteins. Peripheral proteins located 

on cytosolic side of the membrane perform a wide range of functions such as anchoring 

cytoskeleton proteins with membrane and triggering intracellular pathways. One 

important group of peripheral proteins are water-soluble enzymes, such as 

phospholipases which hydrolyze headgroups of phospholipids and are involved in the 

degradation of damaged cells 21. 

 

 

 

Figure 6. Membrane proteins classification. Trans-membrane proteins cross the bilayer as (1) a single α helix, (2) as 

multiple α helices, or (3) as a β barrel. Other membrane proteins are exposed at only one side of the membrane. (4) 

Some of these are anchored to the cytosolic surface by an amphipathic α helix that partitions into the cytosolic 

monolayer of the lipid bilayer through the hydrophobic face of the helix. (5) Others are attached to the bilayer solely by 

a covalently attached lipid chain or, (6) via an oligosaccharide linker, to phosphatidylinositol in the non-cytosolic 

monolayer. (7, 8) many proteins are attached to the membrane only by non-covalent interactions with other 

membrane proteins. From Alberts et al, 2002  
21

. 

 

2. Physical and structural properties of cell membranes 

 

2.1 Lipid-lipid interactions and phase separation 

 

In solution lipids spontaneously self-assemble forming a lipid bilayer, which allows tight packing of 

adjacent side chains with the maximum exclusion of water from the hydrophobic domain. The 

organization of lipids in the bilayer is strongly affected by the nature of acyl chains, the 

Transmembrane proteins

Associated with
cytoplasmic inner

monolayer

Associated with
outer monolayer

(GPI-anchor proteins)

Peripheral proteins
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headgroups and physical parameters such as ion content, pH and temperature 23. At a given 

temperature a lipid bilayer can exist in either a liquid-disordered (Lα or Ld) or a solid-ordered 

phase (So) (Fig. 7 A). The difference between these two phases is referred to the fluidity of the 

hydrophobic domains. Lipids in solid-ordered state have the hydrocarbon chains fully extended 

and closely packed whereas the hydrocarbon chains of lipids in fluid state are randomly oriented 

and fluid. Each lipid has a specific transition temperature (Tm) at which it undergoes a transition 

from gel to fluid phase. Tm mainly involves the disordering of hydrocarbon chains, and several 

factors can directly affect the phase transition temperature including hydrocarbon length, 

unsaturation, charge, and headgroup species 24,25. As the hydrocarbon length is increased, van der 

Waals interactions become stronger requiring more energy to disrupt the ordered packing, thus 

the phase transition temperature increases. Likewise, introducing a cis double bond into the acyl 

group puts a kink in the chain which requires much lower temperatures to induce an ordered 

packing arrangement. Saturated lipids as SM have usually higher Tm compared to unsaturated 

ones. The presence of cholesterol strongly increases the complexity of the system, exhibiting a 

dual effect on lipid bilayer 26. Cholesterol stabilizes the membrane interacting with the Lα phase 

and ordering the acyl chains. At the same time it disorders the So phase with a transition to a new 

phase called liquid-ordered phase (Lo) in which the molecules are more tightly packed and 

ordered than in Lα phase 27,28. Notwithstanding its ability to interact with both lipid phases, it has 

been showed that cholesterol prefers to interact with ordered unsaturated lipids such as SM 

although for non completely clear reasons 29. As a matter of fact it is a peculiar feature of lipid 

rafts being enriched in cholesterol and SM.  

The use of artificial membrane systems has been instrumental to study lipid behavior and phase 

transitions of biological membranes. Depending on the lipid composition, a lipid bilayer can 

exhibits different physical states including single liquid phase, two coexisting liquid phases, liquid-

solid phase coexistence and single solid phase. Three-component (high Tm lipid/low Tm 

lipid/cholesterol) model membranes have the minimal number of components that yield complex 

phase behavior. Several studies have been performed on different ternary lipid mixtures as a 

function of temperature and relative molecular concentration. Different phase diagrams which 

summarize and identify each phase including the presence of coexisting phases, at all 

compositions, are now available for a better and easier interpretation of the biological 

membranes. In Fig. 7B is reported a phase diagram of a three-components lipid mixture that 

contains cholesterol, DOPC and SM in excess water, determined at 25°C from confocal fluorescent 

microscopy of ternary giant unilamellar vesicles (GUVs) 30. The diagram displays coexisting Lo and 

Lα domains and shows that an increasing cholesterol concentration can induce the formation of a 

boundary between the Lα–Lo coexistence region and the liquid-solid coexistence region.  
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Figure 7. Lipid phase transition. (A) Different physical state adopted by a lipid bilayer in liquid environment. (B) Phase 

diagram for a three-component lipid mixture made of DOPC, SM and cholesterol, determined at 25 °C based on 

confocal fluorescence microscopy images. The compositions DOPC/SM/Chol are given in mole fractions. Each side is 

divided into ten fractions each of which corresponds to an increase of 10% molar of each components. The dark regions 

are liquid phases rich in SM and cholesterol while the bright regions are rich in DOPC. The scale bars are 20 μm. 

Adapted from Veatch and Keller, 2005
30

 . 

 

2.2 Membrane asymmetry  

 

Plasma membrane is asymmetric in the composition of lipids and proteins. The outer leaflet 

consists mainly of PC, SM and GPI-anchor proteins, whereas PE and PS are the predominant 

phospholipids of the inner leaflet as well as PI, which plays an important role in cell signaling (Fig. 

8). Cholesterol is distributed in both leaflets being present in about the same molar amount as the 

phospholipids, but apparently enriched within the inner leaflet 31,32. For instance, a study based on 

quenching of fluorescence and fluorescence photobleaching of two fluorescent cholesterol 

molecules (dehydroergosterol and NBD-cholesterol) have showed an enrichment of cholesterol in 

the inner leaflet of human erythrocyte plasma membrane 33.  

Maintenance of membrane asymmetry is an active process which is performed by several 

proteins. Translocation of lipids from one leaflet to the other is called “flip-flop” and is catalyzed 

by enzymes, know as lipid translocases or flippases, which require ATP hydrolysis to perform this 

transbilayer movement. ATB-binding cassette transporters (ABC) seem to move (flop) 

phospholipids from the inner to the outer leaflet whereas P-type ATPases control  movement of 

lipids to the cytoplasmic layer (flip)34. Membrane asymmetry is known to affect various bilayer 

Tm

TmRipple phase

Gel (So) Liquid-disordered
(Lα, Ld)

Pretransition

Liquid-ordered
(Lo)

+
Cholesterol

+
Cholesterol

A B
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properties such as shape, permeability and stability. For instance, the interaction of PS with 

skeletal proteins improved mechanical stability of membrane of red blood cells 35. Local and 

global changes of transbilayer asymmetry are directly involved in many cellular processes. For 

example, apoptotic cells show a collapse of lipid asymmetry which results in the PS exposure that 

is used as recognition signal by macrophages 36. In addition, PE exposure is essential for cell cycle 

progression 19. 

 

 

Figure 8. Schematic representation of lipid asymmetry in erythrocyte membrane. The colors indicate the asymmetric 

distribution of phospholipids. The range in percentage indicates the amount present in the preferred leaflet. From 

Fujimoto and Parmryd, 2016 
38

.    

 

2.3 Lipid diffusion 

 

Besides transbilayer lipid movements which are slow in physiological conditions and relatively 

easy to maintain, lipids even undergo lateral diffusion that happens when molecules exchange 

place in the same leaflet. The rapid thermal diffusion or Brownian diffusion within the two 

dimensional plane of the membrane makes the membrane a two dimensional fluid entity. This 

effect occurs very quickly, with a diffusion coefficient around 10-7 and 10-8 cm2/sec (at room 

temperature), that means a single lipid moves around all erythrocyte membrane cell in around 1 

sec. Lateral diffusion coefficient (DL) of lipids is one of the most important dynamical parameters 

of biological membranes and it is closely related to the membrane structure. Different 

experimental techniques are used to calculate this coefficient and are typically based on 

fluorescence microscopy approaches 39,40. Generally, lateral diffusion coefficient is strongly 

affected by the packing of lipids and the by molecular ordering: a denser lipid packing in the 

bilayer leads to a decrease of DL 
41. The 2D diffusion of molecules of the size of lipids is treated 

using the free area theory. The theory considers a particle performing a two-dimensional random 

walk. For each diffusion step a molecule requires sufficient free area to move and certain minimal 
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energy to perform engage the step 42. It was found that DL depends on the degree of saturation of 

lipid acyl chains. DL increases with increasing number of double bonds, as a consequence of the 

increased headgroup area 43.  

Since in a real cellular membrane the lateral diffusion of lipids is influenced by proteins, raft 

domains and interactions with the cytoskeleton, various artificial model membrane systems have 

been developed in order to investigate how each of the before mentioned factors can affect 

lateral movements of lipids 44,45. In general, several studies on three-component model 

membranes (i.e. DOPC/SM/Chol) have demonstrated that DL is about 2:10-fold smaller in the Lo 

phase and the activation energy for the diffusion process in the Lo is higher than for the Lα phase 

46. 

 

2.4 Lipid-protein interactions 

 

Lipid-protein interactions are very important for the stabilization of protein structure, regulation 

of protein activity and for partition of proteins in different lipid domains, as in lipid rafts. At the 

molecular level, these interactions drive the complex organization of plasma membrane.  

In general, membrane proteins with different length of their transmembrane domains (TMDs) 

tend to localize into different lipid environments, to minimize the energetically unfavorable 

exposure of hydrophobic residues to aqueous environment. For instance, proteins with long 

TMDs segregate with long-chains lipid molecules (hydrophobic matching). When a length 

mismatch is present between TMDs and the lipids associated with the proteins, protein-protein 

interactions induce the formation of lateral protein-rich aggregates (hydrophobic mismatching) 47 

(Fig. 9). Membrane proteins are usually surrounded by a layer of lipid molecules which interacts 

with the membrane-penetrating surface of the protein. These lipid molecules are called annular 

lipids, because they form a ring around the protein. They adopt a distorted conformation 

interacting with the surface of the protein and are in rapid exchange with the bulk lipid of the 

membrane 48,49. Some evidences have  proposed the presence of lipid-binding sites on membrane 

proteins which are bound to different lipid molecules. These areas are referred to as non-annular 

lipid motifs and are located between transmembrane α-helices or at protein-protein interfaces 50. 

These interactions are essential for the partition of the proteins in different membrane domains 

or for the regulation of their activity. For instance, the HIV glycoprotein gp41, contains 

cholesterol-binding sites that regulates their distribution into lipid raft domains 51. The function of 

several G protein-coupled receptor is cholesterol-dependent, although it is not clear whether the 

interaction is specific with a well-known protein region or if the effect translates into a physical 

change of the surrounding membrane. Voltage ion-channels are other proteins whose activity is 

lipid-dependent 52. For instance, potassium channels directly bind the membrane phospholipids 
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phosphatidylinositol 4,5-bisphosphate (PI(4,5)P2) leading to an increased probability of channel 

opening 53. 

 

 

 

Figure 9. Influence of the hydrophobic mismatch on membrane protein organization in membrane. Due to protein 

insertion, the hydrophobic mismatch induces stress and curvature in the membrane (purple areas in the membrane). In 

order to reduce membrane stress, the proteins can associate or move to membrane areas of increased thickness, as 

membrane areas with higher cholesterol content (green, lower right). From Gahbauer et al, 2016 
54

.  

 

3. Lipid rafts 

 

The first evidence of the lateral heterogeneity of membranes was observed in the 1970s 55. Upon 

extraction of plasma membrane with cold non-ionic detergents, the membrane could have been 

separated in detergents-soluble membrane (DSMs) parts and detergent-resistant ones (DRMs).  

DMRs appeared to be enriched in cholesterol, sphingolipids and glycosilphospatidylinositol (GPI)-

anchored proteins and are referred to as lipid rafts 56,57. However, it quickly became clear that 

DMRs do not reflect the native composition and organization of lipid rafts in living cells. For 

instance, the protein content can vary according to the choice and concentration of detergents 

used for the extraction 58.  

Since its initial formalization, the concept of lipid rafts has generated a huge amount of interest as 

well as controversy, due to the limitation in the available methodologies for the characterization 

of the physicochemical principles of lipid rafts homeostasis. To overcome these limitations in 

order to better investigate the identity and the physical and chemical properties of these 

domains, several biophysical and biochemical tools such as optical microscopy techniques, single-

particle tracking (SPT) and model membrane technology have been developed 59,60. In 2006, a new 

consensus definition of lipid rafts was coined, by which lipid rafts are small (10-200 nm in size), 

heterogeneous, highly dynamic (in terms of both lateral mobility and association-dissociation), 

functional membrane nanodomains, enriched in cholesterol and sphingolipids that segregate 
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proteins and compartmentalize cellular processes (Fig. 10). They have the potential to form 

microdomains (> 300 nm in size) upon clustering induced by protein-protein and protein-lipid 

interactions 16. Lipid rafts are even characterized by the presence of gangliosides, lipidated 

proteins (GPI-anchor proteins) ad transmembrane proteins 61. Gangliosides represent a particular 

class of glicosphingolipids involved in cell-cell communication and were found to interact with 

rich-cholesterol ordered domains in plasma membrane 62. Lipidated proteins insert into raft 

domains by GPI or palmitoyl anchors were some of the first proteins to be indentified in DMRs 63.  

 

 

 
Figure 10. Lipid raft organization in plasma membrane. Rafts are enriched in phospholipids, glycosphingolipids, and 

cholesterol, and serve as active platform for receptors, such as G protein-coupled receptors (GPCRs), and other 

signaling molecules. From Villar et al., 2016 
64

. 

 

Lipid rafts are present in both the inner and outer leaflets of asymmetric cell membrane and form 

functional platforms for the regulation of cellular processes 65. However, it is very important to 

note that the plasma membrane displays a large variability in terms of raft abundance and 

localization of different proteins within lipid rafts, and this is dependent on cell types, generating 

a cell-specific organization of protein receptors and effectors 16. Recently, several studies have 

shown the presence of these domains in cells using different biophysical and biochemical 

approaches, such as super-resolution fluorescence microscopy techniques 66,67, Raman 

spectroscopy 68 as well as small-angle neutron scattering (SANS) 69, and suggesting a key role for 

membrane heterogeneity in different cellular functions. However, the microscopy detection of 

lipid rafts in vivo remains the major challenge because of their dimensions and short lifetime, as 

well as the precise identification of their exact nature and role in various cellular phenomena. 

 

3.1 Cellular functions of lipid rafts 

 

The general function globally accepted and attributed to lipid rafts (and to membrane lipid order 

phase in general) is to segregate and cluster specific elements, such as proteins, regulating their 
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interactions with other membrane components and thus compartimentalize cellular processes 4.  

Lipid rafts can regulate the activity of their associated components in different ways. For example, 

they co-localize molecules triggering reactions as in case of enzymes and substrates (Fig. 11 A), or 

they can directly affect the conformation of the proteins modulating their activities (Fig. 11 B) 

70,71. Here are reported some examples of lipid rafts in cell functions. 

 

 

Figure 11. Mechanisms by which lipid rafts can modulate the activity of their assembled molecules creating a 

catalytic platform. (A) Molecules can be brought together, increasing the probability of their interaction, and  thereby 

triggering a cascade pathways. (B) Protein receptors can be activated by a raft-dependent modification of their 

conformation. From Sezgin et at., 2017 
72

.         

                                

 Intracellular trafficking. Lipid rafts seem to play a key role in the non-classic, clathrin-

independent, endocytic pathway which involves the activity of a specific subset of rafts, 

called caveolae (Fig. 12). They are flask-like plasma membrane invaginations of 50-100 nm 

in diameter by which cell internalizes several membrane components and extracellular 

ligands 73. Caveolae are enriched in specific raft proteins, called caveolins, whose 

oligomerization is the key determinant for the formation of these membrane 

invaginations. They are expressed in various tissues and cell types such as smooth muscle, 

fibroblasts, endothelial cells, and adipocytes. The functions of caveolae include 

endocytosis, calcium signaling, and regulation of various signaling events, as well as they 

can be used by pathogens to penetrate the cell, as the Simian Virus 40 (SV40) 74. In this 

context, exosomes (EXOs) need a special mention (see Appendix A). EXOs are small 

extracellular vesicles (EVs) ensuring transport of molecules between cells and throughout 

the body. EVs contain specific signatures (RNA, DNA and proteins) and, functioning as 

inter-cellular messengers, have been shown to strongly impact on the fate of recipient 

cells 75,76. EXOs have been proposed to play an important protumorigenic role, stimulating 

tumor cells growth, suppressing the immune response and even being part of the cancer 

progression and the metastatic process. Recent findings have demonstrated raft domain 

involvement in molecule sorting in EXOs which appeared to be enriched in GPI-anchor 

proteins that are usually present in DRMs of several types of cells 77.   

A B
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Figure 12. Structure and composition of caveolae, a special type of lipid rafts. Caveolins, cavins and pacsin2 are the 

main proteins that shape caveolae, whereas Dyn2, EHD2 and filamin A regulate their dynamics. Caveolae have 

functional or physical association with the cytoskeleton. Filamin A is the main protein mediating a linkage with stress 

fibers, but other yet unidentified linkers might exist (indicated as unknown linker). Regulators of stress fibers (Abl 

kinases and mDia1) that influence caveolae organization and trafficking are shown next to RhoA, the main regulator of 

stress fibers, which is regulated by Cav1. From Echarri and Del Pozo, 2015 
78

. 

 

 Communication with cytoskeleton. Proteins involved in the stabilization of microtubules, 

such as Rho, RacGTPases, chaderin, actin, tubulin, and myosin, have been isolated in raft 

domains 79,80. Lipid raft interactions with cytoskeleton are important for several biological 

processes, such as signaling, migration and cell adhesion. During adhesion, rafts are 

internalized in an actin- and microtubule-dependent manner allowing cells to detach from 

the extracellular matrix whereas, upon new adhesion events, rafts return to the cell 

membrane 81. Moreover, rafts-cytoskeleton interactions are important for cell fate and 

cell mechanical adaptation 82. 

 

 Immune signaling. Several studies have demonstrated that lipid rafts modulate various 

innate and adaptive immune responses. Various immune cells, such as B cells, T cells, 

basophils and mast cells, present protein receptors associated with lipid rafts and 

involved in signaling pathways leading to inflammation. Immunoglobulin E (IgE)-mediated 

signaling pathway was the first one that was shown to be associated with lipid rafts 83. 

The signaling cascade initiates when IgE binds its receptor (FcεRI) on the surface of mast 

cells and basophils, increasing their association with lipid rafts. The effect is the 

recruitment of various molecules which cause the degranulation of mast cells 84. Several 

other immune-associated GPI-anchor proteins have been found in DMRs suggesting their 
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preferential association with lipid rafts. Other immune receptors were found in DSMs of 

immature cells, but they translocate to DMRs  upon receptor activation 85–88. Moreover, it 

was shown that lipid rafts alter cytokine signaling, which is regulated by 

compartimentalization of cytokine receptors on raft domains creating a signaling platform 

for the recruitment of kinases and adaptor molecules. 

 

 Synaptic transmission and plasticity. Lipid rafts were demonstrated to be involved in 

neuronal communication, being present in neurons and glial cells 89,90. They contribute to 

neurotransmitter exocytosis at pre-synaptic terminals, and to cluster neurotransmitter 

receptors and their downstream effectors. The Ca2+-dependent release of vesicle content 

at synaptic terminus, is impaired by decreased cholesterol levels 91. Moreover, a large 

number of proteins involved in this exocytic process, such as SNARE proteins  (SNAP25, 

VAMP2 and Syntaxin), have been found in DMRs 92. Several studies have been focused on 

correlation between cholesterol and synaptic plasticity. The synaptic plasticity is affected 

by the shuttling of several synaptic proteins between rafts and non-rafts domains, leading 

to strengthen or weaken the synaptic activities over the time.  

 

3.2 Lipid rafts and diseases 

 

Recent data have demonstrated that lipid rafts are linked to different kind of diseases such as 

cancer, cardiovascular diseases and neurodegenerative diseases as well as host-pathogen 

interactions. Rafts provide a specific environment for signaling molecules and protein receptors, 

such as G-proteins or members of the tyrosine kinase Src family (SFKs), which are associated with 

the onset of many kind of diseases.  

 

 Cancer. Lipid rafts are implicated in signaling pathways in cancer progression as well as 

they play a critical role in cancer cell adhesion and migration. Alternation of cell adhesion 

and migration are directly correlated with aggressive invasion and metastatic spread of 

cancer, and these processes involve remodeling of extracellular matrix of the tumor 

microenvironment and adhesion molecules at the cancer cell surface 93,94. Several studies 

have demonstrated that CD44, the major cell adhesion protein of cancer cells, is localized 

into lipid rafts and that rafts regulate functionality of this protein. Impairment of rafts by 

cholesterol depletion, leads to an increased shedding of CD44 in human glioma cells 95. 

Cell-cell adhesion is facilitated by the activity of transmembrane receptors (integrins) 

which allow cells to bind extracellular matrix components or ligands on other cells. The 

https://en.wikipedia.org/wiki/Chemical_synapse#Synaptic_strength
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organization of lipid rafts in the plasma membrane can directly affect the activity of 

integrins and, therefore the adhesion process 96. When integrins engage their 

extracellular ligands, they cluster and co-cluster a number of cytoskeleton proteins among 

which the SFKs are implicated in controlling signal transduction downstream of the 

integrins and are activated in lipid rafts. Rafts disruption have been shown to inhibit SKFs 

activity, abrogating adhesion of breast cancer cells 97. Apoptosis is one other key cell 

process associated with lipid raft integrity. Apoptosis is a programmed cell death process 

which is extremely important for removing excess of cells, and for the development and 

the prevention of cancer. The process is characterized by a receptor-dependent pathway 

which requires the binding of a ligand to death receptors, such as Fas (CD95) or TNF 

(tumor necrosis factor), leading to a downstream cascade which concludes with an 

apoptotic cell death. Fas and other various molecules downstream of the signaling 

apoptotic pathway localize in lipid rafts. Alteration of raft integrity can prevent cell death 

with a possible onset of tumors and metastasis 98,99. 

 

 Host-pathogen interactions. During the infection process, pathogens take advantages of 

cellular lipids for their entire life cycle. The interactions range from membrane binding to 

release of infectious particles into host cells. Pathogenic microorganisms and both 

enveloped and non-enveloped viruses exploit cholesterol rich domains of plasma 

membranes (lipid rafts) to penetrate the cell and assembly platform for the production of 

viral envelope 100. This phenomena is due to the enrichment of cellular receptors on lipid 

rafts which are targeted by viral and bacterial products, such as cholera toxin, allowing 

penetration of the pathogens and positioning viral envelope components in close 

proximity during assembly 101–103. For instance, HIV takes advantage of lipid raft 

components for both entering to cell and assembling viral envelope. CD4 is the lipid raft 

receptor, which is targeted by HIV to penetrate the cell, and some reports have 

demonstrated that also the co-receptors CXCR4 and CCR5 can be localized to these 

domains 104,105. At the same time, pathogens cause lipid raft disruption by the depletion of 

cholesterol, which leads to inactivation of immune responses facilitating the infectious 

process. Moreover, targeting lipid rafts alters host signaling and endocytic pathways 

which allow pathogens to reprogram cell lipid composition and host cell metabolism for 

the production of infective particles. Another effect of lipid rafts on virus infections is the 

formation of virological synapses, which represent the contact zones formed between 

virus and host cells, and facilitate the transmission of the infection 106. 
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 Cardiovascular diseases. The involvement of lipid rafts in cardiac health and diseases is 

related to their activity as platform for receptor-signaling in endothelial cells of arteries 

and the heart muscle. In particular, the association of angiontensin II peptide to its 

receptor in raft domains can cause hypertension and pathological hypertrophy by its 

vasoconstriction activity 107. Another example is represent by potassium ion channels Kv1, 

Kv2 and Kv4 in the heart, that are associated with both caveolae and caveolae-free rafts, 

and their disruption can cause hypertension, ischemia and heart failure 108. Rafts are even 

involved in the pathogenesis of atherosclerosis, a disease of the blood vessels, that is 

characterized by extreme cholesterol deposition in arterial wall and subsequent uptake by 

macrophages 109. The uptake cause a transformation macrophages into foam cells, which 

are accumulated as plaques in blood vessels leading to stroke and heart attacks. The 

uptake of cholesterol by immune cells is mediated by lipoproteins and the process seems 

to be raft-dependent, being the LDL-receptor CD36 localized on raft domains 110. 

 

 Neurodegenerative diseases. Alterations of the molecular composition of lipid rafts are 

associated with several neurodegenerative disorders such as Parkinson’s disease (PD), 

Alzheimer’s disease (AD), Prion disease and amyotrophic lateral sclerosis 99,111. Similar 

modifications in lipid raft matrix trigger processes involved in amyloidogenesis, aberrant 

protein misfolding and toxic signaling, in particular in early stages of different disease 112. 

Several protein markers of neurodegenerative disease, as alpha synuclein (αS) for PD, Aβ 

(amyloid-beta-peptide) for AD and the prion protein PrPc, have been demonstrated to be 

integrated into lipid rafts. In AD the accumulation of Aβ leads to the formation of plaque 

which cause the progressive neuronal death. The amyloid precursor protein (APP) and the 

β- (BACE) and γ-secretase are the precursors involved in the Aβ production and 

aggregation. APP translocates on rafts, where clustering with flotillin 1, regulates amyloid 

generation 113,114. Moreover, BACE and γ-secretase modulate the Aβ release through the 

binding of lipids present on these domains 115,116. In Prion disease the accumulation of 

pathological PrPsc, caused by the aberrant misfolding of PrPc, takes place in lipid rafts. In 

addition, alteration in lipid raft homeostasis, especially the cholesterol content, have been 

shown to affect the aggregation of the protein 117. 
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4. Protein misfolding, aggregation and role of lipid rafts in 

Parkinson’s disease 

 

Several neurodegenerative disorders have as common feature the aberrant misfolding and the 

aggregation of specific proteins, called amyloid proteins. Amyloid proteins constitute a 

heterogeneous group of proteins characterized by the high propensity to adopt an incorrect 

conformation and the tendency to aggregate. The deposits found in patients with amyloid 

pathologies have in common many aspects. It was observed in fact, that in all of these cases there 

is the presence of amyloid fibrils composed by copies of the same protein. These fibrils are long 

(>1 μm), thin (10-20 nm), straight and unbranched. The protein, in these three-dimensional 

aggregates, is organized in β-sheet conformation, perpendicular to  the main axis of the fibril 118. 

Amyloid fibrils (either ex vivo or in vitro) are hystorically defined by three main criteria: green 

birefringence upon staining with Congo Red, fibrillar morphology, and β-sheet secondary 

structure. Moreover, amyloid fibrils have been widely studied both in tissue samples and in vitro 

studies by the use of fluorescent intercalating agents as Thioflavin T that inserts itself into the 

grooves formed by side chains of amino acids composing β-sheets 118–120 .The aggregation process 

is complex and includes different organization states of the proteins, as dimers, trimers, 

tetramers, soluble and spherical oligomers, linear or annular protofibrils, to reach the final 

aggregated product which is represented by the mature amyloid fibrils (Fig. 13).  

 

 

Figure 13. Protein misfolding and amyloid formation. Amyloid fibril formation starts from partially (un)folded 

conformers, which can form by partial unfolding of globular proteins, partial folding of natively unfolded proteins, or by 

conformational change in folding intermediates.The conversion of partially structured conformations into fibrils occurs 

through pre-fibrillar aggregates (spherical oligomers and/or protofibrils). The scale bars in AFM images of spherical 

oligomers, protofibrils and mature fibrils are, respectively 200, 400 and 550 nm. From Kumar et Udgaonkar, 2011 
121

.    
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Several studies have been highlighted the involvement of lipid rafts in the pathological aberrant 

protein misfolding and aggregation at several levels. Moreover a great amount of data suggest 

that the interaction of misfolded protein species with the membrane, especially with lipid rafts, is 

one of the key event that cause neurotoxicity 122. The use of model membranes for the 

investigation of the relation between amyloid proteins and lipid membranes has provided 

information about the mechanisms controlling the aggregation, the structure of aggregated 

species and the interaction with the cell membrane 123. For that reason we present here a 

particular case study, focusing on the interaction of alpha synuclein (αS), the central protein of 

Parkinson’s disease, with artificial lipid bilayers. Despite the comprehension of this disease overall 

retains many unclear points, there is a substantial evidence that binding of αS aggregates with the 

lipid membrane represents a relevant factor for neurotoxicity and development of this 

neurodegenerative disease.   

 

4.1 Parkinson’s disease 

 

Parkinson’s disease (PD) is one of the most common neurodegenerative disorder with increased 

prevalence at late age, affecting more than 1% of population over the age of 60 and 4% at the age 

of 80 years. Neurologically, PD is characterized by the loss of the integrity of dopaminergic 

neurons in substantia nigra pars compacta (SNPC), the area of the brain involved in the activation 

of the movements 124. Although the exact mechanisms underlying the loss of dopaminergic 

neurons are still under debate, clinically this impairment culminates in different motor symptoms, 

such as slowed movements (bradykinesia), tremors, loss of automatic movements, rigid muscles 

and postural instability 125–127. In addition, PD pathology of SNPC is always accompanied by 

disorders of other areas of central nervous systems (CNS) which can lead to other clinical 

symptoms, as cognitive impairment, gastrointestinal dysfunctions, sleep disorders and olfactory 

dysfunctions 128. The main neuropathological hallmark of PD is the presence of cytoplasmic 

fibrillar inclusions called Lewy body. These abnormal aggregates are composed by amyloid fibrils 

of αS associated with other proteins such as ubiquitin and neurofilament proteins 129,130 (Fig. 14).  
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Figure 14. Neurodegeneration of SNPC and Lewy bodies neuropathology. (A) Parkinson’s disease is characterized by 

alteration of SNCP. The loss of dopaminergic neurons is evident in post-mortem brains of PD patients as a 

depigmentation of this area. Lewy body in a neuron of the SNPC (B), in a pyramidal cell of the hippocampus (C), and in 

cingulated cortex (D) (arrows). (E) Lewy body (arrow) and Lewy neuritis (arrowheads) in the SNPC. (F,G) Cortical Lewy 

bodies. (B–D) hematoxylin–eosin staining; (E–G) anti-α-synuclein immunostaining. From Taipa et al, 2012 
131

. 

 

PD is considered a sporadic chronic disordered for 90% of cases, even though the causes are 

unclear with a possible role of the exposure to chemicals and a toxic environment 132. The 

remaining 10% of cases is familiar and a genetic correlation with the development of the disease 

was identified 133. It has been discovered that DNA sequence variants lead to rare familiar forms 

of the disease. Sporadic and familiar forms of PD have many clinical and pathological aspects in 

common, as mitochondrial dysfunction, protein phosphorylation, oxidative stress, protein 

misfolding and impairment of the ubiquitin proteasome system (UPS). The first evidence of 

genetic contribution in the onset of PD have been reported in the 1997, with the discovered of a 

point mutation in the αS gene (SNCA), the Ala53Thr (A53T), in members with a familiar autosomal 

dominant PD history 134. In addition, other several point missense mutations of SNCA gene, linked 

with PD, have been later discovered. These comprises A30P, E46K, H50D, G51D and A53E, 

highlighting the role of αS in the initiation and development of PD 135–140. Several other genes have 

been implicated in the disease, involving both dominant and recessive mutations. In particular, 

mutations in the leucine rich repeat kinase 2 (LRRK2) act in autosomal dominant manner, whereas 

parkin, PTEN-induced putative kinase 1 (PINK1), DJ-1, are autosomal recessive genes. Defects in 

the ubiquitin carboxyl-terminal esterase L1 (UCHL1) gene were observed only in one case of 

familiar PD and its correlation with the disease is still unclear 141,142. Interestingly, PD was also 

associated with structural SNCA aberrations, i.e. duplications and triplications, suggesting that 

increased levels of αS can promote its pathological aggregation leading to toxiticy and resulting in 

disease conditions 143,144. Transgenic animal models, expressing high levels of human wild-type or 
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mutant forms of αS, have showed the formation of lesions very similar to those found in PD 

patients, providing evidence of the central role of αS aggregates in the pathogenesis of PD 145–148. 

For that reason much greater efforts have been carried out for studying the αS in term of its 

biological functions, mechanisms and factors which are involved in its aggregation and its 

connection with the disease. 

 

4.2 Alpha synuclein 

 

Human alpha synuclein is a 140 amino acids (14.460 Da) protein codified by the SNCA gene and 

abundantly localized in neurons at presynaptic terminals 143,149. It is considered an Intrinsically 

Disordered Protein (IDP) and lacks a defined secondary structure in solution. This characteristic is 

presumably due to the aminoacidic composition of the protein that has a high negative charge at 

neutral pH and low hydrophobicity 150. The primary sequence of the protein can be divided into 

three main regions (Fig. 15): 

 

 N-terminal tail (residues 1-60) which is composed by imperfect repetition of 11 amino 

acids, with a highly conserved hexameric motif (KTKEGV). It is predicted to form 

amphipathic α-helices, similar to those of lipid-binding domains of apolipoproteins  151,152. 

 Central hydrophobic domain (NAC, residues 61-95) which is responsible for αS 

aggregation and formation of β-sheet rich amyloid filaments 153,154. 

 C-terminal region (residues 96-140), that is rich in acidic residues and can block fibril 

assembly 155. 

 

Figure 15. Primary structure of αS and position of mutations involved in PD. The N-terminal domain, the central 

hydrophobic NAC region and the C-terminal tail are shown. The imperfect hexameric sequences (KTKEGV) are marked 

by roman numbers (I-VII) in the primary protein sequence. Arrows indicate point missense mutations associated with 

familiar PD cases. From Ghosh et al, 2017 
156

. 
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In spite of several published studies, its biological function remains still controversial. Besides its 

involvement in the Parkinson’s disease, a key role for αS in different cellular processes have been 

proposed. The main function attributed to αS is to support neurotransmitter release and to 

modulate vesicle trafficking at neuronal synaptic terminals (Fig. 16). The neurotransmitter 

secretion from presynaptic vesicles is strongly regulated by the activity of membrane fusion 

proteins, as SNARE proteins. With its chaperone activity, αS maintains the SNARE structure during 

the assembly/disassembly cycle of presynaptic vesicles. During the assembly step, unfolded 

cytosolic αS monomers bind presynaptic membrane turning into α-helix conformation and leading 

to neuroprotection 157,158. Moreover, binding to the membrane, αS modulates the vesicle 

trafficking by reducing both the amount and the speed of vesicle recycling from synapses to the 

presynaptic area 159. αS is also involved in the regulation of dopamine (DA) biosynthesis. In vitro 

studies have been suggested that αS downregulates the enzyme tyrosine hydroxylase (TH), the 

rate limiting enzyme in the synthesis of DA 160. Moreover, αS can modulate DA uptake. DA uptake 

is due to the activity of the membrane protein dopamine transporter (DAT), which performs the 

re-uptake of DA from the synapse and its delivery back to the presynaptic terminal. In normal 

brain, αS controls the level of DA by decreasing DAT activity 161. On the contrary, in PD brains, the 

direct binding of αS to DAT via its NAC sequence leads to the membrane clustering of the 

transporter inducing an increased uptake of DA in neurons. Therefore, αS aggregation or reduced 

expression of the protein can cause cell damage as a consequence of the oxidative stress which is 

related to DA metabolism 162. Other functions attributed to αS are the role in neuronal 

differentiation by the activation of ERK/MAPK pathways 163, the maintenance of polyunsaturated 

fatty acids levels 164, and the suppression of apoptosis in dopaminergic neurons by reducing the 

protein kinase C activity 165. 

 

Figure 16. Schematic representation of αS functions in regulating synaptic vesicles dynamics. At presynaptic terminals, 

αS regulates vesicle trafficking and refilling, as well as, it interacts with SNARE proteins (t-SNARE and v-SNARE) on 

vesicles enhancing neurotrasmietter release (αS blue). Accumulation of αS impairs vesicle recycling and trafficking 

influencing the stability of SNARE-assembly complex (αS red). From Lashuel et al, 2012 
166

.  
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4.3 Alpha synuclein aggregation pathway 

 

One of the key molecular event involved in the pathogenesis of PD is the aberrant misfolding and 

aggregation of αS 167. There are different αS aggregates that have been associated with the 

pathogenesis of PD, including oligomers, protofibrils, and fibrils (Fig. 17). Several studies have 

been performed for investigating the αS aggregation and the mechanisms which are at the basis 

of this pathogenic process. Tipically, the unstructured αS is able to self-assemble in vitro into 

highly ordered aggregates, giving rise to amyloid fibrils, which are the main components of Lewy 

bodies in dopaminergic neurons and the neuropathological hallmark of PD 168,169. Thus, it has been 

shown that the fibrillar forms obtained in vitro resemble the fibrils extracted from the brain of PD 

patients 169,170.   

 

 

 

Figure 17. Atomic Force Microscopy images of αS oligomers (A) and fibrils (B). The oligomers are 5-7 nm in height. The 

fibrils show the characteristic twist of mature fibrils and are 10 nm in height. The images are 3 µm square. Adapted 

from Fink, 2006 
171

. 

 

Although several factors have been shown to promote in vitro aggregation and fibrillization of αS 

(pH, temperature, membrane-binding, metal ions), many aspects are still unknown and the entire 

biochemical process seems to be highly complex. The abnormal aggregation and accumulation of 

αS starts from a partially folded intermediates which contain hydrophobic patches on its surface 

enhancing hydrophobic interactions between molecules involved in the aggregation process 

172,173. These interactions can form an amyloidogenic nucleus which recruits soluble protein to 

form fibrils 169. During the aggregation process, αS undergoes a change in the secondary structure 

from an unfolded random coiled into a β–sheet structure in which β-strands are perpendicular to 

the main axis of the fibril 171. In vitro aggregation of αS follows a typical nucleation-dependent 

A BαS OLIGOMERS αS FIBRILS
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model and the entire kinetics can be measured by Dynamics Light Scattering, Fourier Transform 

Infrared Spectroscopy (FTIR) and Fluoresce Resonance Energy Transfer (FRET) measurements 

171,174. The aggregation process is characterized by an initial lag phase, where transient early stage 

αS aggregates, called oligomers, are observed (Fig. 18 A). Several oligomeric species of different 

morphologies, including spherical, chain-like, and annular oligomers, have been observed prior to 

αS fibril formation 175. Usually, their concentration grows up to 15-20% at the end of the lag 

phase, and rapidly decrease as soon as fibril growth proceeds during the elongation phase. The 

final phase is called saturation phase and the fibrils formed remain in equilibrium with the soluble 

proteins 171. The entire process is known as primary nucleation and is strictly concentration-

dependent (Fig. 18 B).  An increase of the concentration of αS in solution enhances the rate of 

fibrillization 176. In addition, it has been discovered that mature fibrils can even trigger a secondary 

nucleation process. This process is characterized by the fragmentation of the pre-formed fibrils 

leading to an increased number of ends for fibrils elongation as well as the interaction of 

monomers with the surface of fibrils  (Fig. 18 B)  177.   

 

 

 

Figure 18. Aggregation pathway of αS. (A) Sigmoidal growth curve of formation of αS fibrils with the three distinct 

phases (lag phase, elongation phase, stationary phase). (B) Schematic illustration of primary and secondary aggregation 

pathway of αS. Adapted from Ghosh et al 2017 
156

. 

 

Genetic mutations associated with familiar PD can alter the aggregation kinetics of the protein as 

well as the propensity to form fribrils and/or oligomers. The mutant A53T, as well as the E46K 

species, display an accelerated fibril formation whereas the mutant A30P shows an enhanced 

oligomer formation and a decreased fibril-formation rate compared to the wild type αS 178–180.  

Several mechanisms have been proposed for explaining the different aggregation behavior of the 

mutant αS species. They include modifications of the physicochemical properties and the 

secondary protein structure affecting the intra-molecular interactions and, therefore, the 
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formation of the hydrophobic patches on the surface of the protein. Despite the aggregation 

process of wild-type αS and the mutant species has been extensively studied in different 

conditions both in vivo and in vitro, the exact structure of the aggregated species which are 

responsible for the neurodegeneration in PD remains not totally clear. Recently, it has been 

highlighted that the oligomers represent the main protein toxic species which contribute to the 

development and the pathogenesis of PD 181. The role of oligomers in neuronal dysfuntions, 

cytoxicity and cell death is refereed as “oligomers hypothesis” 182–184. Strong indirect evidences 

support the existence of various αS oligomeric species in vivo under pathophysiological 

conditions. SDS-resistant dimers, low and high molecular weight oligomers have been detected in 

the brain of PD patients and in brains of transgenic animal models of synucleinopathies 147,185,186. 

Accumulation of αS oligomers has been shown to alter membrane permeabilization 187. Moreover, 

it has been demonstrated that in transgenic mice overexpressing αS the accumulation of 

oligomers was associated with the loss of several presynaptic proteins, resulting in the disruption 

of the synaptic vesicles and eventual neurodegeneration 188,189. Conversely, αS amyloid fibrils also 

play a role in the spread of the disease. Exogenous added of αS fibrils can penetrate inside the cell 

and promote the aggregation of endogenous αS into Lewy body-like cytoplasmic inclusions 190,191. 

So, the necessity to better understand the mechanisms that trigger the toxicity and the role of the 

different αS protein species is essential for the development of therapies against PD. 

 

4.5 Alpha synuclein interaction with biological membranes 

 

Interaction of αS with biological membranes has been extensively studied using both cellular and 

model membrane systems, being αS-lipid interactions one of the key factors that can trigger αS 

aggregation 123,192. It has been demonstrated that lipid-binding by αS is one factor that can 

increase several-fold the protein aggregation 193–199. The binding of monomeric αS to a membrane 

requires two steps, involving the N-terminal tail and the hydrophobic NAC region. After the first 

anchoring of the N-terminal domain to the membrane, αS undergoes a structural transformation 

to α-helix. During this process the C-terminal domain displays only week interactions with the 

membrane 200–202. NMR spectroscopy experiments performed with micelle-bound αS have 

suggested that the first 100 residues of αS are directly involved in the interaction and form two 

curved helices, the helix N (residues 3-37) and helix C (residues 45-92) with a linker represented 

by residues 38-44, maintaining the C-terminal tail unfolded 203. Several studies performed on 

artificial lipid bilayers containing biologically relevant lipid molecules have demonstrated that αS 

exhibits preferential binding for negatively-charged phospholipids such as phosphatidylinositol 

(PI), phosphatidylglycerol (PG) and phosphatidylserine (PS) 204,205. This protein behavior is related 

to the presence of positively-charge lysine residues in the N-terminal tail, promoting electrostatic 
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interactions with the negatively-charge membrane surface 203. In general, lipid composition and 

physical properties of membranes, as charge, curvature and packing defects, are the main factors 

that modulate lipid-binding properties of monomeric αS 206,207. Moreover, missense mutations 

that cause rare inherited forms of PD can alter the membrane binding ability of αS. For example, 

the mutant A30P and A53E are characterized by a weaker interaction with the membrane, 

whereas A53T and E46K show higher membrane-binding propensity 180,208. Membrane-binding is 

facilitated by lipids with small headgroup and polyunsaturated chains because they are 

responsible of a less packing of the bilayer, leaving more defects available for αS insertion in 

membrane 209,210. Moreover, the curvature of lipid membrane seems to be crucial in αS 

membrane-interaction. Monomers exhibit a preference binding for small unilamellar vesicles 

(SUVs, 10-100 nm in diameter), due to the higher membrane curvature than large unilamellar 

vesicles (100 nm - 1 µm in diameter) 211,212. For this reason, complementary measurements with 

different surface techniques on planar supported lipid bilayer could elucidate the role of αS-lipid 

membrane interaction removing the contribution of membrane curvature.  

According to the physiological function of αS in presynaptic vesicles, αS interaction/colocalization 

with gangliosides (GMs) have been described using circular dichroism (CD) spectroscopy and 

molecular simulations 213,214. GMs are glycosphingolipids composed of a ceramide backbone and 

one or more sugars as headgroup and are supposed to bind αS through the formation of 

hydrogen bonds between sugar alcohols and αS side chains 214. The ganglioside GM1 is enriched 

into lipid rafts, liquid-ordered domains of cell membranes, and involved in many cellular 

processes. A study has demonstrated that, in HeLa cells, αS colocalizes with GM1, supposing that 

this interaction is essential for synaptic localization of the protein. The same procedures have 

been performed on the detergent resistant membranes extracted by HeLa cells and supposed to 

be raft domains of the cell, demonstrating αS association 213. The situation is anyway controversial 

and the binding of αS to lipid rafts is still under debate. 

As for native αS, several studies have been concentrated in elucidating the activity of aggregated 

species of αS in the binding of biological membranes. Especially oligomers activity has been 

extensively investigated, being considered the protein intermediates which display neurotoxicity 

and membrane perturbation in PD 215. As with monomers, the N-terminal domain plays a key role 

in the interaction of oligomers with lipid bilayers. Deletion of amino acidic residues 2-11 

suppresses oligomers interaction with LUVs 216. Oligomers show preferential affinity for liquid-

disordered phases of membranes and in general they display much more affinity for 

biomembranes compared to monomers, without being affected by high membrane curvature or 

packing defects 217,218. The cellular disfunctions caused by the interactions of oligomers with 

biological membranes are due to the destabilization and permeabilization of the membrane by 

the protein, which lead to alteration of the calcium flux, dispersion of intra-vescicular dopamine 
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and depolarization of mitochondrial membrane, all phenomena potentially involved in PD 215,219. 

Different mechanisms of membrane permeabilization have been proposed for αS oligomers, and 

comprise membrane disruption, generation of membrane pores and lipid-extraction from the 

bilayer (Fig. 19). Several evidences based on electrophysiology, vesicle dye leakage assay and 

atomic force microscopy, have demonstrated the existence of a membrane pore-like mechanism 

by αS oligomers 220,221. Soluble αS oligomers obtained by cold-induced dissociation of amyloid 

fibrils have been shown to form cation-selective pore-like channels in a variety of planar lipid 

bilayers (for instance PC and PC/PS) in the presence of a trans-negative potential 222. Similar 

results have been observed with iron-induced αS oligomers 124.  

 

 

 

Figure 19. Barrel model for αS oligomer pore formation on lipid membrane. αS oligomers, enriched in β-sheet 

structures, form ring structures with a central pore. The oligomers could occur in the extracellular space (1) or at the 

plasma membrane (2). From Pacheco et al, 2012 
223

.  

 

4.6 Alpha synuclein and metal ions in Parkinoson’s disease 

 

In addition to membrane-binding, some studies have been focused on the relation between PD 

progression and metal ions such as iron, copper and other biologically relevant metals. Based on 

epidemiological studies, exposure to specific metals has been considered a risk factor for PD 224–

226. Elevated concentrations of several different metals have been found in the brain of PD 

patients. In details, biochemical analysis of Lewy bodies in SNPC of PD brain has revealed high 

levels of iron and aluminum as well as a decrease in Fe2+/Fe3+ ratio and an increase in the ferritin, 

a Fe3+-binding protein 227–229. Several studies have demonstrated the effect of different metal ions 

in promoting the in vitro aggregation of αS, by the initial formation of stable protein-metal 

complexes which lead to the exposure of hydrophobic patches on the surface of the protein, 

enhancing the aggregation process 230. These metal-protein products have been characterized by 
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Nuclear Magnetic Resonance (NMR) spectroscopy, highlighting the presence of metal-binding 

sites mainly located at C-terminal domain of αS 231. The mapping of this region has identified three 

amino acidic residues, Asp121, Asn122, Glu123, which are involved in the binding of many 

different metal ions with very low selectively. Moreover, a weak metal-binding site is also present 

at the N-terminal tail of αS, but there is a general consensus that the metal-induced αS 

aggregation involves exclusively the C-terminal domain of the protein 231.  

Particularly interesting is the role of iron and globally the cell iron homeostasis that is now 

accepted as one of the factors that is involved in the neurodegeneration of PD. It has been 

demonstrated that iron is accumulated at high concentration in the brain of PD patiens and that 

its amount strongly correlates with disease stage and severity 232,233. Beside the effect of iron in 

promoting in vitro aggregation of αS, the role of iron in the pathogenesis of PD is also related to 

the redox chemistry supported by the metal. Iron is involved in the production of the reactive 

oxygen species (ROS), and pathological iron accumulation promotes oxidative stress and 

neurotoxicity leading protein aggregation, glutathione consumption, lipid and nucleic acid 

modifications 234. Several experimental evidences have shown that iron and αS display a strong 

interconnection in cell, nevertheless it is not clear whether iron triggers αS aggregation or if 

increased levels of the protein lead to iron accumulation. Neurons over-expressing αS have been 

shown to display increased iron levels compared to cells expressing basal levels of the protein 235. 

At the same time, it has been demonstrated that treatment of cell cultures overexpressing-αS 

with an excess of iron stimulates the formation of αS aggregates. As expected, the aggregation of 

αS is dependent on the amount and the species of protein expressed 236. Moreover, it has been 

shown that αS RNA sequence contains an iron-response element (IRE) binding site in its 5’-

untranslated region, highlighting that iron can control the expression of the protein at 

translational level 237. This finding strengthens further the pathological interplay between iron and 

αS in the neurodegeneration of PD, opening to new therapeutic approaches that can target the 

iron amount in neurons. 

 

5. Artificial model membranes: a great tool for studying lipid raft 

domains 

 

Biological membranes display a huge complexity and dynamism being composed by more than 

one thousand different lipid species and several kinds of membrane proteins. The existence of 

lipid domains, lipid asymmetry and the coexistence of phases are some of the reasons why 

membranes are so extremely complex. Many cellular processes depend on the ability of the 

membrane to compartimentalize different areas, regulating the communication between the 
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extracellular environment and the cytoplasmic side. The difficulty of studying the plethora of 

biological processes of cell membranes in real-time in living systems has been motivated the 

development of a wide variety of different artificial model systems which mimic the situation of a 

real membrane in terms of lipid composition and membrane asymmetry 238. Particularly, the study 

of lipid rafts represents a big challenge in membrane biophysics because they are small (10-200 

nm) and highly dynamic 22. Model membranes are very useful tools to chemically and 

biophysically investigate these functional domains as well as their interactions with other lipids 

and membrane proteins, revealing functional details that can be transferred to the investigation 

of real cellular membranes 239. Several different model systems are available to study lipid phase 

separation and lipid-biomolecules interactions, displaying advantages and disadvantages 

according to the purpose for which they are used. Here we report some examples of model 

membranes together with their biological applications and methods of preparation.   

 

5.1 Membrane models  

 

Supported lipid bilayers and liposomes represent the most common artificial membrane systems . 

Supported lipid bilayer (SLBs) are stable and robust biomimetic model membranes typically made 

by a single planar lipid bilayer supported onto a clean and solid surface such as mica, glass or 

quartz 240,241. They are used to study lipid phase behaviour and lateral organization of biological 

membranes using the common surface analytical techniques such as atomic force microscopy 

(AFM) 242, fluorescence microscopy 243, infrared spectroscopy (IR spectroscopy) 244, X-rays and 

neutron reflectivity 245,246. They are also suitable for studying lipid-protein interactions and in 

general interaction of biomolecules with the lipid bilayer. However, the presence of a space that 

is only 1-2 nm wide between the bilayer and the solid support renders these systems not so 

suitable for studying transmembrane proteins, which mostly appear immobile in the SLB 247. For 

that reason, many modifications of planar SLBs, such as tethered 248 or polymer cushioned lipid 

bilayer 249, have been developed in time to expand the biological applications. These systems 

allow to increase long-term membrane stability and to introduce more space between the bilayer 

and the solid support in order to better study big transmembrane proteins, avoiding problems of 

denaturation and interfered mobility along the membrane.  

Liposomes are lipidic vesicles formed by the hydrophobic effect when lipids are dispersed in 

aqueous solution. They are suitable to study membrane phase behavior, and membrane 

processes such as cell adhesion, membrane pore formation and molecular recognition. They can 

be prepared as multilamellar (multiple layers) or unilamellar (single layer) by different methods as 

extrusion, sonication and electroformation 250. Unilamellar vesicles are easy to prepare and to 

manipulate and are classified according to their dimensions as small (SUVs, 10-100 nm), large, 
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(LUVs, 100 nm - 1 µm) and giant unilamellar vesicles (GUVs, > 1 µm) (Fig. 20) 251. 

 

 

 

Figure 20. Schematic representation of different model artificial lipid bilayer commonly used in biophysical research 

and their approximate size. Adapted from Pfefferkorn et al, 2012 
206

. 

 

Generally, different criteria have to be taken into account in the choice of the proper model 

system. Each model should be chosen considering advantages, disadvantages, the experimental 

information needed and the feasibility of the experiment 252. For instance, planar SLBs are more 

stable than liposomes and are more suitable for studying membrane-active insertion of molecules 

within the bilayer. Moreover, not all lipid compositions can be represented in liposome system, as 

a membrane made by only sterols. Finally, the choice of lipid mixture is important because 

increasing the complexity of the system could be render the biophysical interpretation of results 

more difficult. It is therefore essential to design the experiments evaluating the balance between 

its complexity and feasibility 252. 

 

5.2 Model membrane preparations 

 

Planar SLBs can be prepared using different methods. The most useful are briefly described: 

 

1. Langmuir-Blodgett (LB)/Langmuir Schäfer (LS). This technique is a procedure for the 

fabrication of mono- or multilayer membrane. The apparatus consists in a Teflon bath 

with moveable barriers. Lipids are deposited at air-water interface dissolved in solvents. 

The movement of the barriers is used to compress lipids, creating a lipid monolayer called 

Langmuir film. During the compression of lipids, a pressure vs area isotherm can be 
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recorded, giving information about the lipid packing (Fig. 21). Usually, the surface 

pressure of the monolayer is set to the value of 32 nN/m, which matches that of biological 

membranes.  

 

 

Figure 21. Theoretical surface pressure vs area isotherm of a Langmuir film and molecules in different phases. At low 

pressure, the area covered by lipid molecules is high because of the lack of layer organization (gas phase, G). Increasing 

the lateral pressure, the molecules start to standing up (liquid phase, L1 – L2) until the formation of a uniform monolayer 

(solid phase, S). 

 

The first lipid monolayer is then transferred to the solid support by quickly immersing a 

clean hydrophilic slide into the water subphase and slowly retracting it through the 

interface, forming the so-called Langmuir-Blodgett film (in case of vertical deposition) or 

Langmuir-Schaefer film (in the case of horizontal deposition) (Fig. 22). At this point, it is 

possible to transfer a second lipid monolayer from the LB trough to the substrate, 

completing the bilayer formation.  

 

Figure 22. Schematic representation of Langmuir-Blodgett technique. (A) After the formation, the first lipid monolayer 

is transferred to on a solid hydrophilic support moved through the solution with constant lifting speed. (B) A second 

layer is obtained with the subsequent immersion of the support. 
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Repeated deposition can be achieved to obtain well-organized multilayers on the solid 

substrate. LB and LS cycles can also be combined to obtain desired structures and 

thicknesses. The most common multilayer deposition is the Y-type multilayer, which is 

produced when the monolayer is deposited in both up and down directions. When the 

monolayer is deposited only in the up or down direction the multilayer structure is called 

either Z-type or X-type (Fig. 23). 

 

 

Figure 23. Three possible lipid membrane configuration using Langmuir-Blodgett technique. The Y-type represent the 

typical lipid bilayer, in which the hydrophobic tails of one monolayer are in contact with the tails of another one. The X- 

and Z-type are characterized by the formation of stacked lipid monolayers in which lipid head groups are in contact with 

the tails of another monolayer. 

 

The main advantages of LB/LS method is the possibility to produce lipid bilayers that 

maintain lipid asymmetry for several hours 253. Moreover, it allows a precise control of the 

monolayer thickness and packing density 254. However, the main disadvantage of the 

process is during the transfer of the monolayer, which can leads to the mixing of the 

subphases.  

 

2. Direct vesicle fusion. It is the most common method to produce SLBs 255. Tipically, SUVs 

or LUVs of specific lipid composition are placed in contact with a flat and clean hydrophilic 

surface and after a certain time of incubation (in the range of minutes) the vesicles 

rupture to form a continuous lipid bilayer, and the excess of vesicles is removed by buffer 

washing. The fusion of vesicles on the surface is affected by the lipid composition, size, 

surface characteristics, pH, and ionic strength 256. The mechanism is not completely 

understood but it is known that the process involves adsorption of the vesicles on the 

surface, deformation, flattening and rupture to form a continuous SLB (Fig. 24). The 

simplicity of the process makes this technique a great approach for producing SLBs of 

different lipid composition. However, the main disadvantage is represented by the 

impossibility to produce SLBs with lipid asymmetric composition.  

X-type Y-type Z-type

Su
b

st
ra

te

Su
b

st
ra

te

Su
b

st
ra

te



39 
 

 

Figure 24. Simulation of vesicle fusion process onto hydrophilic surface. From Wu et al, 2013 
257

. 

 

3. Drop-casting. Lipids are dissolved in organic solvents such as chloroform, decane, 

acetone, alcoholic solvents or a mixture of them. Lipid solution is than directly spread on a 

solid support and let to evaporate favoring the self-assembly of lipids (Fig. 25). The main 

advantage of this method is that it is easy and fast to be performed, and it does not 

required any specific instrumentation 258,259. It is used especially for structural studies by 

NRM or X-ray scattering experiments because of the multilamellar characteristics of the 

membrane obtained. However, it is difficult to control the exact number of layer formed 

and it is not suitable for transmembrane protein incorporation into the bilayer. 

 

 

 

Figure 25. Drop casting of lipid solution. The picture depicts the deposition process of lipids by solution spreading. A 

syringe is used to deposit a drop of lipid organic solution at the center of a silicon wafer support. From Seul et al, 1990 

258
. 

 

4. Spin coating. As for drop-casting method, spin coating is characterized by the the  

spreading of lipid dissolved in organic solution on clean solid support. The substrate is 

than rotated using a spin coater, exploiting the centrifugal forces to obtained a well-

oriented lipid films (Fig. 26) 260. After the evaporation of residual solvent under vacuum, 

the lipid film is hydrated in a specific buffer. According to the rinsing process and buffer 

conditions, the membrane obtained are formed by one to three stacked lipid bilayers 

261,262. This method allows the incorporation of peptides or truncated integral proteins but 

it is not suitable for larger proteins which are denaturated in the organic solvent. Recent 

Kissing Adhesion Rupture Spreading



40 
 

evidences have shown that the method can be apply to created membrane with a 

coexistence of Lo and Ld domains 261.      

 

 

 

Figure 26. Schematic representation of spin coating procedure for the production of lipid bilayers. 

 
 

6. Analytical techniques to characterized artificial lipid bilayers 

 

Supported lipid bilayers offers practical advantages over liposome systems, allowing the 

application of a broad group of analytical techniques for characterization, imaging and analysis of 

these model membrane systems. Among several available techniques, AFM is considered a great 

and versatile tool to study artificial lipid bilayer. The main advantage of this method is the 

possibility to performed imaging of a lipid membrane in physiological environment with a 

nanoscale resolution. At the same time, AFM can provide information about the mechanical 

properties of the bilayer. Several AFM-based studies has been performed in order to investigate 

lipid rafts in model membranes and biomolecule interactions with these domains 263,264. 

Frequently, AFM is coupled with other techniques, where the high resolution of AFM is combined 

with the chemical information gained from optical and spectroscopy techniques 265. Here we 

report a description of AFM principles together with the different work modalities for the 

investigation of biological samples. 

 

6.1 Atomic force microscopy 

 

The Atomic force microscope (AFM) is a near field surface microscopy technique that was 

developed by Binning et al. in 1986 266. It belongs to the scanning probe microscopy (SPM) family, 

a class of instruments that investigate the properties of a sample at or near the surface.  

The AFM operates scanning a sharp tip over the surface of a sample and measures the interaction 

Deposition Spinning Evaporation
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between the tip and the sample. A typical AFM apparatus is characterized by a tip mounted on 

the free end of a flexible cantilever which is deflected in response to force changes between tip 

and the sample. The tip and the cantilever together are often referred to as AFM probe. During 

scanning the cantilever deflection is registered by the use of laser light that is localized on the 

upper surface of the cantilever, usually coated with a reflective layer. Change in position of the 

reflected laser light is recorded by a 4-quadrant photodetector and converted into an electrical 

signal. These electronic information are subsequently sent to a piezoelectric actuator which 

moves accurately the AFM probe and the sample in the X-Y plane in a raster manner. The number 

of lines scanned in a surface unit contributes to the resolution of the image. A Z-actuator, 

composed by piezoelectric material as well, controls the vertical movement of the tip (Fig. 27). 

 

 

 

Figure 27. Schematic representation of an Atomic Force Microscopy used to probe cells and their constituents in 

three-dimensions. A laser beam is focused on top of the free end of a cantilever and reflected on a four elements 

photodiode, sensitive to the laser shifts during the raster-like scanning of the sample. From Braet and Taatjes, 2017 
267

. 

 

The central component of the AFM is the tip which is typically made of silicon–oxide or silicon 

nitride and has a radius of curvature of 10 nm for standard probes (Fig. 28 A). Smaller radii of 

curvature allow reaching higher resolution (Fig. 28 B). For this aim, carbon nanotubes (CNTs) 

terminated tips have been recognized among alternative choice for AFM probe due to the small 

diameter (<10 nm), robust mechanical properties and chemical inertness (Fig. 28 C). The soft 

microsized cantilever has a spring constant that may vary according to the sample and the 

application (from few tens of pN/nm to few tens of nN/nm), 
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Figure 28. Scanning electron microscopy of AFM tips. (A) Example of one standard AFM probe. (B) High resolution AFM 

tip. (C) CNT-terminated AFM probe. 

 

 

Knowing the stiffness of the cantilever, in first approximation, the Hooke’s law gives the linearly 

relationship between the force required to deflect the cantilever and its deformation: 

F= -kz 

Where F is the force, k is the stiffness of the cantilever, and z is the distance the lever is bent. 

 

AFM is a very versatile tool for obtaining 3D topographic images of a sample at high spatial 

resolution. Generally, AFM is able to acquire image data with lateral resolution (in the x-y plane) 

down to 0.3 nm and vertical resolution (in the z-axis)  down to 0.1 nm 268. Sample preparation for 

AFM imaging is minimal, without requiring any labeling, fixing or coating treatment. It can operate 

in air and aqueous environment, making it suitable to study biological samples in physiological 

conditions. Besides the imaging, AFM allows to quantitatively measure physical properties of a 

sample such as elasticity, stiffness, adhesion, surface friction, inter-and intramolecular 

interactions 269. The AFM can work in different operational modes which differ mainly in the way 

the tip is moving over the sample. The primary modes of AFM imaging are contact mode and 

dynamic mode (tapping mode and non-contact mode). In contact mode (or static mode) the 

probe is maintained in constant contact with the surface of sample. Repulsive forces dominate 

the interaction between the probe and the sample. In ideal conditions, when the tip starts 

approaching the surface, long-range Van der Waals interactions predominate; when the tip is 

near (some Angstroms) to the surface, short-range repulsive forces dominate. From the measure 

of the cantilever deflection, it is possible to calculate the force of the interaction between the 

probe and the surface, qualitatively described by the Lennard-Jones potential curve (Fig. 29). 
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Figure 29. AFM force-distance curve. When tip is far from the surface, no deflection occurs. In intermittent-contact the 

tip is pulled toward the surface (attractive regime). In contact region, the tip is in hard contact with the surface 

(repulsive regime). 

 

During the scanning, the deflection signal gives the vertical deflection of the cantilever. The error 

signal is the difference between the deflection signal and the AFM feedback system set-point 

value, and it is the input to the feedback. The output of the feedback guides the z-actuator, which 

moves the sample or the probe in the z-axis in order to maintain the interaction with the surface 

constant. In this way, it is possible to reconstruct the topographic profile of the sample (Fig. 30). 

 

 

Figure 30. Schemating diagram of AFM feedback system. Adapted from “The AFM Almanac”, Agilent Technology. 
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In dynamic mode, the AFM cantilever is driven to oscillate near its resonance frequency. The 

amplitude of this oscillation is used as feedback parameter for the imaging of the sample.  

In Tapping Mode, the amplitude of the oscillation, influenced by long-range forces, controls the 

feedback system and the error signal (difference between the set-point and the amplitude) is the 

input for the feedback system. The output controls the z-actuator and the tip movement. 

Moreover, during the scanning it is possible to record the variation in the phase of the oscillation 

which can be thought of as a “delay” in the oscillation of the cantilever as is moves up and down 

in and out of contact with the sample. This signal is particularly useful in the case of a 

heterogeneous material because gives information about the chemical properties of the sample, 

being sensitive to viscoelastic properties and adhesion forces, with little participation by elastic 

properties. Since the tip touches intermittently the surface, the damage of the sample is 

significantly reduced. Despite the difficulties of operating in tapping mode in liquid environment 

due to the significant dumping of oscillation frequencies by the viscosity of the aqueous medium, 

it is widely applied in biology for the study of living cells, lipid membranes 270, DNA molecules 271  

and amyloid fibrils 272. 

In non-contact mode the tip is positioned at a certain constant distance from the surface (within 

few of nanometers) where attractive forces (electrostatic, magnetic, attractive van der Waals 

forces) predominate. Once the tip approaches the surface, it starts to feel it. Variations in the 

resonance frequency, the amplitude and the phase of the oscillation are linked to the 

characteristics of the surface and to the tip-sample interactions. All these parameters are 

monitored in order to reconstruct the topography of the sample. 

The choice of AFM mode is based on the surface characteristics and on the sample hardness. 

Contact mode is preferred for hard surfaces, but there is the possibility of tip contamination or 

damage of the sample. For that reason, in case imaging of biological and soft samples, tapping 

mode or non-contact  mode are favored.   

 

 

 

 

 

 

 

 

 

 

 



45 
 

RESULTS AND DISCUSSION 

 

7. Optimization of drop-casting method for the production of 

complex artificial model membranes 

 

Model membranes represent a very useful tool for investigating the behavior of lipids within the 

bilayer and, in particular, biological events that take place on plasma membrane and that are 

difficult to be studied in living systems. Several techniques have been developed for the 

production of artificial membranes of different lipid composition, such liposome fusion, spin 

coating and solvent-assisted lipid bilayer formation 239. The protocol for the formation of an 

artificial membrane system generally requires reproducibility and a high ratio of advantages over 

disadvantages. In the first part of my project I worked on the optimization of the drop-casting 

technique for the fabrication of model membranes containing lipid rafts. I focused on membranes 

with different lipid composition exploiting different parameters that can affect the quality of the 

lipid bilayer. Drop-casting is characterized by the spreading of organic lipid mixtures on a clean 

substrate in order to promote the self-assembly of lipids during the evaporation of the solvent 

and the consequent formation of SLB. I initially concentrated on the choice of the most suitable 

solvent, the concentration of lipids and the conditions for sample drying in order to reach the 

formation of homogeneous, well assembled and reproducible artificial membranes, ideally 

formed by a single lipid bilayer. Then I increased the complexity of my system by promoting the 

formation of two-component and three-component membranes with the final aim to produce a 

model membrane mimicking the presence of lipid rafts. 

 

7.1 One-component lipid bilayers 

 

In the first step I produced one-component membranes made by DOCP. I tested different lipid 

concentrations and three different solvents in order to obtain a homogeneous membrane 

characterized by a small number of lipid bilayers. Type of solvents used and lipid concentrations 

are reported in Table 1. After the spreading of organic lipid solution on a clean substrate, glass in 

my case, the evaporation of the solvent represents the first critical step for the formation of 

model membrane of high quality. The drying process is usually performed in a clean cell  

incubator at a fixed temperature (30 °C) and with high percentage of humidity (80-90%). These 

parameters show the best results compared to the drying of sample performed at the 

temperature of the room and without any control of humidity. Another important parameter is 
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the solvent or the right mixing of different solvents, to prevent too fast desiccation hampering a 

proper self-assembly of the molecules. 

 

 

 

Table 1. DOPC concentration and solvents tested for the fabrication of one-component membrane on glass. 

 

Best results, as evaluated by AFM topography measurements, were obtained with the 

intermediate concentration (0.1 mg/mL) and with the use of chloroform/decane 1:1 as solvent. 

The high boiling point of decane (171.5 °C) mixed with chloroform (boiling point = 61 °C) allows in 

fact a slow evaporation which promotes a complete self assembly of lipids, obtaining a lipid 

bilayer that homogenously covers the glass support. After sample drying, I characterized the 

membrane by AFM working in tapping-mode in air at room temperature. AFM images show a 

discontinuous topmost lipid bilayer of DOPC characterized by an average height of 5.3 ± 1.0 nm 

(Fig. 31 A-C). In order to quantify the total number of lipid bilayers obtained by this procedure,  I 

used the scratch approach which consists of mechanical removing of all the lipid bilayers leaving 

only the hard, unstretchable glass substrate as reference. The calculation of scratch depth 

highlights the presence of a multistacked DOPC membrane, made by multiple lipid bilayers (in the 

range of 30-40) (Fig. 31 D-E). The use of smaller lipid concentration  (0.01 mg/mL or <) produces 

the formation of small, dispersed and non-continuous lipid patches on the glass, and therefore is 

not suitable for the production of uniform and regular membrane bilayer (data not shown).  
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Figure 31. AFM images of a DOPC bilayer in air deposited on a glass surface. (A) AFM topography of flat lipid 

membrane with a central discontinuity which allows to measure the height of the lipid bilayer. (B) Height profile. (C) 

One DOPC bilayer is characterized by an average height of 5.3 ± 1.0 nm. (D) AFM topography of the scratch made by a 

scalpel. On the right side, a DOPC membrane is present, whereas on the left side glass can be observed. (E) Height 

profile indicates the presence of a membrane formed by 30-40 lipid bilayers. AFM measurements were performed in 

tapping-mode in air at room temperature. 

 

7.2 Two-component membranes 

 

After the determination of the best parameters for the assembly of the membrane, my next step 

was to move to the production of binary lipid bilayers. I used DOPC in combination with 

sphingomyelin (SM) and I analyzed the obtained samples by AFM.  From this moment on , I 

worked in a liquid environment in order to move towards more physiological conditions. The 

membrane was covered with Milli-Q H2O and gently rinsed in order to remove the upmost 

stacking lipid bilayers, ideally remaining with one single lipid bilayer. This model membrane 

system was built from DOPC and SM in 50:50 molar ratio. DOPC and SM are lipids characterized 

by different Tm: at environment temperature the DOPC is expected to be in fluid phase (Lα) 

whereas SM is in solid state (So) (see the extrapolation from the three-component phase diagram 
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at paragraph 2.1 for zero cholesterol molar concentration). AFM topography confirms this phase-

separation picture, showing that the membrane is characterized by two coexisting phases, where 

the bright domains represent the SM in So phase surrounded by a fluid lipid matrix made by DOPC 

(Fig. 32 A). The SM domains are 0.2-1 µm in lateral dimension and the height variation (∆Z) 

between the So and Lα phase shows that these domains protrude from the fluid environment 

with an average height of 1.5 ± 0.9 nm (Fig. 32 C). This value is in agreement with the current 

literature. A previous study on fully-hydrated DOPC bilayer on mica has in fact demonstrated that 

this one-component membrane has a full thickness of 5 nm 273. Ovine brain SM phase behavior 

studied by polarizing  light  microscopy,  differential  scanning  calorimetry and  X-ray  diffraction 

274 showed that  at 25°C, below the phase transition (37 °C), the measured lipid thickness was 6.35 

nm. These values support the protrusion of around 1 nm of the SM domains in the fluid DOPC 

matrix measured in my membranes.  However, the two phases appear very rough as in the 

presence of multiple lipid phases or of non completed phase separation. This effect can be 

observed in the graph of Fig. 32 C, where height distribution along the entire image (A) is shown.  

Two broad peaks, with a high  error value are shown, indicating the presence of heterogeneous 

height distribution over the sample.        

 

Figure 32. AFM image of DOPC/SM membrane 50:50 in molar ratio in liquid environment . (A) The AFM topography 

shows the presence of two lipid phases, the So (SM) and Lα (DOPC) and the relative ratio. Both phases  display high 

values of roughness (Ra). (B) The height profile along the white line in (A) highlights the presence of rough phases. (C) 

Distribution of heights across the entire image (A). AFM measurements were performed in tapping-mode in Milli-Q H2O 

at room temperature. 
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From the area of the two phases in the image of Fig. 32 A I can calculate a relative percentage of 

the two lipid phases (L= 69.5%, So= 30.5%) which does not match with the prediction made from 

the initial lipid mixture molar ratio (50:50). Imaging several areas on different binary membranes 

produced in the same conditions, I observed a high heterogeneity in the SM domains, which were 

characterized by different domain size and morphology, making this model system not so suitable 

for studying lipid phase behavior (Fig. 33). Therefore we can conclude that the drop-casting 

method is characterized by scarce reproducibility as well as a poor control of the lipid membrane 

composition. Clearly, the presence of multiple lipid bilayers  before the washing step complicates 

the scenario and does not ensure to find the same distribution of lipid molecules in each lipid 

bilayers. 

 

 

 

Figure 33. AFM images of several SM domains in DOPC/SM model membranes. SM islands have different morphology 

and cover different areas of membrane.   

 

In order to quantify the thickness of the membrane after the washing treatment, I performed 

AFM nanoshaving 275: by means of a hard (spring constant 0.76 nN/nm) silicon-nitride AFM tip, 

operated in solution at high speed and with the maximum range of oscillation on the sample, I 

was able to remove, in an area of the membrane of about 1 μm x 1 μm, all the lipid bilayers from 

the substrate, in a highly accurate way, creating a trench surrounded by walls consisting of lipid 

membrane (Fig. 34). In this way an absolute height measurement was possible. The hole in the 

bilayer shows that all lipids are extracted from the membrane. The depth of the hole of about 

14.0 nm is compatible with  the presence of two lipid bilayers (6.5 nm) underlying that the rinsing 

procedure allows to remove almost completely the excess of lipid bilayers from the system.   
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Figure 34. AFM nanoshaving of DOPC/SM membrane 50:50 in molar ratio in liquid environment. (A) The AFM 

topography shows that the nanoshaving of lipids takes place in a very small area (1 µm x 1 µm) in clear mode. (B) The 

membrane is made by two lipid bilayers (depth of the hole is around 14 nm), underlying the feasibility of the washing 

treatment. 

 

7.3 Three-component membranes 

 

Here I introduced cholesterol in my model system to produced a ternary membrane made by 

DOPC, SM and cholesterol in 40:40:20 molar ratio. Cholesterol is a key lipid molecule in lipid rafts, 

interacting with high affinity with SM and changing the structure of the previous two-component 

membrane (see the three-component phase diagram of Fig. 7). AFM topographic analysis shows 

that cholesterol changes the morphology of the membrane which is now characterized by the 

presence of bright domains of bigger lateral dimensions compared to the binary membrane (Fig. 

35). The distribution of height shows that a decrease in the ∆Z of the two coexisting phases can be 

observed (∆Z = 1.0 ± 0.7 nm). This effect is due to the cholesterol interaction with SM which leads 

to a change in the phase of the sphingolipid from So to Lo phase, referred to as the phase of lipid 

rafts 19. In particular cholesterol introduces a disorder factor in the SM domains which 

corresponds to a lipid phase characterized by intermediate features between the So phase and 

the fluid phase. In practice, the hydrophilic heads of SMs locally interact with cholesterol to 

screen its hydrophobic head. SM can interact with the OH group of cholesterol by its phosphate 

oxygen, whereas its NH group is involved in intermolecular H-bonds between SM molecules. The 

intercalation of cholesterol causes a worst packing of SM acyl chains with a decrease of the 

thickness of the SM islands. The effect on cholesterol on DOPC/SM membranes has been 

extensively studied. An AFM –based work has showed that DOPC/SM/Chol membrane with 10-

40% mol Chol displayed a decrease of ∆Z (Lo-Lα) from 1.2 nm in 10% Chol to 0.6 nm in 40% Chol 

276. 
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However, also with this lipid composition, raft domains and the fluid lipid matrix appear not so 

flat and clean, in agreement with a non optimal self-assembly of the lipids.  

 

 

Figure 35. AFM image of DOPC/SM/Chol membrane 40:40:20 in molar ratio in liquid environment. (A) The AFM 

topography shows the presence of two lipid phases, the Lo (SM-Chol) and Lα (DOPC) phase. (B) The height profile 

highlights the presence of rough phases as in the previous binary membrane. (C) Distribution of height. AFM 

measurements were performed in tapping-mode in Milli-Q H2O at room temperature. 

 

As for the DOPC/SM membrane, I investigated several areas of different ternary membranes. Also 

in this case there is a high heterogeneity in the morphology of the bilayers, highlighting again the 

low reproducibility of the drop-casting method  (Fig. 36).  

 

 

 

Figure 36. AFM images of several SM domains in DOPC/SM model membranes. SM islands have different morphology 

and cover different areas of membrane.   
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7.4 Application of drop-casting method to study membrane-carbon nanotube 

interactions 

 

Despite disadvantages as poor reproducibility, poor control of lipid composition and phase 

separation in samples produced by drop-casting, this method is suitable for the study of 

interactions between artificial cell membranes and nanostructured biocompatible materials, as 

carbon nanotubes (CNTs). CNT-based biomaterials have promising features for the design and 

development of bioelectronic prosthetic devices for novel neural interfaces (see Appendix B). 

CNTs are conductive nanomaterials which were shown to improve the growth of axons, when 

used to interface cultured neurons 277,278. Moreover, they have been shown to enhance the 

synaptic connections between neurons 279,280. Improvement of cell-cell communication is 

fundamental in neural networks, however the role and dynamics of CNTs interaction with the 

cellular surface remain poorly understood. In this framework, I was involved by the group of Prof. 

Laura Ballerini from SISSA (Scuola Internazionale Superiore di Studi Avanzati) to study if multi-wall 

(MW) CNTs, once interfaced to neurons, affect synaptic transmission by modulating lipid 

membrane structure and dynamics 281. The investigation focused in particular on cholesterol, 

which is present in large amount on neuronal membranes and is known to regulate presynaptic 

vesicle release. My involvement in the study was about the application of drop-casting for the 

production of supported lipid membranes (SLMs) directly on MWCNTs substrates supported by 

glass to study the interaction between these nanostructures and artificial lipid bilayers. I prepared 

a binary membrane made by DOPC and cholesterol in a 2:1 ratio and used the AFM for the 

topographic analysis of the membrane interfaced to control substrates (as glass) and MWCNTs 

(Fig. 37 A-C) in liquid environment. I found that lipid islands grown on MWCNTs and on control 

glass substrates display similar morphology (Fig. 37 A and C). However, AFM reveals the ability of 

MWCNTs to pierce the membrane through the SLB entire thickness (Fig. 37 C), with the occasional 

appearance of localized areas where multiple lipid bilayers are piled on the surface, a condition 

that was not present in the control sample as can be appreciated by the relative height profiles of 

Fig. 37 A and C. 
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Figure 37. AFM images of the interaction between SLBs and MWCNTs. (A) AFM Topography of an incomplete SLB 

made by DOPC and cholesterol (2:1 ratio) deposited on a control glass surface. The height profile shows that the lipid 

islands has average height of 5.0 ± 0.2 nm  (B) Topography of a MWCNTs carpet deposited on glass via drop-casting. (C) 

Topography of SLBs deposited on a MWCNTs substrate. White arrows point the MWCNT ability to pierce SLBs, indicated 

by CNTs emerging from the upper membrane layer. AFM measurements were performed in tapping-mode in liquid 

buffer at room temperature. 

 

AFM measurements were coupled with Micro-Raman spectroscopy analysis (Fig. 38). Raman 

spectroscopy is frequently associated to AFM imaging, providing a spectroscopical fingerprint by 

which molecules can be identified. The idea was to chemically identify the CNT component which 

pierces the SLBs. The vibrational Raman spectrum of lipids (in red) is characterized by peaks 

associated with C–N stretching (715 cm−1), C–C stretching (1090 cm−1), CH2 deformation (1305 

cm−1 and 1440 cm−1), and C=C stretching (1655 cm−1) vibrations. The Raman spectrum of MWCNTs 

alone on glass (Fig. 38 C, in green) shows two broad peaks centered at 1350 cm−1 and 1590 cm−1 

that are commonly assigned to the presence of disorder in graphitic materials and to the 

tangential vibrations of the carbon atoms, respectively. When SLBs were deposited on glass (Fig. 

38 B, in orange), the strong contribution of the substrate was evident. Here the peak at 1440 cm-1 

corresponding to CH2 deformation in lipids was also visible in spite of the low amount of lipid 

forming the membrane. In SLMs on MWCNTs, the characteristic two peaks at 1350 cm−1 and 1590 

cm−1 present on the tubular structures protruding from the membrane (imaged in Fig. 38 D) 

confirm the presence of MWCNTs, as suggested by the AFM morphology analysis. In this spectrum 

(in blue in Fig. 38 A, blue arrow), the peak at 715 cm-1 , attributed to lipid species, is evident as 

well. This can be due to the laser spot diameter (about 500 nm) which is larger compared with 

MWCNTs  diameter (50-250 nm), resulting in a contribution of the surrounding SLBs to the 

nominal MWCNT Raman spectrum. 
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Figure 38. Raman spectroscopy of model membrane on MWCNTs. Raman spectra were acquired in the highlighted 

areas (colored dots) in the AFM images B,C and D acquired at high magnification (glass substrate in yellow, SLB on glass 

in orange, MWCNTs on glass in green and SLB above MWCNTs in blue). The spectra of MWCNTs with (blue spectrum) 

and without (green spectrum) SLM were vertically shifted for illustrative purpose. The reference spectrum of lipids (red 

spectrum) was acquired on a many-layer membranes sample (not shown) in order to minimize Raman signal from the 

underlying glass surface.  

 

7.5 Discussion 

 

The use of the drop-casting method for the fabrication of complex model membranes highlighted 

some disadvantages especially when the system is made by two or more lipid species. Too many 

parameters such as temperature, humidity and the type of solvent chosen affect the entire self-

assembly process of lipids. Even when the best parameters are chosen, the method is not very 

reproducible, giving rise to membrane of good quality in only the 30% of experiments. With two- 

or three-component bilayers, I noted that the membrane seems to be characterized by multiple 

lipid phases in both fluid phase and ordered lipid domain phase, which are not flat as in the 

presence of good self-assembly or unique lipid phase. The presence of ripple intermediate phase 

could be a hypothesis for explaining the presence of non homogeneous lipid phases. The ripple 

phase is an additional lamellar phase characterized by a periodic one-dimensional undulations on 

the surface of the membrane, corresponding to a partially-disordered lipid phase 282. This phase 

has been shown to exist in multilamellar bilayers of saturated PCs or saturated lipids with other 

headgroups, and only for temperatures above the pre-transition and below Tm 283,284. Considering 

that the Tm of SM is 37 °C and the self-assembly of the lipids in the drop-casting was performed at 
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30 °C (above the pre-transition temperature of SM), it is possible that the system involves a 

partial presence of ripple phases. However, I was not able to directly visualized by AFM the 

presence of peculiar structural features on the surface related to this lipid phase.  

Another feature that has to be taken into account is the cleanliness of the membrane. The 

presence of small bright spots (especially in ternary membrane) of 1-2 nm in height makes it 

difficult to introduce a further complexity in the system as the insertion of a lipidated-protein or 

GMs, involves heights similar to the ones of contaminating structures. Moreover, the hydration 

step could destabilize the membrane and create artifacts, with the risk to wrongly interpret the 

experimental data. Generally the method is suitable for the production of multistacked lipid 

bilayers that are required for the application of techniques based on X-ray scattering or NMR 

spectroscopy, for the sake of signal intensity. A functional example of drop-casting application in 

the field of lipid nanotechnology was the study of the interaction between membranes and 

MWCNTs. This study has highlighted the ability of CNTs to pierce the  lipid bilayers, supporting the 

hypothesis that these nanomaterials are able to locally interact with the structure of lipid 

molecules modulating the synaptic activity of neurons 281. These results supported the findings 

from neuronal cultured cells in which the MWCNTs microenvironment has been shown to 

promote the construction of more synapses 279,280,285.      

After having tested the suitability and feasibility of drop-casting in model membrane technology, I 

decided to move toward a more established method for the production of complex lipid bilayer, 

the direct vesicle fusion method. Then, I compared the two methods in order to find the 

technique with the higher benefits/disadvantages ratio for mimicking lipid raft of cell membrane.  
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8. Raft-like lipid bilayers by direct vesicle fusion and applications 

in biomolecule-lipid interactions 

 

The generation of SLBs onto a solid support by the direct fusion of lipid vesicles is one of the most 

characterized method in model membrane technology. This method is easy and reliable and can 

drive the formation of complete layers within few hours. It is widely accessible since it does not 

require advanced equipment and allows the production of very high quality SLBs. These 

advantages confer to vesicle fusion an important role in advanced SLB-based research platforms, 

particularly for the fabrication of complex, multicomponent SLBs that more accurately mimic 

native cell membranes 286. Vesicle fusion has also the remarkable advantage that the same 

preparation protocol can be used for all lipid vesicle compositions highlighting the strong 

versatility of the method. 

In order to produce flat, homogeneous symmetric membranes with multiple lipid composition I 

started from a batch of binary and ternary multilamellar vesicles, which then underwent  

extrusion through a polycarbonate filter with a defined pore size of 100 nm for the formation of 

controlled unilamellar vesicles of the same size (see paragraph 5.1). The extrusion method in fact 

allows for the best homogeneity of LUVs (large unilamellar vesicles) size distribution in the final 

suspension when compared with other methodologies, as sonication, homogenization and freeze-

thaw sonication 287. The only prerequisite in this procedure, especially when is about complex lipid 

compositions, is the extrusion temperature, which should be above the Tm of the various lipids. In 

this manner, I first produced a ternary membrane made by DOPC, SM and cholesterol playing with 

the relative concentration of the three molecules to find the highest stability conditions 

mimicking physiological membranes composition (DOPC/SM (50:50) + 5% Chol, DOPC/SM (66:33) 

+ 5% Chol, DOPC/SM (66:33) + 20% Chol).  Finally, I used such ternary SLBs for studying the 

distribution in the membrane of the GM1 ganglioside, a lipid raft marker, as well as of a 

pathological lipidated-protein PrPC in order to investigate the potential of this model membrane 

tool in the study of lipid raft-biomolecule interactions . 

 

8.1 Ternary membranes 

 

I first produced a membrane made by DOPC and SM (50:50 in molar ratio) with 5% of cholesterol, 

in order to mimic raft-like domains. Despite cholesterol concentration in real cellular membrane 

varies between the 15% and 50% of the total lipid composition 288, I started from a low cholesterol 

concentration (5% molar) to study its role in the formation of artificial membranes.  As we will see 
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in the next paragraph, the chosen concentration allows to create stable lipid raft domains and to 

distinguish them morphologically from the rest of the membrane. 

The membrane was fabricated on freshly cleaved mica. I used CaCl2 salt solution (5 mM) to better 

promote the initial adsorption and rupture of LUVs on mica surface. Divalent cations, such as Ca2+ 

and Mg2+ are commonly used to promote SLB formation, especially with negatively-charged 

vesicles 289,290. However, the same procedure performed in Milli-Q H2O produced a high quality 

SLB as well (data not shown), without any measurable variations of membrane morphology. 

Overall, with the lipid composition of my model membranes (DOPC/SM/Chol), the presence of 

divalent cations for the formation of SLBs does not appear to be essential. Moreover, the 

following rinsing step removes almost completely any presence of such divalent ions, leaving the 

membrane incubated in only Milli-Q H2O.  

I successively analyzed the lipid bilayer formation by AFM working in tapping-mode in liquid 

environment. Extended SLBs form within 15 minutes of vesicle incubation. After a gentle rinse, to 

remove the excess of vesicles, the sample can be analyzed by AFM. In analogy with the 

measurements shown in the previous chapter, AFM topography analysis shows a membrane 

characterized by two coexisting phases, due to the different physical state of SM and DOPC at 

environment temperature (Fig. 39). Comparing the SLBs obtained by vesicles fusion with the ones 

produced by drop-casting, it is possible to note that the morphological quality of the new mixed 

lipid bilayers appears to be much higher here: the flatness of the membrane produced by direct 

vesicle fusion is appreciable from the AFM topographic image (Fig. 39 A). The two phases , Lα and 

So, are very well separated in the plane of the bilayer, without any presence of intermediate 

phases or contaminating bright spots. The roughness values measured on Lα and So phase 

domains are reported in Fig. 39 D, in comparison with the same values on drop-casting prepared 

membranes (see paragraph 7.2). The SLB produced by vesicle fusion shows a 3-fold decrease of 

roughness for both lipid phases with respect to the drop-casted lipid bilayer (vesicle fusion: Lα= 

73.7 ± 1.6 pm, So= 115.6 ± 8.1 pm; drop casting: Lα= 252.8 ± 23.5 pm, So= 294.9 ± 38.5 pm). The 

distribution of topographic heights shows that the ordered lipid areas (SM+Chol) protrude from 

the fluid DOPC phase with an average height of 1.2 ± 0.2 nm. Moreover, the ratio of the surface 

covered by the two phases (Lα:So) on the membrane is 47.0:53.0 and matches almost perfectly 

with the initial lipid  molar ratio, underlying that the vesicle fusion method allows a very good 

control of lipid membrane composition. 
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Figure 39. AFM image of DOPC/SM membrane (50:50 in molar ratio) with 5% of cholesterol in liquid buffer. (A) The 

topography image shows the coexistence of two lipid phases, the So (SM+Chol) and Lα (DOPC). The relative surface 

ratio is indicated. (B) The height profile highlights the presence of good lipid phase separation. (C) Distribution of 

height. (D) Roughness comparison of drop-casting and vesicle fusion method, for both lipid phases. AFM measurements 

were performed in tapping-mode in Milli-Q H2O at room temperature. 

 

In the same way as for drop-casted SLBs, I used AFM nanoshaving for the quantification of the 

bilayer thickness after the rinsing step (Fig. 40). AFM topography shows that only one single lipid 

bilayer (height around 6.5 nm) is present on the mica surface, highlighting the strength of the 

vesicles fusion method for obtaining a homogeneous, clean and highly reproducible SLB system 

for the study of lipid rafts behavior.  
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Figure 40. AFM nanoshaving of DOPC/SM membrane (50:50 in molar ratio) + 5% Cholesterol in liquid buffer. (A) AFM 

topography image shows a hole of (1 µm x 1 µm)  in correspondence of nanoshaving  (B) AFM topographic profile 

across the hole area showing that the depth of the hole corresponds to one single lipid bilayer (around 6.5 nm). AFM 

nanoshaving was performed in tapping-mode in Milli-Q H2O at room temperature. 

 

Although the SLB obtained so far were already of high quality, I decided to change the lipid ratio 

introducing an asymmetry in the composition to better follow the evolution of raft-like domains. 

In particular, I focused on the production of membranes made by DOPC and SM (66:33 in molar 

ratio) with 5% cholesterol. After AFM characterization, I increased the concentration of 

cholesterol to 20% maintaining the same DOPC:SM ratio (DOPC/SM (66:33) + 20% Chol) in order 

to investigate possible morphological changes within the different lipid phases induced by 

cholesterol. 20% of cholesterol is a reasonable physiological value for plasma cell membrane 291. 

The membrane characterized by 5% of cholesterol shows single raft-like domains that protrude 

from the fluid phase with an average height of 1.1 ± 0.2 nm (Fig. 41 A, C). These lipid islands have 

heterogeneous lateral size distribution in the range of 0.2 – 1.0 µm. Even in this case the surface 

ratio of the two coexisting phases (Lα:So) derived from AFM images is 64.2:32.8 and matches well 

with the initial lipid composition (Fig. 41 E). The membrane with 20% of cholesterol displays a 

different morphology having raft domains with a more dendritic shape and being characterized by 

a higher raft surface coverage (Lα:Lo (57.0:43.0),) compared to the membrane with lower 

cholesterol content (Fig. 41 B, F). This ratio can be rationalized assuming that cholesterol is mostly 

sequestered by the SM in the solid ordered phase, increasing its fluidity and promoting a So to Lo 

transition [REF]. Assuming the same occupied surface per molecule (which is not exactly true 

since since there are not reference values for the intrinsic volume of cholesterol 292) we calculated 

the excess surface that is due to 20% cholesterol-induced lipid ordering from the relative molar 

percentage, finding DOPC/SM+Chol = 54:47, not far from the measured one. Indeed, the entire 

volume occupied by the different phases change by changing chol content. The hydrophobicity of 

cholesterol (contains only one OH group per molecule), normally screened by sequestering 
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adjacent, polar lipids, introduces to the membrane a certain level of viscosity and dynamic 

clustering of chol-SM aggregates, reducing the rafts height with respect to the fluid, disordered 

lipid phase around. This explanation is supported by the 20% decrease of the average ∆Z (Lo-Lα) 

value (0.9 ± 0.2 nm) measured and by the slight increase of the ordered phase roughness when 

moving from 5% to 20% chol  (Fig. 41 D). Finally, lipid-raft domains appear more dendritic when 

the level of cholesterol is increased to 20%. This is a sign of diffusion-limited aggregation, which is 

in agreement with the dynamic molecular clustering described above. Further studies are 

required to corroborate this hypothesis. 

Given the higher flatness of the lipid rafts in correspondence to the (DOPC/SM (66:33) + 5% Chol) 

membrane, and since our ultimate goal is to shed light on the interaction of biological relevant 

biomolecules with lipid-raft containing membranes through topographic AFM measurements, we 

decided from this moment on to use such SLB composition as model systems for further studies. 
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Figure 41. AFM images of raft-like membranes (DOPC/SM (66:33)) in presence of 5% (A) and 20% (B) of cholesterol, 

respectively. The membrane with higher cholesterol content shows a higher lipid raft coverage and a decrease in the ∆Z 

(Lo-Lα) value compared to the membrane with 5% of cholesterol. AFM measurements were performed in tapping-mode 

in Milli-Q H2O at room temperature. (C-D) Height distribution for 5% chol and 20% chol membrane, respectively). (E-F) 

Lipid phase ratio. (G-H) Roughness of lipid phases are similar in both membranes. AFM images were collected in 

tapping-mode in Milli-Q H2O at room temperature.   
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8.2 Stability of SLB in aqueous solution 

 

Before incubating biomolecules with the prepared membranes, the stability of planar lipid 

bilayers in Milli-Q H2O as a function of time needs to be assessed. In particular, I focused on our 

most promising three component model membrane mixture (DOPC/SM 66:33 + 5% cholesterol) 

focusing on its structural integrity and on the possible morphological changes in the coexisting 

two lipid phases after a prolonged incubation in liquid environment. After 24 hours in Milli-Q H2O, 

the membrane maintains almost the 95% of its structural integrity, remaining clean and with very 

flat domains (Fig. 42). The topographic height variation ∆Z between the So and Lα phase (1.2 ± 0.3 

nm) does not change with respect of the same value of the as-prepared membrane (see for 

reference the image in Fig. 41), as well as the relative ratio between Lα and So phase (66.5:33.5). 

However, there is clear evidence for the formation of defect sites , in the form of damaged areas 

(black holes, indicated by red arrows in the AFM images of Fig. 42) which seem to be essentially 

located at the level of the Lα phase. This phase is usually more prone to destabilization by 

environmental factors, being less packed and less ordered than the ordered domains [REF]. The 

black circular holes  have a depth of 2.5-3.0 nm, which agrees with the extraction of the upper 

fluid monolayer from the lipid bilayer membrane. Moreover, the surface roughness of these 

defect sites is 353.1 ± 25.3 pm which is much higher than the one of both lipid phases (Lα = 84.4 ± 

5.8 pm, So = 130.1 ± 6.1 pm) (Fig. 42 G). We suppose that the unfavorable exposure of lipid acyl 

chains to water leads to an unstable situation with the lack of an optimal membrane packing and 

the consequent increase of the roughness.  
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Figure 42. AFM topography of a DOPC/SM/Chol model membrane after 24 hours in Milli-Q H2O. AFM image of the 

membrane surface, 20x20 µm
2 

(A) and a zoom image, 5x5 µm
2
 (D), to highlight  structural details. (C) The difference of 

height between the Lo and Lα phase remains constant. (F) Relative ratio of Lα and So is reported. The bilayer has only 

5% of damage sites. (B, E) Height profiles. (G) Roughness of lipid phases and damaged areas are indicated. AFM images 

were collected in tapping-mode in Milli-Q H2O at room temperature.   

  

Finally, from the comparison between the two images shown in Fig. 43 we can see that lipid rafts 

after 24 h in Milli-Q water form lipid islands of bigger dimensions. Comparative analysis of the 

surface occupied by raft-like domains at different incubation time showed a slight increase after 

24 h in Milli-Q water (Fig. 43). After 1 h incubation the membrane is characterized by ordered 

domains with area distribution in the range of 0.01-1.00 µm2. After 24 h in liquid environment, 

the membrane shows a decrease of around 80% in the number of raft-like islands, with the 

domain area distributed over a broad range of values (0.05-6.00 µm2), due to domain coalescence 

phenomena. 
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Figure 43. Coalescence of raft-like domains of DOPC/SM (66:33) + 5% Chol. (A) Membrane at time 0 (1 hour) and (B) 

membrane at 24 hours in Milli-Q H2O with relative ratio of lipid phases (L and So) and the distribution of So-domain 

areas. Membrane at  24 hours shows a decrease in the number of raft domains which appear of bigger dimension 

compared to membrane at time 0.  

 

When tested after a longer time in the same solution (48 hours, Fig. 44) one can see that the 

membrane further damages becoming extensively discontinuous, leaving lipid membrane patches 

on the surface. The distribution of heights is still bimodal, but with a broader distribution around 

each peak and with average height separation of ∆Z = 4.1 ± 0.8 nm, confirming the presence of a 

damaged, not homogeneous membrane made of both lipid bilayers (5.0-6.0 nm thick) and 

monolayer islands (2.5-3.0 nm thick). It is now difficult to identify the ordered and disordered lipid 

phases. This result demonstrates that the system is suitable for investigating biological processes 

until the 24 hours in liquid buffer, maintaining a good stability and the original structural 

properties.  
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Figure 44. AFM topography of a DOPC/SM/Chol model membrane after 48 hours in water solution. (A) AFM image 

and (C) distribution of height shows the presence of membrane  patches. (B) Height profile. AFM image was collected in 

tapping-mode in Milli-Q H2O.          

 

8.3 GM1 distribution on lipid rafts 

 

After the optimization of the protocol based on direct vesicle fusion for the production of multi-

component SLBs mimicking lipid raft domains, I selected the most stable mixture, the DOPC/SM 

66:33 + 5% chol, and moved towards the production of more complex models of raft-like 

membranes. First, I introduced in the layer a new player, namely the GM1 ganglioside, a 

biologically relevant molecule directly correlated with lipid rafts 293.  GM1 is a glycosphingolipid 

that is more abundantly expressed in the nervous system. Its polar head is formed by a 

polysaccharide and by one sialic acid residue, with a 3-fold higher polar surface area with respect 

to SM. In cells, GM1 is primarily, but not exclusively, localized in the outer leaflets of plasma 

membranes where it is involved in cell-cell recognition and signal transduction within caveolae 

and lipid rafts 294. Moreover, these molecules have a role in several neurodegenerative disease 

such as AD, where GM1 has been proposed to initiate the aggregation of amyloid-β peptides 295.  

In order to study GM1 distribution into my model system, I added two different percentages (1% 

and 2.5%) of GM1 to the initial lipid mixture. From these 4 components (DOPC, SM, Chol and 

GM1) LUVs I produced then the SLB and used AFM to investigate membrane stability and 

structural properties. In the sample with 1% GM1 (Fig. 45) one can see that the membrane 

morphology is very similar to the one with thee lipid components shown for instance in Fig. 41 A. 

Two are the main differences: the appearance of small nanodomains, mostly decorating the 

borders of the So phase (blue arrows in Fig. 45 B); the presence of island “hole” defects, as in Fig. 

42 A. The nanodomains protrude from the So phase of about 2.0 nm (line profile in Fig. 45). Such 

∆Z = 4.1 ± 0.8  nm

A

C

B48 hours
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domains might be originating from a phase separation of GM1-SM-chol domains from the SM-

chol areas. The protruding height is consistent with the higher polar surface of GM1 head with 

respect to SM.  

 

 

 

Figure 45. AFM topography of a SLB composed by DOPC/SM/Chol + 1% GM1. Blue arrows indicates GM1 nanodomains 

on ordered raft domains in AFM image. 

 

In the sample with 2.5% GM1 shown in Fig. 46, the number of nanodomains increases 

consistently: small circular islands of 20-160 nm in diameter (as shown in the distribution of 

equivalent disc radius values in the lowest panel on the right of Fig. 46) protruding of about 0.5-

2.0 nm from the So phase can be observed. On the bigger So SM-chol rafts these nanodomains 

are again mainly distributed at the borders, to indicate a preferential GM1 insertion from So raft 

periphery, as can be seen in the zoomed-in image of Fig. 47.  From the same image it is possible to 

highlight that even the smaller GM1 domains which at a first glance seemed to be located on Lα 

phase, are actually surrounded by a small crown of lipids in So ordered phase, further indicating 

that the localization of these molecules take places only in the rafts. AFM images acquired after 

1h, 2h and 3 h respectively show a progressive increase of the GM1 nanodomains density  (Fig. 

45), especially after 2 h imaging. This phenomena highlight the possible progressive formation of 

GM1-SM-chol domains which detach from the SM-chol So islands. “Dark hole” areas, present also 

in this case, do not seem to evolve in size with imaging time.  
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Figure 46. AFM topography of a SLB composed by DOPC/SM/Chol + 2.5% GM1. Imaging during time shows the 

enrichment of rich-GM1 nanodomains on raft-like domains (So phase). These domains are 20-160 nm in size and 0.5-3.0 

nm in height. AFM images were collected in tapping-mode in Milli-Q H2O.          

 

 

 

Figure 47. Zoom details of SLB composed by DOPC/SM/Chol + 2.5% GM1. GM1 islands mainly localize at the borders of 

So domains (blue arrows). AFM image was collected in tapping-mode in Milli-Q H2O.         
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8.4 Lipidated-Prion protein (PrPC) insertion into model membranes 

 

Prions are pathogens that cause a group of neurodegenerative transmissible spongiform 

encephalopathies (TSEs) also known as prions diseases. Despite their highly heterogeneous 

features, these disorders are characterized by the conversion of the normal cellular prion protein 

(PrPC) into the toxic scrapie isoform (PrPSc) in the central nervous system (CNS). The finding of 

PrPSc as molecular hallmark of all TSEs has made it possible to definitively diagnose prion diseases 

at both the pathological and molecular levels. Moreover, the discovery and further 

characterization of PrPSc have provided enormous insights into the nature of prions. The 

physiological functions of prions remain still defined. However, several studied have been 

revealed that PrPc may play a role in oxidative stress reduction, signal transduction, apoptosis 

regulation, adehesion of the extracellular matrix and the formation and maintenance of synapses 

296. As discussed in the introduction (paragraph 3.2) PrPC is a GPI-anchored protein that is 

predominatly localized in the outer leaflet of the neuronal cell membrane 297. Although the 

biological function of PrPC has not been fully understood yet, its membrane attachment via a GPI 

anchor seems to be critical for the conversion into the pathological PrPSc isoform, which generates 

highly insoluble, toxic aggregates. Several evidences support the idea that the lipid environment 

has a key role in prion conversion and propagation, especially the association of PrPC with lipid 

raft domains 298–300. In this framework, I was involved by Prof. G. Legname (SISSA) in collaboration 

with Prof. C. F. W. Becker (University of Wien) in the study of the interaction of a lipidated-Prion 

protein with raft-like artificial model membranes. I tested a full-length PrP (residues 23-231, FL-

PrP) modified with a C-terminal membrane anchor (MA) via a semisynthesis strategy 301. I 

produced a ternary membrane made by DOPC, SM (66:33 in molar ratio) with 5% cholesterol and 

investigated the ability of FL-PrP-MA to interact with this membrane in order to identify the effect 

of lipid membrane composition on protein conversion and conformation. After 1 h of incubation 

of the SLB with FL-PrP-MA (25 nM), AFM analysis in liquid buffer shows the formation of large 

protein clusters on highly ordered membrane domains (So) whereas, similarly to the GM1 case, 

the fluid phase of membrane is not involved (Fig. 48). Surprisingly, many raft domains seem not to 

be perturbed by the protein, in contrast with the typical mode of action of several GPI-anchored 

proteins in other model membrane experiments. Several studies have highlighted that these 

proteins are characterized by a first insertion at the borders of highly ordered domains followed 

by a diffusion in the central region and a final saturation of the surface of these functional lipid 

islands 302,303.  

The height profile along the red line in the 2x2 µm2 AFM image (Fig. 48 B) reveals that the protein 

clusters can be associated to the formation and accumulation of oligomers on lipid rafts. The main 

results is that FL-PrP-MA is targeted to the ordered domains of the membrane but it is not 
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possible to infer whether the interaction is driven by the MA, which then promotes the 

aggregation of the prion, or by an intrinsic protein affinity for the Lo phase as well as the by the 

molecular interaction between PrP molecules .   

 

 

 

Figure 48. The interaction of FL-PrP-MA with raft-like model membrane. (A) AFM topography of PrP aggregation and 

the height profile. (B) Zoom AFM image reveals that the protein forms oligomers (lilac arrows) that preferentially 

accumulate on raft domains (So phase). AFM images were collected in tapping-mode in Milli-Q H2O at room 

temperature.  

 

Successively, I analyzed the membrane by AFM after 12 h of incubation with FL-PrP-MA. As we 

can see from the Fig. 49, the membrane undergoes an extensive structural damage characterized 

by many areas which can be associated to the extraction of the upper monolayer (2-3 nm the 

depth of these damaged site). However, the two lipid phases are still distinguishable. As expected, 

bigger size raft domains are present as well as protein oligomer clusters. However, the 

aggregation seems to have reached an equilibrium because cluster heights are similar to those 

found from the membrane after 1 h of protein incubation.      
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Figure 49. The interaction of FL-PrP-MA with raft-like model membrane after 12 hours. The membrane is highly 

damaged, and oligomer clusters appear of bigger size following the increase in dimension of lipid rafts (So phase).  

 

8.5 Discussion 

 

The application of direct vesicle fusion method for the preparation of SLBs allowed to perform a 

comparative analysis with the drop-casting technique in order to explore the potentialities of both 

methods for the fabrication of complex membrane model systems. Although drop-casting is an 

easy and fast technique, the control of lipid composition and morphology is hard to be obtained. 

Vesicle fusion instead shows great advantages in terms of reproducibility, quality of the 

membrane and the possibility to create model systems with several lipid components. At variance 

with drop-casting, binary and ternary complexes of high quality were produced with a success 

rate of 90%, showing a very good control of lipid composition and the presence of well-separated 

lipid phases. Moreover contaminating residues, which characterize the SLBs made via drop-

casting, are completely absent in membranes produced via vesicle fusion, allowing to introduce 

further protein components in the membrane and to study the distribution of nanometric 

molecular elements. Another relevant quality of SLB produced by direct vesicle fusion is that they 

are always kept in liquid buffer, without any passage through air, as in the case of drop-casting. 

The formation of the bilayer at near-physiological conditions ensures to study lipid phase behavior 

and lipid-biomolecule interactions without any artifacts caused by the air-water transfer. The 

investigation of membrane stability in liquid buffer showed that raft domains change their 
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morphology over the time, forming domains of progressively bigger dimension. This effect was 

not present in SLB created from drop-casting, highlighting that lipid diffusion, which is responsible 

for domain reorganization, is guaranteed only in membranes produced via vesicle fusion. Taking 

into account advantages and disadvantages of both methods, we agree with most of the 

literature, saying that vesicle fusion has to be considered the method of choice in membrane 

nanotechnology 286. 

Once created and selected the best raft-like model systems, I complicated further the scenario  by 

adding a new molecular component to the DOPC, SM cholesterol mixture to create a new bilayer. 

I first studied the interaction and distribution of GM1 ganglionsides on membranes. Several 

studies have shown that GM1 has a relevant role in many cellular and pathological processes, 

such as the segregation and processing of the prion proteins. Therefore, the possibility to exploit a 

complex model membrane that includes these functional molecules is a promising tool to 

investigate biological processes involving lipid raft domains. I produced membrane characterized 

by 1% and 2.5% molar concentration of GM1 molecules. AFM images showed that GM1 forms 

small nanodomains of 1-2 nm in height which preferentially localized on ordered domains of 

membrane. The distribution was similar for both GM1 concentrations, however at 2.5% GM1 the 

membrane displays a higher density of nanodomains compared to the sample with 1% GM1. This 

support the idea that GM1 at higher concentration could in somehow modulate the organization 

of membrane raft domains.  

Then, for the first time in the literature, I tested the ability of lipidated-anchor full-length Prion 

protein (FL-PrPC-MA), a membrane-binding protein which in pathological conditions form 

aggregates responsible for Prion disease, to interact with raft-like model membranes. I tested in 

particular the effect of the C-terminal membrane anchor (MA) on the activity of the protein and 

on membrane-binding capability. A great interest in C-terminal membrane attachment of PrPC  via 

GPI-anchor has been grown in the last years because it is the mechanism which targets the 

protein to the extracellular surface of cell membrane and has a  presumed role in the conversion 

of PrPC into the toxic scrapie isoform which leads to the formation of aggregated species. The 

protein was modified by a semisynthetic approach which provides several advantages over the 

other classic strategies 301,304. Exogenous proteins usually expressed in high amount in bacterial 

systems lack of post-translational modifications. This limitations can be overcome by producing 

the protein in insect systems, but the yield of protein production is not satisfying. Another 

approach consists to the isolation of GPI-anchor PrPC from neurons but contamination with other 

compounds such as lipids and even misfolded PrPC cannot be excluded . The advantage of 

semisynthetic MA attachment strategy is that the full-length protein is in its native conformation, 

ready for single molecule investigation. Great efforts have been made to monitor the protein 

binding and aggregation on membrane of small PrPC peptides by AFM 305 and scanning tunnel 
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microscopy (STM) 306 but these protein structures clearly are an underestimated representation of 

the real protein, and do not represent either the structure and the activity of the full-length 

protein . The application of AFM to study the FL-PrPC-MA distribution on raft-like membrane, as 

well as, the role of lipids in the aggregation process, is a smart strategy because it allows to 

perform single molecule-like analysis at the nanoscale with small amounts of protein. AFM 

imaging showed that FL-PrPC-MA interacts with lipid raft domains without affecting the fluid 

phase of the bilayer. This could be due to the MA activity, which targets the protein to the 

ordered islands of membrane. However, formation of aggregated protein clusters which might 

resemble oligomer accumulation are observed. Since that the inter-molecular interactions among 

PrP molecules promote the formation oligomers, we cannot exclude that this effect is caused by 

the increase of local concentration of the protein on rafts via MA targeting. The concentration of 

PrP has been shown to play a role in the aggregation process 307. One study has demonstrated 

that full-length recombinant PrP display different behavior according to the concentration of the 

protein incubated on SLBs made of POPC (1-palmitoyl-2-oleoyl-sn-glycero-3-phosphocholine) and 

POPS (1-palmitoyl-2-oleoyl-sn-glycero-3-phospho-L-serine) 308. At high concentration (400 nM) PrP 

monomers formed sponge-like aggregates of 3-5 nm in height, whereas at very low concentration 

(4 nM) the formation of flat PrP layer of 2 nm in height was observed. In my case the protein was 

incubated at intermediated concentration (25 nM) a condition which does not allow to 

extrapolate the singular contribution of MA and protein concentration in the activity of PrP 

interacting with the SLB. For that reason, additional experiments at very low FL-PrPC-MA 

concentration will be performed, to better elucidate the behavior of this lipidated-protein on raft-

like model membranes and gain new insights into the role MA in prion conversion and 

aggregation. 
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9. Iron-mediated interaction of Alpha Synuclein (αS) with lipid 

raft model membranes 

 

After having studied lipid raft formation in SLBs and their interaction with gangliosides and lipid-

tailed proteins, in the third part of my thesis project I focused on the study of the interactions of 

proteins relevant as mediators of neural signaling, as alpha sinuclein (αS), with lipid rafts. My 

attention was in particular directed towards the mechanisms of αS aggregation and on the 

influence that metals as iron (II) can have on it. The role of lipid rafts in the central nervous 

systems (CNS) is in fact known to be critical. They are implicated in neuronal signaling, neuronal 

cell adhesion and axon guidance 90. Moreover, the involvement of lipid rafts in the biological 

functions of αS has been reported in several works: lipid rafts are enriched in both pre-synaptic 

and post-synaptic sites of neurons and play a key role in organizing the synaptic proteins that 

modulate the homeostasis of vesicle exocytosis for neurotransmitters release 90. In this respect, 

αS is enriched at the presynaptic terminals of neurons and is thought to be localized on lipid rafts, 

where it supports the correct assembly and disassembly of synaptic vesicles, by interacting with 

the SNARE proteins 213,309. Recently, some evidences have shown that iron and other metal ions 

can modulate αS expression and promote in vitro aggregation of αS by inducing the formation of 

stable metal-αS complexes, impairing the αS function 226,230. Aggregates of αS are in fact globally 

recognized as one of the key molecular events that contribute to the development and 

progression of neuro-degeneration 310. Although the structural details as well as the conditions 

which induce αS aggregation have not completely understood, it is accepted that metals favor this 

process 311. Iron in particular is a biological essential element being implicated in the electron 

transfer during cellular respiration and as cofactor in the catalysis of enzymatic reactions. At the 

same time iron is potentially toxic when is present at high concentrations in the cell. It has been 

demonstrated that the total amount of iron increases physiologically in the brain with age and 

that this fact could be correlated with the old-age onset of PD 227.  

In this context, I was therefore interested in understanding the effect of iron in promoting 

structural changes in αS bound to membranes. I used AFM to characterize protein aggregates of 

wild-type αS and of a mutant form of αS, the A53T, responsible for an early stage familiar 

development of PD and more prone to aggregation. Successively, I produced lipid rafts in SLBs by 

direct vesicle fusion and investigated the effect of the protein-membrane interaction before and 

after metal treatment.  
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9.1 In vitro iron-mediated aggregation of αS 

 

In order to evaluate the effect of iron (II) in promoting the aggregation of αS, I performed an in 

vitro incubation of 100 µg of 35 µM wild-type αS in presence of 2 mM FeCl2 salt solution. These 

values of concentration for the protein and the metal have been chosen in according with a 

previous study of in vitro aggregation of the protein mediated by metals, performed by Uversky 

and colleagues 226.   

First, I studied as a reference the behavior of the bare wild-type αS, deposited on mica after 1 h 

shaking in Milli-Q water at 37° C (see Methods) measured by tapping-mode AFM imaging in air. As 

can be seen from Fig. 50 A, there is a homogeneous background from which what resemble 

sparse protein aggregates protrude. The roughness of the background is about 161.7 ± 13.4 pm, 

slightly higher than the roughness of bare mica measured in the same conditions (122.1 ± 7.3 pm). 

This is consistent with a mat of non-aggregated wt αS. The globular aggregates have heights in the 

range 2-6 nm: the sparse presence of aggregates is clear in the topographic image and in the line 

profile reported in Fig. 50 A-C but it is not evident in the height histogram in Fig. 50 B, due to the 

small number of globular proteins. The aggregation in this case is probably caused by the shaking 

step.  

Then wt αS has been incubated for 1 h in the same conditions (Milli-Q-H2O at 37° C) but in the 

presence of iron, and deposited on mica (Fig. 50 D). AFM images show the formation of globular 

aggregates compatible with protein oligomeric species. The height distribution of the spots 

related to the protein shows the presence of two main populations of  oligomers, with heights of 

about 3-4 nm and 7 nm respectively (Fig. 50 E) (the fitting curve evidences the two Gaussians 

distributions of aggregates, peaked at 3 and 7 nm). This result confirms the role of iron (II) ions in 

inducing αS aggregation. 
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Figure 50. AFM-characterization of the iron-mediated aggregation of wild-type αS. (A), (B), (C) show respectively AFM 

topography, height distribution and height profile of wild-type αS oligomers after incubation in Milli-Q H2O. (D), (E), (F) 

represent the same analysis made on wild-type αS oligomers after the treatment with 2 mM FeCl2. AFM images were 

collected in tapping-mode in air.          

 

At this point, I repeated the same type of experiments just described to in the case of the A53T αS 

mutant. The AFM image of Fig. 51 A shows that 1h incubation of A53T αS in Milli-Q H20 produces 

the formation of bright features of 2-6 nm height, compatible with globular protein aggregates, a 

situation very similar with the previous experiment of the wt αS. Even in this case, the presence of 

few aggregates over the area of mica is underlined by the AFM topographic image and the line 

profile (Fig. 51 A, C). Here, the roughness of the background is about 189.4 ± 11.7 pm, 1,5-fold the 

one of mica, possibly indicating the presence of non-aggregated proteins, not visible in the AFM 

topography image. Conversely, iron induces a strong protein aggregation (Fig. 51 D), more 

pronounced with respect to the wt αS case. Globular aggregates can be classified as protein 
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oligomers exhibiting a normal distribution with a mean value peaked around 9 nm as highlighted 

in the height distribution graph (Fig. 51 F). 

 

 

 

 

Figure 51. AFM-characterization of the iron-mediated aggregation of mutant A53T αS. (A), (B), (C) show respectively 

AFM topography, height distribution and height profile of mutant A53T oligomers after incubation Milli-Q H2O. (D), (E), 

(F) represent the same analysis made on the mutant A53T after treatment with 2 mM FeCl2. AFM images were collected 

in tapping-mode in air.          

 

The effect of iron on protein aggregation is very fast: oligomers form already after 1 h incubation, 

both in the case of wild-type and A53T mutant αS. However, the aggregation is more pronounced 

for the mutant and is characterized by a larger amount of oligomers with bigger dimensions 

compared to the wild-type αS. After this preliminary test, I moved on to study the interaction of 

iron with membrane-bound αS. 
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9.2 Interaction of monomeric αS with lipid raft model membranes 

 

In order to evaluate the effect of αS binding to a model lipid bilayer mimicking lipid raft domains, I 

produced a planar lipid bilayer composed by DOPC, SM (66:33) and 5% cholesterol following the 

same recipe described in paragraph 8.1. At variance with the experiments described in chapter 8, 

in which the interaction of the GM1 ganglioside and the lipidated PrPc with lipid rafts, 

respectively, were studied, here we removed any presence of metal ions in solution by washing 

repeatedly the SBL (prepared from vesicle fusion with 5mM CaCl2, see the protocol described in 

Materials and Methods) prior to insert the αS protein. By incubating αS in Milli-Q water at 

nominal pH of 7.0, in fact, I wanted to discard any possible ion-induced protein conformation 

more prone to aggregation. In this way, by starting with almost 100% of the soluble, monomeric, 

unstructured conformation of αS, I could address more precisely the role of Iron (II) ions in 

promoting αS  aggregation.  

The binding of the protein was monitored vs. time, as previously described, by tapping mode AFM 

imaging in liquid environment. This approach allowed us to visualize and study submicrometric 

raft domains and to investigate the localization of the protein in interaction with the membrane. 

The Milli-Q water-washed SBL, imaged in pure Milli-Q, is shown in Fig 52 A. In analogy with the 

image shown in Fig. 41 A (chapter 8) corresponding to a membrane with the same composition, 

here I observed two phases separated in height of 1.2 ± 0.2 nm. On this membrane, 100 µg of 35 

µM wild-type αS (final concentration = 4.5 µM) was incubated for 1 hour and then the surface was 

imaged again by AFM.  

 

 

Figure 52. AFM topography of lipid raft model membrane. The image shows the topography of artificial lipid bilayer 

made by DOPC/SM (66:33 mol:mol) + 5% cholesterol (mol). The membrane is characterized by the coexistence of the 

two lipid phases (Lα and So). (A) Surface topography. (B) Height profile. (C) Percentage of Lα and So phase. AFM images 

were acquired in tapping-mode in Milli-Q H2O at room temperature. 
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The interaction between the monomeric wild-type αS and the SLB (Fig. 53) seems to involve both 

lipid phases, ordered and disordered, with the formation of different types of defects in the 

membrane structure, which appears at different topographic heights in Fig 53 B.  

The phase which protrudes with about 2 nm from the bottom height of the image can be 

attributed to the So phase. In fact, the surface coverage by this phase (29.8%) is in good 

agreement with the one of the starting SBL (31.2%). The roughness of the domains belonging to 

the So phase, however, shows a 2-fold increase in the presence of the monomeric protein. The 

AFM topographic image indicates the presence of pore-like defects as well as of bright spots (blue 

arrows in Fig 53 A) which might be assigned lipid-protein complexes and to protein aggregates, 

respectively. On the other hand, the Lα phase exhibits larger defect domains. The height 

difference between these new defects and the Lα phase is about 0.8 nm that could be caused by 

lipid-extraction and/or direct interaction of αS with the bottom layer of the SLB in alpha-helix 

conformation parallel to the membrane plane. 

 

 

Figure 53. AFM topography of lipid raft model membrane incubated with monomeric wild-type αS. (A) The protein 

(4.5 µM) interacts with both lipid phases in different manner. Raft-like domains (So phase) are characterized by 

indented borders and small protein aggregates (blu arrows). Larger defects are present on DOPC (Lα phase) (yellow 

arrows). (B) Height profile. (C) Change in the roughness (Ra) of ordered domains shows the presence of αS interaction. 

Image were collected in tapping-mode in Milli-Q H2O at room temperature. 

 

We then tested the interaction between the mutant A53T αS monomers with the model 

membranes characterized by the same lipid composition of the previous experiment. Here we 

observed a different behavior with respect to the case of wild-type αS.  

Apart from white, aggregated phases, we observe one single type of defect. The total area 

covered by the highest, large domains (29.2%) is similar to the original area occupied by the So 
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phase before introducing the protein (see Fig. 52). The roughness of So phase remains 

significantly the same to indicate that the interaction between A53T αS and the SBL does not 

occur at the level of So domains. About the 38.5% of the total membrane area is now covered by 

a new phase, with a height lower of about 1 nm with respect to the Lα phase. On the contrary, a 

5-fold variation of the roughness of the Lα phase points towards the hypothesis of a preferential 

interaction of the A53T mutant protein with the DOPC phase. We can also note the presence of 

small white spots (yellow arrow in Fig. 54 A) that could be assigned to protein aggregates. Such 

domains are much smaller in size and height then the ones seen in Fig. 53 (and also with respect 

to brighter spots in the same figure). 

 

 

 

Figure 54. AFM topography of lipid raft model membrane incubated with monomeric A53T αS. (A) The protein (4.5 

µM) interacts preferentially with the DOPC (Lα phase). Defect sites with white spots of aggregation are largely 

distributed and extended (yellow arrows). (B) Height profile. (C) Change in the roughness (Ra) of the Lα phase confirms 

the interaction of the protein with DOPC. No variation of Ra occurs for lipid rafts (So phase). AFM Images were acquired 

in tapping-mode in Milli-Q H2O at room temperature. 
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9.3 Interaction of iron-induced oligomers of αS with lipid raft model membranes 

 

In order to assign a biological relevance to the αS oligomers complexated by iron ions, we tested 

these aggregated species on model membranes with the same composition as described 

previously. Again, I investigated the αS-iron (II) oligomer-membrane interaction by AFM in Milli-Q 

water. Here, we observed a totally new scenario. The 7 nm average size globular aggregates 

observed on bare mica in Fig. 50, are now coalescing on lipid raft domains, forming clusters of 

globular protein aggregates of 200-500 nm in diameter (Fig. 55 A). The AFM zoom-in image (Fig. 

55 B) shows that the borders of such oligomer clusters have a height value that matches very well 

with the height of raft domains, strengthening the hypothesis that the interaction of the protein 

cluster with the membrane occurs on So phase only. To further support it, we can notice that the 

roughness on the two phases does not change (data not shown). Surprisingly, the accumulation of 

the oligomers does not involve all lipid raft domains, underlying a probably cooperative 

mechanism which mediate this kind of membrane-protein interaction.  

The incubation of oligomers of the mutant A53T αS with the SLB shows similar results (Fig. 56 A-

B). The presence of clusters of aggregated oligomers can be observed also in this case. 

  

 

 

Figure 55. AFM topography of lipid raft model membrane incubated with iron-induced oligomers of wild type. (A-B) 

AFM topographic images were acquired in tapping-mode in Milli-Q H2O at room temperature. 
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Figure 56. AFM topography of lipid raft model membrane iron-induced oligomers of mutant A53T αS. (A-B) AFM 

topographic images were acquired in tapping-mode in Milli-Q H2O at room temperature. 

 

However, the mutant A53T αS-iron (II) aggregates show a more aggressive behavior: they form  

bigger size clusters, which now can reach lateral dimensions up to 1000 nm (Fig. 57 B) and higher 

heights (2-fold increase than wt). The total surface coverage of A53T oligomer clusters is around 

3-fold higher than for the wild type αS oligomers (Fig. 57 A-B). In addition, I noted the presence of 

two populations of oligomeric clusters on A53T αS sample. The first one is represented by small, 

circular and totally filled clusters which are similar to those found on the wild type αS sample. The 

second one consists of bigger annular clusters, which are characterized by a thick ring of 

oligomers with a central empty space. These ring-shape structures might give us information on 

the mechanism by which clusters are formed on membranes. They could assembly starting from a 

preferential interaction of oligomers at the borders of raft domains which could act a docking site 

for a subsequent recruitment of the oligomers present in solution. 
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Figure 57. AFM topography and distribution of height of iron-induced oligomers of wild type (A) and mutant A53T αS 

(B). AFM Images were collected in tapping-mode in Milli-Q H2O at room temperature. 

 

9.4 Attenuated total reflectance infrared spectroscopy measurements 

 

In order to complement AFM data on iron (II) effect on αS-aggregation and interaction with raft-

like membranes, I performed infrared (IR) spectroscopy measurements. In particular, I used FTIR-

ATR (Fourier-trasformed IR in attenuated total reflectance conditions), a technique which 

provides valuable information about protein secondary structure and dynamics of lipid-protein 

interactions. Moreover, ATR provides excellent quality data in conjunction with the best possible 

reproducibility of any IR sampling technique. All measurements were performed in air, using a 

germanium crystal with 25 internal reflections as substrate. 

In Fig. 58 IR absorbance spectra of the oligomers of wt and mutant A53T αS, respectively, formed 

in solution in the presence of iron (II) ions (FeCl2 solution, same conditions as in paragraph 9.1, 1h 

incubation time) and deposited on the Ge crystal, are shown. IR spectra show interesting results 

in the spectral region between 3050 and 2800 cm−1, characterized by the C-H stretching 

(symmetric and asymmetric) vibration of of CH2 and CH3 , which can be found in the side chains of 

aliphatic amino acids. Wt αS displays stronger peaks at 2919 cm-1 (asymmetric stretching of CH2) 

and at 2851 cm-1 (symmetric stretching of CH2) which highlight a greater vibrational freedom of wt 

protein compared to the mutant species. At the same time, the mutant A53T shows a broadening 
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and a shift of CH2 - CH3 asymmetric stretching peaks which can be correlated to a bigger structural 

disorder of the protein.  

 

 

Figure 58. The absorbance spectra of iron-mediated αS oligomers. Wt αS (green) and mutant A53T (red) were treated 

for 1 h with a solution of 2 mM FeCl2. CH2 asymmetric and symmetric stretching of wt can be observed at 2919 cm
-1

 and 

2851 cm
-1

, respectively. The measurements were performed in air in the mid-infrared region (approximately 4000-750 

cm
-1

). 

 

Focusing on the amide I (1655 cm-1, the most intense absorption band in proteins, primarily 

governed by the C=O stretching vibration, is directly related to the backbone conformation) and 

amide II (1540 cm-1, derives mainly from in-plane N-H bending and C-N and C-C stretching 

vibrations and is conformationally sensitive) region of the IR spectra, similar broadening of peaks 

for the mutant A53T can be seen, confirming the presence of greater disorder in the structure of 

the protein (Fig. 59 A). The calculation of the second derivative of the absorbance spectra in this 

region highlights the predominance of α helix structure in both proteins (1655 cm-1), with other 

two peaks at 1640 cm-1 and 1625 cm-1 more pronounced in the mutant A53T with respect to the 

wt protein (Fig. 59 B). These components can be referred to a high content of random-coiled and 

parallel β-sheet structures, respectively. From these preliminary data, we can infer that the iron 

(II) induced mutant A53T aggregates already shown by AFM in the image of Fig. 51 are 

characterized by a bigger structural disorder and that aggregation is driven by the formation of β-

sheet secondary structures, as in the case of αS toxic oligomers and fibrils.  
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Figure 59. The absorbance (A) and the second-derivative (B) spectra of amide I and amide II region. The peaks at 1640 

cm
-1

 and 1624 cm
-1

 highlight respectively the presence of higher contribution of random-coiled and β-sheets in the 

mutant A53T αS. 

 

Then, I focused on the interaction of both proteins with LUVs composed by DOPC/SM (66:33 in 

molar ratio) with 5% cholesterol (molar) in order to get insights about the behavior of the 

proteins interacting with membrane in absence of iron. In this experiment, LUVs and proteins 

were incubated at room temperature for 1 h, then the sample was spotted on the germanium 

crystal forming a thin film of lipid bilayer interacting with the proteins. The difference between 

this set of IR experiments and the AFM ones is then on the support substrate used. However, both 

of them, mica and germanium, are oxide surfaces. In first approximation then one can assume 

that the SBL should not be much different in the two cases, since the two surfaces are similar in 

terms of surface tension and wettability.  After the evaporation of the solution, we recorded IR -

absorbance spectra. From Fig. 60 it is possible to observe a strong absorption enhancement in the 
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region of 3050-2800 cm-1 corresponding to the C-H bonds stretching vibration in CH2 and CH3, of 

which lipid acyl chains are particularly reach, confirming the presence of the lipid membrane. 

 

 

 

Figure 60. The absorbance spectra of αS-LUVs interactions. The region of 3050-2800 cm
-1

 shows the peaks related to 

the vibrational stretching of CH2 and CH3 group of lipid acyl chains. Wt αS is reported in violet, the mutant A53T in blue.    

 

The observation of amide I-II region (Fig. 61 A) shows the presence of a strong peak at 1626 cm-1 

in the case of mutant A53T αS, which correlates with the presence of aggregation and which is 

almost absent in the case of wt αS. The second derivative analysis of the same spectral region 

(Fig. 61 B) highlights, as in the case of aggregates on germanium, a prevalence of α-helix content 

in the structure of both proteins. No random coil secondary structures are observed. However, 

the mutant species clearly shows pronounced components which can be associated to parallel 

and anti-parallel β-sheets (1624 and 1695 cm-1, respectively), and β-turn (1677 cm-1). 
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Figure 61. The absorbance (A) and the second-derivative (B) spectra of amide I and amide II region. The peak at 1738  

cm
-1 

represents the carbonyl stretching of lipids (C=O bond). As for the analysis of oligomers induced by iron, the 

mutant A53T is characterized by stronger peaks at 1695, 1677, and 1626 cm
-1 

 in the second-derivative spectra. These 

values are associated to anti-parallel β-sheets, β-turn and parallel β-sheets, respectively, highlighting an aggregation 

process mediated by lipid membrane. 

 

Finally, a third set of measurement was performed on lipid vesicles incubated with iron-induced 

protein oligomers. Here, we concentrated on the region of 1300-1125 cm-1 which display 

macroscopic difference between the two proteins. The IR-absorbance spectra show a difference 

in the peak corresponding to the vibrational stretching of organic phosphate groups of lipid 

headgroups (1230 cm-1) (Fig. 62 A). Wt αS is characterized by a broadening of this peak compared 

to the mutant A53T. In order to  check the role of iron in the change of the morphology of this 

peak, I compared the IR absorbance in this small spectral region of two controls: SLB alone and of 

SLB incubated with iron (in the absence of protein) (Fig. 62 B). The comparative analysis highlights 
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an interesting result. The bare membrane displays a peak which is similar to that recorded from 

iron (II)-mutant A53T αS aggregates interacting with the membrane, whereas the broad peak of 

iron (II)-wt αS aggregates on the membrane is more comparable to the one of the membrane 

incubated with iron. The shift and the broadening of this peak could be due to the effect of iron 

on lipid headgroups of membrane. The hypothesis is that the wt αS have worst ability to bind iron 

which thereby remain free in the membrane in sufficient amount to interact with lipid 

headgroups. On the contrary, the mutant species seems to bind iron in greater amount or with a 

faster kinetics, forming a complex and leaving no iron ions free to interact with the phosphate 

groups, with an absorption fingerprint in this spectral region that is similar to the one of the 

membrane alone.  

 

 

Figure 62. The absorbance spectra of the interaction between iron-mediated oligomers with raft-like membrane (A). 

A broaden peak is observed for the wt αS in region of phosphate group stretching (1300-1150 cm
-1

). (B) The 

comparative analysis of wt αS  (dark red), mutant A53T (orange), lipid membrane (dark green) and lipid membrane 

incubated with iron (bright green) shows a different behavior of the proteins in the binding of the metal. 
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9.5 Discussion 

 

Several evidences have suggested that aberrant misfolded protein oligomers formed in the early 

stage of protein aggregation processes, instead of the mature amyloid fibrils, are the pathogenic 

species associated with many neurodegenerative disorders, as PD. One of key pathological events 

which is considered at the basis of the development and the progression of PD, is the binding of 

oligomers to biological membranes, which modify the organization of the phospolipid bilayer as 

well as the stability and function of its associated proteins leading to neurotoxicity 219. The ability 

of aberrant oligomers to destabilize and disrupts cellular membranes appears to partially depend 

on the psychochemical properties of oligomers and on the lipid composition of the membrane 

220,221. Increasing interest in elucidating the mechanisms of oligomer formation, structure, 

molecular dynamincs and cytotoxicity has exponentially grown in the last two decades. Several 

factors have been shown to promote in vitro and in vivo protein oligomerization, such as pH, 

metal ions and interaction with lipid membranes. Among them, the correlation between 

biological metal ions and the process of protein aggregation represents a fascinating challenge. 

Several studies have shown that metals can promote misfolded protein aggregation of different 

amyloid proteins involved in neurodegeneration 312. A study has demonstrated that the rate of αS 

fibrilization in vitro is enhanced by the presence of different metals, such as iron, copper, zinc and 

manganese 226. Iron is particularly interesting since it has been correlated with increased level of 

misfolded protein aggregation and oxidative stress 229,234,313.  

In this framework, I studied the effect of Fe2+ ions on the aggregation of the αS, the main protein 

of PD, and specifically on how iron can change the binding affinity of the protein to the 

membrane. I performed a comparative analysis of the wt αS form with a mutated species carrying 

an A53T point-missense mutation leading to early-stage inherited PD. I focused on the production 

of model membranes with a lipid composition that mimic lipid raft domains. Lipid rafts seem to 

have a crucial role in the biological function of the protein as well as in the pathology of the 

disease. Considerable amount of data suggest an involvement of these functional nanodomains in 

the interaction of misfolded amyloid proteins with cell membranes 122. In neuronal cells, αS 

appears to be involved in the homeostasis of neurotransmitter release at pre-synaptic vesicles by 

binding lipid rafts and the protein complexes which modulates the assembly and disassembly of 

membrane vesicles. Moreover, other pathological amyloid proteins such as PrP and Aβ peptides 

have exhibited  a strong connections with these lipid domains 111,117.  

First results on in-vitro iron mediated aggregation of αS showed that ferrous ions induce a fast 

and strong aggregation of both proteins, with greater effect on the mutant A53T αS. AFM 

analyses revealed the formation of globular protein aggregates whose dimension and geometry 

could resemble misfolded protein oligomers. A consistent amount of data have indicated that 
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oligomers show a broad heterogeneity in terms of morphological and structural features, 

according to the different conditions in which they are formed 187. Generally, misfolded protein 

oligomers display globular morphology with a height in the of range of 3-15 nm which matches 

with my AFM data. The better propensity of the mutant αS species to aggregate in presence of 

the metal is conformed with many studies which highlights this aspect. A study have showed that 

human neuroblastoma cells overexpressing wt and the mutant A53T αS exhibit protein aggregates 

upon treatment with FeCl2 (1 or 10 nM), with a greater rate of αS-aggregation for the A53T 236. In 

addition, iron-mediated stimulation appeared to induce 4-fold increase in susceptibility to toxicity 

compared to cells untreated with iron. IR preliminary analysis revealed that A53T oligomers 

induced by iron are characterized by a higher content of random-coiled and β-sheet structures 

than wt αS, and by an overall structural disorder. I supposed that the amminoacidic replacement 

of the alanine (A) with a threonine (T) could in somehow affect the structures of the protein by 

the presence of a steric hindrace or different interactions between the amino acids of the region 

around the mutation. A similar phenomenon has been show to occurs in collagen molecules. 

Mutations which cause the substitution of glycine residue within the repeating (Gly-Xaa-Yaa)n 

triplet pattern of the collagen type I triple helix are the major cause of osteogenesis imperfect 314. 

These collagen molecules display the formation of less ordered structures with a possible 

disruption of the fibril structure, a situation that could have some aspects in common with the 

mutant A53T αS. Recently, replica exchange molecular dynamic simulations (REMD) have been 

performed on both full-length monomeric protein wt and A53T αS in aqueous solution to get 

insights into the secondary and tertiary structural properties as well as free energy landscapes 315. 

The higher propensity of A53T to form protein aggregates appears to be related to the more 

abundant β-sheet content close to the mutation site in the N-terminal region and the lack of 

strong intra-molecular long-range interactions in comparison to the wt αS, leading to the NAC 

region more solvent exposed. These results seem to confirm our preliminary IR measurements. 

Moreover, IR spectra also highlighted that mutant A53T αS is more prone to form complexes with 

iron. The wt αS is characterized by a higher vibrational freedom of CH2 bonds as in presence of a 

weaker interaction with the metal compared to the mutant protein. However, for a better 

understanding about the dynamics and the molecular forces involved in the iron-binding, as well 

as the consequence on both protein structures, the use of additional techniques such as CD 

spectroscopy, dynamic simulation and NMR spectroscopy could be very helpful for clarifying this 

process.  

Successively I investigated the ability of iron-induced oligomers to interact with planar artificial 

lipid bilayer composed by the DOPC, SM and cholesterol and I compared the effect and the lipid-

binding of oligomers vs monomers of both proteins. AFM images revealed that monomeric 

proteins bind lipid membrane in different way. The wt αS seems to interact with both lipid phases 
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(Lα and So) leading to a change in the morphology of raft-like domains which appear to have 

irregular and indented borders, as well as a more pronounced roughness. Moreover, the Lα phase 

shows extensive damage site. It also possible to observed the presence of few aggregates, 

resembling protein aggregates or protein-lipid complexes, mainly localized on rafts, highlighting 

that membrane alone can promote a light protein aggregation. Conversely, the mutant A53T 

seems to interact preferentially with the fluid lipid matrix causing damage sites without affecting 

the ordered domains. However, the presence of this membrane impairment appears to accelerate 

the coalescence of the raft-like domains. Preliminary IR data of the monomers incubated with 

vesicles showed that the mutant A53T is characterized by a high content of β-sheet structure 

compared to the wt that exhibits α-helix content. These results disagree with AFM data, a 

possible explanation being that the protein-vesicles incubation needs more time to promote the 

effect observed in the planar membrane system, which is supported by a solid substrate and lacks 

the curvature of lipid vesicles, a parameter that has been shown to highly influence protein 

binding. There are contradictory results about the mechanisms by which αS binds lipid 

membranes and the resulting effects on membrane structure. Several studies performed with 

vesicles showed that the protein monomer has high affinity for negatively-charged lipid vesicles 

but display no effect on neutral lipids as PC 206. My results are in contrast with some of these data 

because I clearly observed that both proteins interact with the fluid DOPC phase of the 

membrane. 

AFM analysis of iron-induced oligomers interaction with raft-like membranes revealed an 

accumulation of these misfolded structures on the ordered domains, forming protein clusters, for 

both wt and mutant A53T αS. The protein clusters of the mutant species are bigger in terms of 

dimensions and coverage of the membrane area, reflecting the faster rate of aggregation in the 

presence of iron compared to the wt αS. Moreover, IR spectra highlights that wt αS, aggregating 

with lower rate in presence of iron, leaves sufficient amount of metal ions in solution that are able 

to interact with lipid headgroups, resulting in a broadening of phosphate group vibrational peak in 

a way very similar to the IR spectra of membrane incubated only with iron. Controversial data are 

present also for the interaction of αS-oligomers in different kind of model membrane systems. 

Oligomers have been shown to permeabilized negatively-charge lipid vesicles, but this effect have 

not been observed for neutral PC lipid vescicles or mixtures of anionic and zwitterionic 

phospholipids such as POPS/POPC (1:1) and DOPE/DOPS (1:1) 316. A study have showed that αS-

oligomers are able to stabilized pre-existing defects in planar lipid bilayer made by POPC/POPS by 

interacting with the lipid acyl chains at the edges of the defect sites 317. Moreover, cholesterol has 

been shown to promote the interaction with neutral-charge lipid bilayers 318. Generally, several 

mechanisms of membrane damage by oligomers have been proposed, including permeabilization, 
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lipid extraction and pore-formation both in lipid vesicles and planar model membranes of 

different compositions 316,319. 

However, my iron-mediated oligomers does not produced any impairment of the membrane. The 

accumulation on ordered domains has been observed for the Aβ-peptide of Alzheimer’s disease 

on DOPC/DPPC supported lipid bilayer 320. The peptide aggregates when interacting with the 

membrane formed small clusters that localized on raft-like domains 90 minutes after peptide 

addition, showing a similar effect of my αS-oligomers. I supposed that the accumulation of iron-

mediated αS aberrant oligomers on raft-like domains could have a pathological relevance. The 

accumulation of iron in PD brain could lead formation of αS-oligomers which may accumulates on 

raft-domains of plasma membrane affecting the plethora of biological processes regulated by 

proteins enriched in these signaling platforms, firstly the homeostasis of neurotransmitter 

exocytosis. Recent evidences have demonstrated that there is a strong interplay between iron, 

oxidative stress and protein aggregation in neurodegenerative disease 321,322. Moreover, oligomer 

formation induced by metals has been observed even for Aβ-peptide 312. 

Finally, I demonstrated for the first time that iron can promote strong and fast in vitro aggregation 

of both wt and mutant A53T αS, leading to the formation of misfolded aberrant oligomers. The 

mutant form confirmed a better propensity to aggregate due to its mutation which causes 

modification of secondary structure conformation. At the same time, a preferential accumulation 

of these oligomers on raft-like domains of planar model membranes have been observed, 

highlighting a possible role of lipid rafts and iron in the pathology of PD. 
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CONCLUSIONS 

 

The discovery of cell membrane submicrometric domains, referred to as lipid rafts, has 

revolutionized the structural and functional vision of cellular membrane organization in the last 

two decades, moving the focus on the study of the biophysical properties, biological role and 

pathological implications of such dynamic nanodomains. From a structural point of view, lipid 

rafts are enriched in specific lipid species as sphingolipids and cholesterol, and several GPI-anchor 

proteins. They can be imagined as structurally ordered lipid islands with dynamic composition, 

floating in a fluid matrix made by other lipids, operating as active signaling platforms involved in 

protein trafficking and cell-to-cell communication. Moreover, the pathological implication of lipid 

rafts in cancer and neurodegenerative disease has been proposed. However, the concrete 

existence of these membrane structures in living systems as well as the biological mechanisms 

which govern their functions remains elusive. The complexity of in-vivo investigation of lipid raft 

led then to a growing interest in the use and design of artificial membrane models, which mimic 

the structure and composition of biological membranes.  

Here we adopted an AFM-based strategy to investigate the structural features of lipid rafts in 

model membrane systems, with the great advantage to work at the nanoscale in physiological 

environment. We tested two fabrication methods for the production of planar supported lipid 

bilayer (SLBs) of specific lipid composition: drop-casting and direct vesicle fusion, one of the most 

common techniques used in membrane technology. We highlighted the value of drop-casting for 

the fabrication of basic synthetic lipid membranes to study the interaction with artificial 

structures that mimic the extracellular environment, as carbon nanotubes. However, for the study 

of lipid nanodomains we found that the direct vesicle fusion method displays clear advantages, 

one for all the much higher reproducibility of complex SLBs. We produced three-component 

membranes with different relative lipid composition and studied the formation and evolution of 

lipid-raft domains by AFM. We used our most robust and stable model membrane system 

(DOPC/SM 66:33 + 5% Cholesterol) as a reference to further study rafts interaction with 

molecules of high biological/clinical relevance. For the first time, we evaluated the interaction of a 

full-length Prion protein carrying a membrane anchor at the C-terminal (FL-PrPc-MA) with the SLB 

conferming the targeting of raft domains by the protein and highlighting a possible role of lipid-

anchors in the pathological aggregation of PrPc. Then we used our membrane model to 

investigate the role of iron (II) in the interaction between alpha synuclein (αS) and the raft-like 

membrane, demonstrating a strong impact of the metal ions in promoting the oligomeric 

aggregation of the protein and its accumulation in the rafts. We compared the human wild-type 

αS with a mutant αS species (A53T) that causes an inherited early-stage Parkinson’s disease (PD), 
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showing a stronger effect of  iron (II) ions ion the second case. Moreover, by infrared 

spectroscopy we highlighted some structural differences between the aggregates of the two 

proteins and their interaction with lipid rafts, which could be ultimately useful to gain new 

insights for the treatment of this neurodegenerative disorder. Our results pointed out that cellular 

iron poll could be an interesting therapeutic target against the disease 
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FUTURE PERSPECTIVES 

 

In this Ph.D. thesis we mastered model membrane technology applied to the study of lipid raft 

domains and their evolution in interaction with membrane proteins. In particular, we focused  on 

lipidated-Prion protein and on the role of divalent iron ions in promoting pathological, structural 

and functional changes of the main protein related to Parkinson’s disease, alpha synuclein (αS). 

Two manuscripts on these topics are being finalized at present, and will be soon submitted for 

publication. Remaining on the short term aims, a session of fast-scanning, high-resolution AFM 

(Cypher, Oxford Instrument) has been scheduled in two weeks from now, in order to get more 

complete information on the kinetics of iron-mediated interaction of αS with lipid rafts, and more 

hints on the structural nature of the oligomers formed. Also, we plan to study the role of other 

biologically relevant metal ion solutions, with different ionic strength and/or ion size, as copper or 

trivalent iron ions, on αS-model membrane interaction. On the longer term, we plan to face the 

complexity of real life in steps, moving on from model membrane systems to test our iron-

induced oligomers in vitro on cellular membranes, where multiple membrane targets, including 

the ones postulated for αS in mitochondria, can play a relevant role. By means of a multi-

technique, multi-scale approach we will investigate for instance the effects induced by oligomers 

to cells in terms of cytotoxicity, membrane localization and aggregation and potentially lipid 

damage by a combination of AFM and fluorescent microscopy measurements, and will also 

correlate these information with the mechanical stress, measured by means of AFM force-

distance curves. Ultimately, the molecular characterization of oligomers in interaction with cells 

should be correlated with electrophysiology measurements to address their role in cell-cell 

communication.  

 

  

 

 

 

 

 

 

 



95 
 

MATERIALS AND METHODS 

 

Chemicals 

 

18:1 (Δ9-Cis) PC (1,2-dioleoyl-sn-glycero-3-phosphocholine, DOPC), sphingomyelin (brain, porcine, 

SM) and cholesterol (ovine wool, > 98%) were purchased by Avanti polar lipids (Alabaster, USA). 

Chloroform, decane, isopropanol (2-propanol, IPA) and methanol were all provided by Fluka and 

Sigma Aldrich, (Milan, Italy). FeCl2 solution was prepared by dissolving salt powder (Sigma Aldrich) 

in ultrapure 18.2 MΩ·cm water (Milli-Q, Millipore SpA, Milan, Italy), heated at 50 °C in order to 

promote iron solubilization, and subsequently filtered with a sterile syringe-filter (0.22 μm) prior 

to use. 

 

Supported lipid bilayer preparation by drop-casting 

 

Briefly, DOPC, SM and cholesterol powders were dissolved in chloroform, chloroform/decane 1:1 

(v/v), chloroform/methanol 1:1 (v/v) or IPA at the final concentration of 1 mg/mL. Lipid solutions 

were mixed together producing mixtures of different lipid compositions at various molar 

concentrations (DOPC/SM 50:50, DOPC/SM/Chol 40:40:20, DOPC/Chol 2:1). 200 µL of lipid 

mixture were spread onto O2-plasma cleaned glass coverslips of 22 mm2 in dimension used as 

substrate (Hampton Research, CA, USA). Solvent evaporation to promote self-assembly of lipid 

bilayers was carried on in incubator at 30 °C and 80% humidity.   

 

AFM imaging 

 

All AFM images were acquired using a commercially available microscope (MFP-3D Stand Alone 

AFM from Asylum Research, Santa Barbara, CA). Measurements were carried out at room 

temperature working in dynamic tapping mode. For imaging, commercially available silicon 

cantilevers (NSC19, Mikro-Masch, Poland, nominal spring constant 0.6 nN/nm and OMCL-

RC800PSA-1, Olympus Micro Cantilevers, nominal spring constant 0.76 nN/nm,) have been chosen 

for imaging in air and liquid respectively. In both cases cantilevers were used working at low 

oscillation amplitudes with half free amplitude set-point. High resolution images (512 x 512 pixels 

frames) were acquired at 0.6÷1 lines/s scan speed. 

For the investigation of lipidated-PrPc (full length Prion protein carrying a C-terminal membrane 

anchor, FL- PrPc-MA) interaction with lipid raft model membranes, 25 nM of the protein were 

incubated on planar lipid bilayer for 30 min and then AFM imaging were performed. 
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For studying αS interaction with raft-like membranes, 100 µg of iron-induced oligomers and 

protein monomers of human wild-type αS and A53T mutant αS (35 µM) were incubated to 

supported lipid bilayer for 1 h at room temperature (final protein concentration 4.5 µM) and 

imaged by AFM. 

 

AFM data analysis 

 

AFM images were analyzed using Gwyddion, open-source modular program for scanning probe 

microscopy (SPM) data visualization and analysis 323. Results of the AFM topography analysis were 

expressed as mean ± standard deviation (SD) obtained from measurements performed on at least 

three independent membranes (n≥3). Surface roughness was determined as Ra value of the 

height irregularities. Height distributions were fitted using a double Gaussian function using Igor 

Pro software (Wavemetrics, US). For the analysis of the size distribution αS aggregates (see 

paragraph 9.1) the grain analysis macro of Gwyddion software was used. To select the protein 

aggregates the software uses a threshold in Z and masks in this way all the particles below or 

above the selected threshold. The threshold chosen for all the images has been chosen manually 

image by image. The subsequent analysis of the height distribution is therefore limited by this 

threshold values. 

 

MWCNTs preparation 

 

MWCNTs characterized by 20÷30 nm in diameter (Nanostructured & Amorphous Materials, Inc.) 

were used as received and substrates were prepared as described previously 279,280. Briefly, 

MWCNTs were functionalized using 1,3-dipolar cycloaddition with heptanal and sarcosine at 130 

°C for 120 h in dimethylformammide (DMF) as solvent. The DMF solution of functionalized 

MWCNTs (0.01 mg/mL) was spread to uniformly layer the entire glass coverslip and let to 

evaporate at 80 °C. Then the substrates were heated up at 350 °C under nitrogen atmosphere to 

induce the complete re-pristinization of MWCNTs.  

 

Artificial membranes on MWCNTs 

 

Artificial membranes were prepared by drop-casting method as previously described in this 

chapter. Briefly, DOPC and cholesterol powders were dissolved in chloroform at 2:1 molar ratio at 

a final concentration of 100 μM. 100 μL of lipid solution were deposited on a glass coverslip, used 

as control, and on MWCNTs substrates supported by the same glass coverslip. Solvent 



97 
 

evaporation was performed at 30 ° C, 80% humidity. Membrane was rinsed in Milli-Q H2O, dried 

gently with a nitrogen flux and mounted on metallic plates using epoxy glue for subsequent AFM 

imaging.  

 

Raman spectroscopy 

 

The Raman spectroscopy measurements were performed in the reflection geometry. A 532-nm 

continuous-wave laser (Cobolt Samba, 50 mW, bandwidth 1 MHz) was used as excitation source. 

The beam was focused on the sample by a 100× air objective (NA 0.8, EC EpiPlan, Zeiss) resulting 

in a diameter of laser spot of about 0.5 μm. A 532-nm RazorEdge Dichroic™ laser-flat beam-

splitter and a 532-nm RazorEdge® ultra-steep long-pass edge filter was used to direct the light 

into microscope and cut Rayleigh scattered light, respectively. The laser power on the sample was 

controlled by the neutral density filter (Thorlabs) and kept at 100 μW. The acquisition time in all 

experiments was 60 s. All Raman measurements and analysis were performed by CNR-IOM (TASC 

Laboratory, Basovizza, Trieste, Italy). 

 

Lipid vesicles preparation and supported lipid bilayer formation 

 

For the production of supported lipid bilayer by vesicle fusion I have followed the procedure 

described by Oropesa-Nuñez and colleagues 324, with some modifications. Briefly, DOPC, SM, 

cholesterol and GM1 powders were dissolved in chloroform at the final concentration of 1 

mg/mL. Lipid solutions were mixed at various molar ratio according to the desire composition, 

and gently evaporated under nitrogen flux. Samples were placed under vacuum overnight in order 

to completely removed solvent residues and resuspended in Milli-Q H2O at a lipid concentration 

of 1 mg/mL to form multilamellar vesicles (MLVs). MLVs were left to swell for 1 h at 60 °C and 

then extruded 51 times through a polycarbonate membrane with 100 nm pores using a 

commercial extruder (Avanti Polar Lipids) at the same temperature, to form large unilamellar 

vesicles (LUVs). After cooling at room temperature, LUVs were diluted 10 fold with Milli-Q H2O. 

Then, 90 μL of each suspension and 10 μL of a 50 mM CaCl2 solution were deposited onto a 1 cm2 

of freshly cleaved mica substrate attached to AFM liquid chamber by ultrafast glue. In order to get 

uniform bilayer coverage, the samples were stored 15 min at room temperature and then AFM 

chamber was completely filled with Milli-Q H2O. After 1 h, membrane was gently rinsed three 

times with Milli-Q H2O to remove excess vesicles from the liquid sub-phase before AFM 

measurements. 
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Prion protein purification and membrane-anchor ligation 

 

Membrane-anchored Full-length Prion protein (residues 23-231, FL-PrPc-MA) were produced by 

the group of Prof. C. F. W. Becker (University of Wien). PrPc were expressed and purified 

according to the protocol described by Olschewski and colleagues 304. The procedure for the 

production of FL-PrPc-MA is described in the study performed by Chu et colleagues 301 .  

 

αS expression and purification 

 

Expression and purification of αS was performed by the group of Prof. Giuseppe Legname (SISSA, 

Trieste, Italy). Briefly, the overexpression of αS was obtained by growing bacterial E.Coli cells in 

100 µg/mL ampicillin containing Luria-Bertani broth at 37 °C until an OD(600) of about 0.6 

followed by induction with 0.6 mM isopropyl ß-thiogalactopyranoside for 5 h. The purification was 

performed according to the method of Huang et collagues 325, with some additional modifications.  

Briefly, the cell pellet from 1 L culture was resuspended in 100 mL osmotic shock buffer (30 mM 

Tris-HCl, 40% sucrose, 2 mM ethylenediaminetetraacetic acid disodium (EDTA), pH 7.2) and 

incubated for 10 min at room temperature. The pellet collected by centrifugation (9000 rpm, 20 

min, 4 °C) was resuspended quickly in 90 mL cold water followed by the addition 37.5 µL of 

saturated MgCl2 and incubated on ice for 3 min. The supernatant containing periplasm proteins 

was collected by centrifugation (as before) and brought to 20 mM Tris pH 8 (adding 2 mL 1M Tris 

pH 8, 8 mL cold water for 100 mL solution). The solution was boiled for 10 min and centrifuged (as 

before). The supernatant was collected, incubated on ice and proteins were precipitated by 

addition of 35% of ammonium sulfate (19.4 g of ammonium sulfate for 100 mL of solution) (1st 

precipitation step). The solution was centrifuged and followed by the addition of 55% of 

ammonium sulfate (11.8 g for 100 mL of solution) (2nd precipitation step). The pellet containing 

α-synuclein was collected by centrifugation and dialyzed overnight against 20 mM Tris pH 8 

buffer. Each purification step was analyzed by SDS-PAGE. After centrifugation at 9000 rpm for 20 

min, the protein was filtered with a 0.22 µm syringe filter (Millipore) and loaded onto a Q-

Sepharose Fast Flow column (GE Healthcare) and eluted with 0÷500 mM NaCl gradient in 60 min. 

Protein purification was performed using AKTA Purifier chromatography system (GE Healthcare). 

The elution fractions were analyzed by SDS-PAGE. Fractions containing only 15 kDa band 

corresponding to αS protein were collected for overnight dialysis against water. Finally, the 

protein was quantified using absorbance at 280 nm, aliquoted, lyophilized and stored at -80°C. 
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In vitro aggregation of αS and AFM protein characterization 

 

In order to study iron-mediated aggregation of human wild-type αS and the mutant A53T αS, 100 

µg of each αS protein (35 µM) were mixed with 2 mM FeCl2 or Milli-Q H2O for the control. Protein 

solutions were incubated at 37 °C under shaking for 1 hour. 10 µL of protein solution were spread 

onto 1 cm x 1 cm piece of freshly cleaved mica, left to incubate for 5 min, gently rinsed 3 times 

with Milli-Q H2O, dried with a stream of nitrogen, and successively analyzed by AFM in air at room 

temperature.  

 

FTIR-ATR spectroscopy measurements 

 

For the first experiment, 10 μg of iron-induced oligomers of human wild-type αS and the mutant 

A53T species (prepared as previously reported) were diluted in 200 μL of Milli-Q H2O. For the 

second experiment 60 μg of large unilamellar vesicles (LUVs) composed by DOPC/SM (66:33) + 5% 

cholesterol were mixed with 10 μg of iron-induced oligomers of both proteins, and incubated for 

1 h at room temperature. Same procedure at the same experimental conditions was repeated for 

both protein monomers. For the control, 60 μg of LUVs were incubated in Milli-Q H2O or 0.2 mM 

FeCl2 salt solution for 1 h at room temperature.  

For each experiment, 200 μL of sample solution were spread over the whole area of a trapezoidal 

germanium ATR plate and left to dry forming a thin film of the sample. The crystal is 

50mm×10mm×2mm wide with an incidence angle of 45° yielding 25 internal reflections. 30 

repeated spectra were acquired for monitoring the complete drying of the sample. Every 

spectrum was collected at 2 cm-1, repeating 256 scans in the range 4500÷400 cm-1. 

A water jacket connected to a circulating thermalized bath was placed in contact with the 

aluminium plate holding the IRE crystal in order to perform the heating up and cooling down 

cycles. A cycle of thermal analysis was performed by an ascending ramp from 20 to 90 °C degrees 

and a descending one from 90 °C to 20 °C degree, collecting a spectrum every 5 degrees. 

Additionally, the temperature was controlled by a thermocouple placed on the IRE. The 

experiment was carried out in duplicate at room temperature. Considering that germanium 

crystal changes its refraction index depending on the temperature, it was necessary to perform a 

thermal cycle of the clean germanium crystal with the same conditions described for the sample 

in order to correctly subtract the background from the spectra at temperature of working (room 

temperature). Measurements were performed at SISSI (Synchrotron Infrared Source for 

Spectroscopy and Imaging, Elettra-Sincrotrone Beamlines, Basovizza, Trieste, Italy) 
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ATR-IR data collection and analysis  

 

For all experiments, the measurements were acquired by a Bruker Vertex 70 equipped with RT-

DLaTGS detector. The data-sets collected was previously treated by means of Bruker software 

OPUS 7.5. All the sample spectra were baseline-corrected subtracting the spectra collected at the 

relative temperature of the clean germanium crystal used for every experiment. 
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APPENDIX 

 

A. AFM analysis of extracellular vesiclesf 

 

Extracellular vesicles (EVs) are small phospholipid vesicles (< 1 µm) naturally released by cells in 

the surrounded environment, ensuring the transport of molecules such as proteins and genetic 

materials. EVs mediate communication between cells and have been proposed as biomarkers for 

a variety of diseases. The most promising two classes of EVs are exosomes (EXOs) and 

microvesicles (MVs). EXOs are characterized by dimensions in the range of 30-150 nm and 

originate from the endosomal system of cells. MVs are bigger in dimensions (100-1000 nm) and 

are produced from the budding of cell plasmamembrane. EXOs are considered the most 

interesting EVs for their potential application in nanomedicine as therapeutic agents in 

regenerative medicine, drug-delivery and immune therapy, especially in cancer 326. Several studies 

have shown that, in tumor models, cancer cells release EXOs promoting immune suppression and 

metastasis 327. Moreover it has been demonstrated that EXOs carry specific markers for most 

types of cancerous tumors and could hence be used as an early diagnostic tool 328–331. However, 

due to the heterogeneity and complexity of their origin and composition, the mechanisms by 

which these EVs carry out their functions is still unknown. Moreover, their quantification as well 

as their biophysical and biochemical properties remains a challenge as a result of the absence of 

methodological standards for their characterization. 

In this framework, we addressed the advantages of AFM for the morphological characterization of 

EXOs, focusing on different EXO-immobilization strategy for AFM bio-imaging, with the aim to 

measure EXO-size distribution. At the same time, we proposed physical explanations for the 

artifacts both deriving from sample preparation procedures and intrinsic to the measurements, 

showing how to obtain reliable vesicle size distributions with AFM. In Fig. 63 the schematic 

representation of the typical experimental workflow is reported. EXOs can be obtained by 

biosamples and/or cell cultures. These vesicles are extracted and isolated from the extracellular 

medium or directly from the biofluid of interest. Most common methods for EXO isolation are size 

exclusion chromatography, ultracentrifuge, particle precipitation, cross flow and diafiltration 332–

336. After the isolation, EXOs are deposited on the substrate such as mica or glass and analyzed by 

AFM.  

______________________________________ 

f 
P. Parisse, I. Rago, L. Ulloa Severino, F. Perissinotto, E. Ambrosetti, P. Paoletti, M. Ricci, A. P. Beltrami, D. 

Cesselli, L. Casalis. “Atomic force microscopy analysis of extracellular vesicles”. Eur Biophys J. 2017. 
46(8):813-820. 
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Figure 63. Schematic experimental workflow for EXOs purification and AFM characterization. From Parisse et al, 2017 

337
. 

 

We focused on the EXO-immobilization step on the surface prior AFM imaging. Surfaces for bio-

imaging has preferentially to be very flat (roughness < 0.5 nm) and with some residual charges to 

enhance the vesicle attachment. Among the available substrates, muscovite (mica) represents a 

very good material because after the cleavage it is atomically flat and negatively charged allowing 

EXOs to remain attached to the surface also after washing treatment with pure water or buffer 

and drying with nitrogen flux for AFM imaging in air. Increasing the incubation time of EXOs on 

mica makes possible to perform even AFM imaging in liquid solution 338–340. 

Typically, AFM analysis performed in air in amplitude modulation mode results in EXO-height 

distribution in range from 1-2 nm to 15-20 nm and lateral width of 30-200 nm 341–345. We 

performed AFM imaging in air of SKBR3-derived EXOs deposited on mica. Topography analysis of 

EXOs (Fig. 64a) shows that these vesicles have a donut-shape, being present a central collapsed 

region that appears almost as dark as the mica surface around it. This effect is manly imputed to 

the mechanical perturbation produced by the AFM tip and this effect is more pronounced when 

increasing the applied force during the AFM measurements. In order to preserve the shape of 

EXOs while imaging them in air, fixation with glutaraldehyde and paraformaldehyed (PFA) has 

been reported for the analysis of EVs 346,347. In Fig. 64 b, we reported AFM image taken in our 

group of SKBR3-derived EXOs fixed with 4% PFA and analyzed in the same previous conditions. 

After the fixation the vesicles appear more spherical with the respect to the non-fixated ones.  
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When vesicles are measured in liquid environment, the spherical shape is maintained and height 

values in the range of 10-100 nm are measured. In Fig. 64 c, AFM imaging of SKBR3-derived EXOs, 

spotted on plasma-cleaned glass and measured in PBS is reported.  

 

 

 

Fig 64. AFM topographic images of SKBR3-derived EXOs obtained following different preparation methods. (a) EXOs 

spotted on mica, dried with nitrogen flux and imaged in air. (b) EXOs spotted on mica, fixed with 4% PFA dried with 

nitrogen flux and imaged in air. (c) EXOs spotted on plasma-cleaned glass and imaged in PBS.  

 

The specific drying procedure is a critical step because can create artifacts giving AFM topographic 

values in air which differ from those obtained during the analysis in liquid buffer. Generally, a 

gentle drying by a stream nitrogen or leave solution to naturally evaporate on substrate has been 

demonstrated to better preserve the shape of the vesicles 348,349. The effect of tip convolution 

should be taken into account for the assessment of the lateral vesicle size in both air and liquid 

AFM imaging. This effect is reflected in a broadening of the surface features and it is particularly 

important during the analysis of size distribution of tumor-derived or healthy vesicles which can 

be different as already observed 350. In addition to the size variability, tumor and healthy vesicles 

even diverge for the mechanical properties (stiffness and adhesion) 338. 

In conclusion we presented here an overview of AFM-based characterization of EVs, reviewing 

difference conditions of immobilization and imaging of the vesicles. We evidenced the important 

of operating in liquid buffer to better preserve the physical properties of the vesicles and to 

obtain significant size distributions. In this context, AFM represents an optimal choice for the 

collection of the biophysical properties (size distribution, morphology, mechanical properties, 

biomolecular load) of exosomes derived from specific subpopulations of cells. 

 

Materials and Methods 

 

AFM imaging in air in amplitude modulation mode were performed on NT-MDT Solver Pro, spring 

constant 2 N/m, resonance frequency ≈70 kHz, amplitude ≈50 nm. AFM imaging in liquid buffer in 

amplitude modulation mode were performed on MFP-3D Asylum Research, spring constant 0.1 

N/m, resonance frequency ≈32 kHz, amplitude ≈30 nm.     
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B. AFM analysis of the intimate interaction of interfaced-nanostructured CNTs 

substrates with the cell membrane 

 

Extracellular matrix exerts a key role in driving and promoting cellular phenotype destiny by 

chemical and/or morphological contributions. An example of the role of ECM in modulating 

cellular phenotype is the calcific aortic valve disease (CAVD) which is strongly correlated to 

variations in ECM morphological and mechanical properties.  

In this framework, in collaboration with my colleagues, Luisa Ulloa Severino and Ilaria Rago, we 

started investigating such aspect interfacing porcine aortic valve interstitial cells (pVICs) to 

nanostructured substrates that mimic morphologically the ECM. We took advantages of 

innovative nano-materials as multi-walled carbon-nanotubes (MWCNTs) carpets directly grown 

on supporting slides allowing for the first time to perform simultaneously both AFM imaging and 

fluorescence microscopy assay. These new materials were produced developing a novel strategy 

based on the chemical vapor deposition (CVD). CNTs have been shown to be very promising 

nanostructured materials for the development of bioelectronics components for novel neural 

interfaces. A role of CNTs in the improving of axon growth have been proposed when used to 

interface neuronal cells. Moreover it has been shown to enhance the synaptic connections 

between neurons. More precisely, the extracellular environment, when artificially reconstructed 

by MWCNTs, induced synaptogenesis in cultured hippocampal neurons during early network 

formation. Enhancing cell-to-cell communication, the idea of direct and intimate contribution of 

CNTs in regulating cell membrane processes and properties by mimicking the ECM has been 

grown in the last years. Previous work by the group of Prof. Laura Ballerini (SISSA, Trieste, Italy) 

and co-workers had already hypothesized that a pinching phenomenon took place between 

plasma membrane and CNTs decorated substrates when neurons are cultured above them 351. In 

this contest, my experimental work aimed in the visualization of the inner side of pVICs grown on 

flat glass controls or on nanostructured MWCNTs substrates. Cell membranes on both substrates 

were obtained via osmotic shock protocol and analyzed by AFM in liquid in order to image the 

cytosolic side of the membrane. In Fig. 64 preliminary results of AFM images on patches attached 

on both substrates are reported. From height profiles (Fig. 65 B-D) it is possible to see that the 

basal membrane patches placed on glass (Fig. 65 A) appear, as easily predictable, totally flat 

without any appreciable protrusion through it while the basal membrane adhering to the CNTs 

(Fig. 65 C) follows the nanostructured substrate morphology.  
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Figure 65. Characterization of interaction between basal membrane and CNTs of VICs. AFM images of VICs basal 

membrane (A) on glass and (C) on CNTs with their respective line profile (B-D). 

 

In order to highlight possible membrane piercing by the substrate we prepared the same samples 

for electron microscopy investigation. Scanning electron microscopy (SEM) images of pVICs basal 

membrane patches stuck on both substrates are reported in Fig. 66 . In the enlarged image of Fig. 

66 B, right, it is clearly visible how a CNT below the plasma membrane cross it completely (red 

arrow).  

 

Figure 66. SEM images of VICs basal membrane grown (a) on the glass and (b) on CNTs.   
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Materials and Methods 

 

pVICs Squirting assay 

 

Cells were plated on both substrates (glass and MWCNTs carpets) at a confluence of 5.0 x 105 

cells. Before seeding, all the substrates were washed with ethanol and plasma cleaned. After 72 

hours, the cells were subjected to osmotic shock to obtain the basal cell membrane using a 

protocol described previously by Ziegler et colleagues (REF). Briefly, the cells were washed with 

ice cold 20 mM PIPES, 150 mM KCl, pH 6.2, incubated in hypotonic buffer (4 mM PIPES, 30 mM 

KCl, pH 6.2) for 3 min on ice and subsequently squirted using 5 mL of the same buffer through a 

25-gauge needle. Incubation in high salt was done in 2 M NaCl, 2.7 mM KCl, 1.5 mM KH2PO4, 1 

mM Na2HPO4, pH 7.2 for 30 min at room temperature in order to removed cytoskeleton. The 

samples were then fixed in 4% PFA and washed 3 times in PBS. 

 

AFM analysis 

 

AFM imaging was performed to visualized and characterize the thickness and morphology of 

pVICs basal cell membranes. The AFM images were acquired using a commercially available 

microscopy, NT-MDT Smena (NT-MDT, Russia) mounted on Inverted Research Microscope Eclipse 

Ti, Nikon (Nikon Corporation). All AFM measurements were carried out at room temperature 

working in tapping mode in air using commercial cantilevers (HQ:NSC36/C from MikroMasch Co. - 

Tallinn – Estonia, resonance frequency  65 kHz, force constant 0.6 nN/nm). 512 × 512 pixels 

images were acquired at 0.3 lines/second scan speed. Gwyddion software (www.gwyddion.net) 

was used to analyze AFM images. 

 

Scanning electron microscopy (SEM) imaging 

 

Before Field Emission Scanning Electron Microscopy (FE-SEM), a lightweight gold evaporation at 

control (Glass) was performed, while no pretreatment was carried out to CNTs because they were 

already conductive. FE-SEM imaging was performed on the as-produced CNTs using a Gemini 

SUPRA 40 SEM (Carl Zeiss NTS GmbH, Oberkochen, Germany) operating at an accelerating voltage 

of 3 keV. 
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